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Preface to ”Metabolites from Phototrophic
Prokaryotes and Algae Volume 2”
Algae (here including phototrophic prokaryotes) are a polyphyletic collection of aquatic 
organisms, with an enormous diversity in terms of form and function. Ubiquitous in fresh and 
marine environments, their contribution to global primary production approximates that of terrestrial 
organisms, and their role in regulating carbon and nitrogen cycles is essential to maintaining life on 
our planet.
In addition to the important ecological role that algae play in global carbon and nitrogen cycles, 
these organisms are increasingly emerging as being important in biotechnology. Their ability to fix 
carbon through photosynthesis, their high productivities compared to plants and the production of 
some unique groups of metabolites make them an attractive proposition to fulfilling the drive towards 
a sustainable and low carbon bio-based circular economy.
However, our understanding of metabolism and metabolite production in algae currently lags 
behind that in plants. From an ecological perspective, the better understanding of metabolic 
pathways and metabolite production (both intracellular and extracellular) will lead to an improved 
understanding of the role of algae in cycling elements within aquatic environments, and to improved 
assessments of aquatic primary production. Additionally, from a biotechnological perspective, a 
better understanding will lead to improved yield and the ability to manipulate algal growth for 
bio-production purposes. There is also potential to apply our understanding in the manipulation 
of metabolite pathways, and production to plant and other non-plant systems.
From both an ecological and biotechnological perspective, we need an improved understanding 
of acclimation and adaptation strategies to both abiotic (e.g., nutrients, light, temperature and 
salinity) and biotic factors (e.g., microbial consortia interactions, predator-prey interactions and 
bacterial/viral infection). In particular, we need an improved understanding of shifts in the allocation 
between primary and secondary metabolism and metabolites, and on carbon and nitrogen allocation.
This book represents research papers based on metabolomics, to improve the knowledge of 
metabolome and metabolism in algae, with a focus on carbon and nitrogen resource allocation. 
It also describes many bioanalytical techniques and emphasizes their usefulness in microalgal 
biotechnology. Other aspects from an ecological, biotechnological and waste-water remediation 
perspective are also covered. Numerous references are enlisted for those who wish to go further. 
We hope that this book will be useful for students, researchers, and lecturers.
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Abstract: Currently, the energy required to produce biofuel from algae is 1.38 times the energy
available from the fuel. Current methods do not deliver scalable, commercially viable cell wall
disruption, which creates a bottleneck on downstream processing. This is primarily due to the
methods depositing energy within the water as opposed to within the algae. This study investigates
ultraviolet B (UVB) as a disruption method for the green algae Chlamydomonas reinhardtii, Dunaliella
salina and Micractinium inermum to enhance solvent lipid extraction. After 232 seconds of UVB
exposure at 1.5 W/cm2, cultures of C. reinhardtii (culture density 0.7 mg/mL) showed 90% disruption,
measured using cell counting, correlating to an energy consumption of 5.6 MJ/L algae. Small-scale
laboratory tests on C. reinhardtii showed bead beating achieving 45.3 mg/L fatty acid methyl esters
(FAME) and UV irradiation achieving 79.9 mg/L (lipids solvent extracted and converted to FAME
for measurement). The alga M. inermum required a larger dosage of UVB due to its thicker cell wall,
achieving a FAME yield of 226 mg/L, compared with 208 mg/L for bead beating. This indicates that
UV disruption had a higher efficiency when used for solvent lipid extraction. This study serves as
a proof of concept for UV irradiation as a method for algal cell disruption.
Keywords: microalgae; cell disruption; ultraviolet light; biodiesel; Chlamydomonas reinhardtii;
Dunaliella salina; Micractinium inermum
1. Introduction
Algal biofuels are the subject of large investment and a great deal of interest due to the promise
of renewable, affordable, sustainable energy. Thus far, no company has achieved the full commercial
potential that microalgae promise as a fuel source. Current processes to produce conventionally usable
fuel from algae require numerous conversion steps. In particular, production of biodiesel from algae is
severely limited due to the energy associated with cell disruption and lipid extraction. These processes
can account for up to 26.2% [1] and 52% [2] of the energy input, respectively. The consequence is
that the energy derived from the fuel is less than the external energy input required to process the
algae [3]. Optimisation of algal cell disruption is thus an important step in the processing of algae
for biochemical extraction, especially in biofuel applications [4]. Whilst various methods achieve cell
disruption, they scale poorly on an industrial level. A low cost, scalable method for disruption is
still sought. Such a technique would need to be low-energy, low-cost, continuously operable and,
importantly, maintain the quality of the desired compounds extracted.
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Conventional disruption techniques used to lyse algal cells ready for processing, such as
homogenisation, microwave, sonication and bead milling, have a high associated energy cost and
remain relatively expensive [5,6]. Techniques that disrupt algal cells must rupture the rigid cell wall in
order to extract the commercially interesting compounds such as lipids and proteins. Additionally,
these traditional techniques do not have the same disruption efficiencies on all species. Algae such as
Chlorella vulgaris possess a thick cell wall which is highly resistive to mechanical stress, and as such,
bead beating is less effective [7].
Lee et al. [8] compared five different methods, (including autoclaving, bead-beating, microwaves,
sonication and a 10% NaCl solution) for cell disruption and concluded microwaves were the most
effective method as this led to the largest lipid content extraction (44 mg/L). Unfortunately, the energy
consumed amounted to 420 MJ per kilogram of dry algal mass which is a factor of over 4 times that
of homogenisation [5]. This technique also proves difficult to optimise as the microwave energy is
wasted on heating the extracellular water in the culture medium. Lee et al. [5] also compared bead
milling, a simple technique for cell disruption. Beads are added to a culture, which is then vigorously
shaken causing collisions between cells and beads; the beads erode the cell surface and cause lysis.
This is slightly less effective than microwaves at cell disruption and higher in energy consumption at
504 MJ per kilogram of algal dry mass [5].
Many cell disruption methods deposit energy in the water rather than within the algae and are
thus difficult to scale commercially. Bead beating is limited by losses due to viscous heating; microwave,
sonication and other physico–thermal methods are limited by heating the water. Thus, this research
explores the development of a low energy method to disrupt algal cells using ultraviolet (UV) light.
The short wavelength, high energy photons of ultraviolet B (UVB) and ultraviolet C (UVC) can
lead to significant cell damage and are the most damaging wavelengths of UV light [9,10]. Ultraviolet
A (UVA) is less effective, causing indirect damage to cells through the production of reactive oxygen
species that may damage DNA, proteins and lipids [10]. UVB and UVC cause direct DNA damage
through absorption of photons by DNA bases, resulting in chemical quenching and the formation of
pyrimidine dimers in the sequence [11].
Few if any studies, to our knowledge, have looked at the effect of high intensity UV radiation for
cell lysis, especially for the extraction of chemicals. Moharikar et al. [12] did study the effectiveness
of UVC to induce apoptotic or necrotic pathways, but not from a biotechnological viewpoint.
They conclude that UVC causes apoptotic and necrotic pathways in C. reinhardtii following sufficient
exposure to UVC. Furthermore, although high doses of UV light lead to cell lysis, its use as a method
of cell disruption in algae for lipid extraction has not received significant interest.
1.1. Cellular Signalling after Ultraviolet Irradiation
UV light induced cell lysis is due to the absorption of UV radiation by DNA, RNA, protein and
lipids which can lead to structural damage and signalling/metabolic disorder [9]. DNA replication
may be defective following UV exposure if the correct repair does not take place and may lead to
mistakes in transcription and translation which result in protein synthesis with incorrect sequencing
and misfolds [11]. DNA damage can be repaired after initial exposure; photorepair will occur if
the algae are placed back into natural light, through the enzyme cyclobutane pyrimidine dimer
photolyase [11]. In the work presented here, algae were stored in the dark following irradiation in
order to reduce photorepair and maximise disruption. At low UV doses this repair mechanism can
prevent lysis [11]. Additionally, other DNA repair methods such as excision repair and recombination
repair are possible but cannot be prevented by dark storage [9]. At industrial scale, a sufficiently
high dosage would avoid any repair that cells could undergo as they would be irreparably damaged.
For instance, at 300 s at 9 (UVA) and 1.5 (UVB) W/cm2 irradiation, cell counts before dark storage
(data not presented) indicated approximately the same number of non-viable cells counted 24 h later.
The cellular signalling cascade that leads to cell death following UVB exposure is complex
and has not been fully investigated in algae. UVB radiation causes the formation of pyrimidine
2
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dimers in DNA which often lead to mutation of a cell’s genome. In mammalian cells, and shown
here in algal cells, if sufficient mutations occur the cell may lyse through necrosis or apoptosis
(see Figure 1); two pathways that operate differently but ultimately lead to cell death [13]. It has
been previously shown that algae have a similar process [14]. Under intense trauma, the cell
undergoes necrosis, the uncontrolled release of intracellular components. Cells which undergo this
premature death rupture, and this is usually caused by mutations in genes which regulate key cellular
processes. In contrast, apoptosis involves the regulated release of intracellular components and
DNA fragmentation. It is often called programmed cell death due to its highly regulated nature and
is activated if sufficient DNA mutations occur in particular genes. During apoptosis cells “pack”
intracellular components into apoptotic bodies which are then released into the culture medium;
some of which have high lipid content and can be referred to as lipid bodies.
Figure 1. UV induced necrosis and apoptosis of C. reinhardtii cells visualised using Olympus BX50
microscope, 50× objective. Control image of no irradiation of a normal cell. UVB intensity at 1.5 W/cm2
for 300 s (equivalent to 450 J/cm2 UVB) for both necrosis and apoptosis. A 3 mL sample of C. reinhardtii
in a quartz cuvette was exposed to 300 s of irradiation at 9 W/cm2 UVA (320–395 nm) and 1.5 W/cm2
UVB (280–320 nm) at a path length of 3 cm using a BlueWave 75 UV Curing Spot Lamp.
In this work, the structural markers of apoptosis, necrosis and lipid bodies can be visualised
using light microscopy and were present during cell counting experiments (see Figure 1). Mutations
arising from UV radiation can elicit both necrotic and apoptotic pathways due to the random nature
of base mutation. Importantly, the mechanism of cell death initiated by UV radiation should work
consistently with any species of algae, as it attacks an organism’s DNA. There will be varying degrees
of effectiveness due to different cellular characteristics and some species may have developed more
complex defences to UV. However, given a sufficiently high UV dose these defences can be overcome.
1.2. Ultraviolet Light Compared to Conventional Disruption
Ultraviolet light as a method for algal cell disruption is a non-mechanical technique which differs
from most conventional methods. There are other disruption techniques that utilise non-mechanical
means such as chemicals, enzymes or microwaves but ultraviolet light is particularly effective because
3
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it targets DNA specifically, effectively shutting off an organism’s ability to function [13]. Additionally,
water is highly transparent to UVB and hence no energy is wasted in treating the water; only the algae
are affected [15].
This technology is readily scalable as UV sterilisation for water treatment is commonly employed
on a commercial scale, with 8000 municipal systems currently operational; the largest of which is
situated in the USA, sterilising 2.24 billion gallons per day [16].
Irradiating a non-dewatered culture of algae for disruption could be as simple as running a culture
past a large UV source. This could be optimised by controlling the flow rate and maximising surface
area through the use of mirrored surfaces and large surface area plates. Another example of industrial
UV treatment of water is the bottled water industry which requires as little as 10 kWh per million
litres [17].
The use of ultraviolet light as a method of cell disruption on algal cells is explored here.
Three species with contrasting cell wall characteristics (C. reinhardtii, D. salina and M. inermum)
were irradiated with UV light at various durations to determine cell disruption efficiency via
light microscopy. D. salina lacks a cell wall, C. reinhardtii has a reasonably durable multi-layered
glycoprotein-based cell wall and M. inermum has a thick cell wall [18,19]. Lipid extraction using
solvents and transesterification on irradiated samples was also undertaken as a suitable measurement
method to translate product yields to cell disruption.
2. Results and Discussion
2.1. C. reinhardtii Irradiation
Following irradiation, morphological changes to C. reinhardtii cells were apparent and showed
that the majority of cells were no longer viable at the longer exposure durations. In particular, loss of
a well-defined cell wall at the boundary between the cell and extracellular media indicated cells were
not viable and damaged beyond repair. Often cells appeared as clusters of beads which is most likely
an indication of the formation of apoptotic bodies (Figure 1). Trypan blue was used as a stain, thereby
identifying cells with compromised walls, though sometimes cells were not stained but were no longer
viable due to fragmentation.
Viable and non-viable cell counts were not possible with the trypan blue stain as it did not always
bind to cells. Thus, an effort was made to only count cells as non-viable if it was unmistakable as not
to overestimate the efficacy of UV disruption. Additionally, most intact cells were swollen, indicating
a loss of osmotic control leading to an influx of surrounding media, perhaps due to cell wall damage
or even a critical mutation in the cells homeostatic regulatory genes.
Highly bleached cells indicative of a loss of chlorophyll were also present. Both swollen
and bleached cells were likely non-viable due to imminent cell lysis through accumulation of
damage beyond repair. However, it should be noted that in general, morphological changes were
distinct enough to rule out any concern over bias reporting; Figure 1 shows unstained cells with
distinct changes.
At higher exposure times of 150 s and more so at 300 s, a large amount of cell debris was present
which indicated many cells had broken apart completely. This is likely due to cells undergoing necrosis
or apoptosis, as can be seen in Figure 1.
C. reinhardtii cells were compared at different growth phases to determine if there was
a difference in UV cell disruption efficacy. Experiments with C. reinhardtii in stationary phase showed
an exponential decrease in cell viability as exposure time increases, as shown in Figure 2. Lysis of 50%
of the cells occurred at 71 s and 90% occurred after 232 s (equivalent to 348 J/cm2 UVB).
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Figure 2. Relative cell viability of C. reinhardtii at various exposure times to ultraviolet light in the
stationary and active growth phases. Stationary phase n = 1, log phase n = 3. Error bars represent the
range for log phase. Control at 0 s of irradiation. UVB intensity at 1.5 W/cm2. Carried out as described
in Materials and Methods. Culture densities approximately 0.7 mg/mL dry weight.
A log phase C. reinhardtii culture under UV irradiation had a severe decline in cell viability with
increasing exposure time. In this case, there was a prompt initial decline in cell viability as seen
in Figure 2. Here 50% of algae cells were non-viable after 34 s and 90% after 127 s (equivalent to
190.5 J/cm2 UVB).
The more severe decline of log phase cells compared to stationary phase may be due to increased
vulnerability of algal DNA during cellular fission, although this has not been investigated by the
scientific community thus far.
2.2. D. salina Irradiation
Viable and non-viable cells of D. salina were more distinguishable between one another than
C. reinhardtii cells. Once again clusters of apoptotic bodies, swollen cells and a loss of a well-defined
cell wall were visible, as seen in UV exposed C. reinhardtii. However, it was not possible to use trypan
blue as a stain as it became apparent it had low miscibility with the saline media and unfortunately
caused non-viable cells to aggregate.
The lack of a suitable stain proved insignificant as the cellular markers for viability were evident.
D. salina cells are typically bright green and resemble a tear drop. They also are highly motile,
and possess large flagella. These marked characteristics are easy to recognize and any changes due to
UV radiation were distinct. After exposure, cells were more spherical and at high exposures there was
a discernible reduction in motility, often rendering them non-motile. Increased cell debris was present
at high exposure times as in the case of C. reinhardtii, indicating many cells have been completely
destroyed and thus do not show up in cell counts.
D. salina was irradiated in its stationary phase and Figure 3 shows the relationship between UV
exposure and cell viability. Viability was similar to that of C. reinhardtii, with D. salina appearing
marginally more susceptible to UV radiation.
5
Metabolites 2018, 8, 65
Figure 3. Relative cell viability of D. salina at various exposure times to ultraviolet light in the stationary
phase. n = 3. Error bars represent the range. Control at 0 s of irradiation. UVB intensity at 1.5 W/cm2.
Carried out as in Materials and Methods. Culture densities approximately 0.7 mg/mL dry weight.
It was anticipated that D. salina would be far more susceptible to UV radiation than C. reinhardtii
due to the difference in cell wall chemistry. However, due to the mechanism of UV disruption, cell wall
characteristics may not affect its disruption efficacy. UV light does not need to interfere with the cell
wall to cause DNA damage (although it can damage cell wall lipids and proteins as well) which can
cause death through necrosis or apoptosis. This indicates that even thick cell walled genera such as
Chlorella could be candidates for algal biotechnology or biodiesel production using UV radiation as
a disruption method [18].
2.3. UV Radiation as a Disruption Method for Biodiesel Production
While the UV light source used in this experiment contains UVA and UVB, UVA wavelengths do
not cause direct DNA damage and hence have a much-reduced effect on cell disruption. As discussed
in the Introduction, UVB and UVC can lead to significant cell damage and are the most damaging
wavelengths of UV light. Therefore, this study highlights UVB light as the source for eliciting microalgal
cell lysis.
To this end, samples of C. reinhardtii were irradiated with UVB radiation (1.5 W/cm2), alongside
bead beaten samples as a control, before lipid extraction and transesterification to determine efficacy
of UV radiation as a disruption method for biodiesel production. A detailed explanation of the
experiment is within the methods section. Samples of C. reinhardtii were irradiated for 300 s or bead
beaten. The samples were then solvent extracted with methanol:chloroform mixture (1:2) before
heating at 80 ◦C for 90 min with 10% BF3/methanol. Following this the samples in hexane were
submitted for GC-FID based FAME analysis using a TR-FAME capillary column.
FAMEs produced from C. reinhardtii samples that underwent lipid extraction and
transesterification are shown in Figure 4, demonstrating that the new UVB radiation method was
more effective than bead beating, bead beating having 45.3 mg/L culture and UV irradiation having
79.9 mg/L culture (approximately 0.7 mg/mL algal culture density). Meaning an approximate FAME
yield of 7.7% and 11.3% for bead beating and UV irradiation, respectively. This indicates that ultraviolet
light is an effective method to disrupt algal cells for biodiesel production. The simplicity of using light
for disruption has great potential for scaling the technology to an industrial level. In fact, flowing
a culture past an ultraviolet bulb could be a simple continuous way to disrupt a culture.
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Figure 4. Comparison of biodiesel yield from disruption methods used on nitrate stressed C. reinhardtii.
Fatty acid methyl ester yields from both bead beating and ultraviolet light irradiation disruption is
shown. Yields represent transesterified lipids from 1 L of culture. UVB intensity at 1.5 W/cm2 for 300 s
(equivalent to 450 J/cm2 UVB). Irradiation and bead beating carried out as in Materials and Methods.
n = 2. Error bars represent the range. The legend indicates different FAME chain lengths.
2.4. Effect of Nitrate Stress on FAME Yield
Comparing UV irradiated samples and bead beaten samples from a culture containing nitrate
(Figure 5) with a nitrate stressed culture (a common method used to increase lipid yield) (Figure 4),
FAME yield was considerably higher in the nitrate stressed system (Figure 4), UV irradiated samples
having higher yields. The major difference between the FAME yield was an increase in C8 and
particularly C10 chain lengths. Interestingly this difference is not the same in the nitrate rich system
(Figure 5), though as the FAME levels detected in were low, it is difficult to draw any firm conclusions
other than that both UV irradiation and bead beating have a similar lipid extraction efficiency when
intracellular lipid content is low. Typically FAME produced from algae is high in the C16 and C18
chains, which are the most suitable chain lengths for biodiesel [20]. The FAME profiles of UV irradiated
algal cells generally follow this trend where the majority FAME peaks are C16 and C18 (as shown in
Figure 6 and unreported data).
Figure 5. Comparison of biodiesel yield from disruption methods of nitrate rich C. reinhardtii culture.
Fatty acid methyl ester yields from both bead beating and ultraviolet light irradiation disruption is
shown. Yields represent transesterified lipids from 1 L of culture. UVB intensity at 1.5 W/cm2 for 300 s
(equivalent to 450 J/cm2 UVB). Irradiation and bead beating carried out as in Materials and Methods.
n = 1 for bead beading, n = 2 for UV irradiated samples. Error bars represent the range. The legend
indicates different FAME chain lengths.
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Figure 6. Comparison of biodiesel yield from UV light exposed M. inermum. Fatty acid methyl ester
yields from both bead beating and ultraviolet light irradiation disruption is shown above. Yields are
scaled to represent transesterified lipids from 1 L of culture. UVB intensity at 1.5 W/cm2. 20 min over
30 min represents 40 s of irradiation per min for 30 min. Irradiation, bead beating, and control carried
out as in Materials and Methods. Error bars represent the range. n = 2. The legend indicates different
FAME chain lengths.
2.5. Ultraviolet Light Irradiation of M. inermum
Following the irradiation of stationary phase C. reinhardtii, it became apparent that whilst it is
a useful species for study due to its growth characteristics and lipid yields, its electrostatically linked
glycoprotein cell wall is not as robust as other species of algae [18]. In particular, species such as
Chlorella possess a thick covalently linked cell wall that often has to be freeze-thawed several times
to lyse [18]. M. inermum is another species which is similar to Chlorella and has a thick cell wall [19].
Previous figures (1, 2 and 3) demonstrate that ultraviolet light is capable of disrupting both C. reinhardtii
and D. salina, however, both lack thick cell walls that are difficult to disrupt. Therefore M. inermum
was exposed to ultraviolet light at various dosages to determine its efficacy for cell disruption and for
FAME yield following lipid extraction and transesterification.
Figure 6 shows that with increasing UV irradiance, FAME yield from M. inermum increases.
The duration of exposure required to maximise lipid extraction is much longer than seen with
C. reinhardtii. This is likely due to the increased cell wall thickness and covalent nature. Bead beating
was performed for 2 min cycles fifteen times as opposed to 1 min, to ensure the cells were
sufficiently disrupted.
Furthermore, Figure 6 indicates the irradiation duration required was much higher but ultimately
successful due to the mechanism by which UV light causes cell disruption, primarily through DNA
damage. The smaller, thick cell walled M. inermum cells were successfully disrupted using UV light,
given a high enough duration. The data presented in the cases of both C. reinhardtii and M. inermum
suggests UV radiation to be a more effective cell disruption method than bead beating for FAME yield.
Specifically, the FAME yields from M. inermum indicated UV radiation (30 min) achieved a FAME yield
following transesterification of extracted lipid of 226 mg/L extracted algae compared to 208 mg/L
extracted algae for bead beating.
2.6. Ultraviolet Light Cell Disruption Energy Efficiency
In order to determine the efficacy of a cellular disruption technique, the energy cost must be
weighed against the disruption efficiency, especially for a biofuels application. The Bluewave DYMAX
8
Metabolites 2018, 8, 65
curer light source draws 75 W of power to function. Approximately 225 s of irradiation results in
90% cell lysis of a 3 mL aliquot of C. reinhardtii; this translates to an energy consumption of 5.6 MJ/L
algae or 8 KJ/mg algae. It should be noted this is for a UV irradiation path length of only 3 cm with
an approximate culture density of 0.7 mg/mL. Should a culture be concentrated through centrifugation,
it is probable that higher efficiencies could be achieved using appropriate intensity, duration and path
length. Eventually, a limit will be received where path length or culture density becomes too great
for UV to pass through the culture, and this needs to be determined in future to allow scale up of
the technique.
This is considerably lower energy (approximately 13 times) than other methods as shown by
McMillan et al. [21], such as microwave treatment, which achieved 94.92 ± 1.38% lysis with an energy
consumption of 74.6 MJ/L algae (1.8 × 108 cells/mL). It should be noted that the above ~95% disruption
efficiency was achieved with Nannochloropsis oculata, a smaller alga with a resistive cell wall. However,
the fact that UV irradiation does not need to mediate the cell wall to cause disruption suggests
disruption efficiencies will be similar across many species. Disruption efficiencies for D. salina and
C. reinhardtii are comparable in their stationary phase and support that theory. This energy efficiency
could further be improved upon through the use of reflective surfaces, more efficient bulbs or balancing
irradiance intensity against duration.
2.7. Limitations of the Study
This study aims to present the use of UV light as a proof of concept method for cell disruption of
algae to enhance lipid extraction. This novel method will need to scale in order to be industrially viable,
however, this study was not aimed at exploring scalability. To this end, additional data is required in
order to determine industrial relevance. Said data must detail the effect of UV light on cell disruption
as a function of increasing cell density with costs and efficacy compared. A methodology designed
with that in mind will further elucidate UV light’s industrial potential as an algal cell disruption
method for biodiesel production.
Additionally, as this study is focused on biodiesel production, chain length and degree of
saturation of fatty acids are an important measure of FAME quality. Due to the proof of concept
nature of the study these aspects have not been directly addressed, however, they are important factors
when determining scalability and industrial relevance of the novel method. While this study does
not directly focus on FAME quality, is it of note that the FAMEs obtained using UV disruption of
M. inermum do not have any notable difference in FAME quality (Figure 6). This is in contrast to
C. reinhardtii FAMEs (Figures 4 and 5), where there is a distinct increase in C8 and C10 esters, and in
the degree of unsauration. Therefore, at this stage it is difficult to conclude whether UV disruption
has an effect on FAME quality, but it is clear that additional studies need to explore the quality of
biodiesel produced.
2.8. Future Work
Following this work various other studies will further investigate the use of UV light as an algal
disruption method to enhance lipid extraction for biodiesel production. The initial experiments using
UV light disruption were performed on C. reinhardtii as it is a model species; in general, it does not
produce high lipid yields, however, for the purposes of determining if the technique was viable, it was
a suitable candidate.
This proof of concept study was focussed on the viability of UV light as a disruption method
rather than on maximising lipid yield using high cell density cultures (and therefore high lipid/FAME
content). In order to investigate UV disruption for higher FAME yields, higher cell density cultures
would be required which present different scalability challenges that are outside the scope of a proof
of concept approach.
Future research should be aimed at determining the effectiveness of UV disruption for lipid
extraction using high lipid producing algae with high cell densities. Such research would be more
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suitable in a study that is aimed at determining the scalability of the technique as well as optimising
the irradiation duration, concentration and efficacy over a wider range of algae.
Additional work will also include the use of concentrated solar radiation as the ultraviolet light
source for disruption of microalgal cells. Another study will explore the use of novel recyclable
magnetic nanoparticles that can extract the disrupted algae and lipids following UV light disruption.
3. Materials and Methods
3.1. Algae Strains and Cultivation
Chlamydomonas reinhardtii (wild type CCAP 11/32A), Dunaliella salina (wild type CCAP 19/30) and
Micractinium inermum were grown in 250 mL conical flasks with TAP medium, Vonshak’s medium [22]
and Bold’s Basal Medium, respectively, at 25 ◦C under magnetic stirring and positioned approximately
10 cm from 36 W fluorescent tube light sources [22,23]. Micractinium inermum was isolated from
an environmental sample at the University of Sheffield [24].
Cells were grown up to approximately 0.7 mg/mL dry weight. These species were selected as
suitable organisms for UV irradiation studies as their broad background literature and contrasting cell
wall characteristics would give insight into the effectiveness of UV radiation to lyse cells regardless of
cell wall strength.
Cells were nitrate stressed, when required, by re-inoculating a late log phase culture in nitrogen
free TAP medium, which was made by omitting ammonium chloride from the TAP medium recipe [25].
3.2. Ultraviolet Light Irradiation of Algae
Various 3 mL samples of C. reinhardtii (24 samples), D. salina (15 samples) and M. inermum
(8 samples) in a quartz cuvette were exposed to a series of irradiation periods ranging from 15 s to
300 s (5–30 min for M. inermum) with 9 W/cm2 UVA (320–395 nm) and 1.5 W/cm2 UVB (280–320 nm)
at a path length of 3 cm using a BlueWave 75 UV Curing Spot Lamp. The area of irradiation was
approximately 1 cm2. Following this, the samples were left for 24 h in the dark. A cell count
distinguishing between viable and non-viable cells was then undertaken using trypan blue as detailed
below by means of an Olympus BX50 microscope (50× objective) and a Neubauer haemocytometer as
described by Wu et al. [26]. Briefly, 5 μL trypan blue stained samples (1:1 ratio) of control (unirradiated
cells) and UV irradiated samples were loaded into the haemocytometer. Cells were observed for
morphological changes by counting live and dead cells in 16 small squares within each of the 4 large
squares and averaging the live and dead cells before comparing the total live to dead ratio to calculate
the percentage viability, with each experiment repeated in triplicate. Disruption efficiency was then
calculated for each irradiation duration (number of viable cells as a percentage of total cell count).
Trypan blue vitality stain was used to stain C. reinhardtii cells but could not be used with D. salina as
the stain had poor miscibility in the saline media. However distinct morphological changes in D. salina
following irradiation meant determining cell viability was possible without a stain. Additionally,
Lugol’s solution was applied to D. salina to inhibit their motility during counting [27].
3.3. Lipid Extraction
As described above, samples of C. reinhardtii (4 samples) and M. inermum (8 samples) were
irradiated with UV. An additional control (2 samples of M. inermum where only a solvent extraction was
performed with no method of cellular disruption) and bead beaten samples (3 samples of C. reinhardtii,
2 samples of M. inermum) were prepared. Samples were then centrifuged (8500 rpm) and pellets
retained in Eppendorfs with a 1.2 mL methanol:chloroform mixture (1:2). Supernatants were also
collected to determine free lipid content.
UV exposure and control samples were kept on ice and bead beating samples were bead beaten
using a cell disruptor (Genie, VWR, U.K.) for 15 cycles (1 min disruption followed by 1 min in ice,
or 2 min cycles in the case of M. inermum) [28]. 400 μL chloroform and 400 μL ultrapure water
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were added to each sample before centrifuging (8500 rpm). Bottom organic phases were retained
in Eppendorfs. Samples were then evaporated to dryness with nitrogen gas and reconstituted with
250 μL of methanol:chloroform mixture (1:1).
3.4. Transesterification
Following this, samples were transferred to glass vials and 100 μL 10% BF3/methanol added
before incubation at 80 ◦C for 90 min (14 samples of C. reinhardtii and 24 samples of M. inermum,
inclusive of collected supernatant samples). Samples were cooled for 10 min before addition of 300 μL
ultrapure water and 600 μL hexane, then vortexed for one min. The aqueous top layers were discarded
before evaporating the remaining organic phase to dryness under inert nitrogen gas using six port
mini-vap evaporator (Sigma-Aldrich, Dorset, UK) [29,30]. Samples were reconstituted in 100 μL hexane
and submitted for gas chromatography flame ionisation detection (GC-FID) (Thermo Finnigan TRACE
1300 GC-FID System, Thermo Scientific, Hertfordshire, UK) coupled with a TRACE™ TR-FAME GC
column (25 m × 0.32 mm ID × 0.25 μm film, Thermo Scientific, Hertfordshire, UK). The experiment
was repeated in duplicate.
4. Conclusions
Compared to a traditional cell disruption method such as bead beating, UV disruption was more
efficient. Approximately 225 s of irradiation (equivalent to 335.7 J/cm2 UVB) resulted in 90% cell
lysis of a 3 mL aliquot of C. reinhardtii, translating to an energy consumption of 5.6 MJ/L algae (UVB
intensity at 1.5 W/cm2). Furthermore, GC-FID data indicated UVB radiation was more effective than
bead beating for FAME yield, bead beating yielding 45.3 mg/L culture and UV irradiation yielding
79.9 mg/L culture. UV irradiation also achieved a higher FAME yield than bead beating for the thick
covalently bonded cell walled species M. inermum, achieving a FAME yield following transesterification
of extracted lipid of 226 mg/L culture compared to 208 mg/L culture for bead beating. This indicates
that UV irradiation is a viable method for cell disruption to enhance lipid extraction and should be
further pursued. This technology is especially promising due to its scalability because UV sterilisation
for water treatment is well-established commercially.
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Abstract: Capturing a valid snapshot of the metabolome requires rapid quenching of enzyme
activities. This is a crucial step in order to halt the constant flux of metabolism and high turnover
rate of metabolites. Quenching with cold aqueous methanol is treated as a gold standard so far,
however, reliability of metabolomics data obtained is in question due to potential problems connected
to leakage of intracellular metabolites. Therefore, we investigated the influence of various parameters
such as quenching solvents, methanol concentration, inclusion of buffer additives, quenching time
and solvent to sample ratio on intracellular metabolite leakage from Chlamydomonas reinhardtii.
We measured the recovery of twelve metabolite classes using gas chromatography mass spectrometry
(GC-MS) in all possible fractions and established mass balance to trace the fate of metabolites during
quenching treatments. Our data demonstrate significant loss of intracellular metabolites with the
use of the conventional 60% methanol, and that an increase in methanol concentration or quenching
time also resulted in higher leakage. Inclusion of various buffer additives showed 70 mM HEPES
(4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid) to be suitable. In summary, we recommend
quenching with 60% aqueous methanol supplemented with 70 mM HEPES (−40 ◦C) at 1:1 sample
to quenching solvent ratio, as it resulted in higher recoveries for intracellular metabolites with
subsequent reduction in the metabolite leakage for all metabolite classes.
Keywords: metabolomics; microalgae; quenching; Chlamydomonas reinhardtii; gas chromatography
mass spectrometry (GC-MS)
1. Introduction
The major bottlenecks associated with sample preparation include efficient sampling, quenching,
and extraction of metabolites, achieved with minimal alteration of the internal metabolome signature.
In order to retain a valid snapshot of the metabolome, rapid sampling and quenching of enzyme
activities is a crucial step in any metabolomics workflow. Ideally, quenching solvent should
halt the constant flux of metabolism and high turnover rate of metabolites without causing any
damage to the cell membrane/wall thereby avoiding any leakage of intracellular metabolites [1,2].
Quenching with 60% v/v cold methanol at −40 ◦C or −50 ◦C has been used widely in the past
for microbial, fungi, yeast and plant metabolomics. However, potential problems connected to the
leakage of intracellular metabolites with cold methanol quenching was reported later for yeast [3]
and bacterial cells [4–7]. Various alternatives to cold methanol quenching, such as filter culture
methodology [8], fast filtration [4], mass balance approach [9] and use of alternative quenching solvents
(such as glycerol-saline, methanol/glycerol and methanol/NaCl) have been evaluated for bacterial
metabolomics [5,10,11]. However, all suggested alternatives have advantages and disadvantages,
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and more importantly cannot be directly applied to a given organism, without prior evaluation [12].
In addition, these alternatives have also been shown to add difficulties in the overall metabolomics
workflow. For example, the higher viscosity and hygroscopicity of glycerol has been shown to result
in prolonged processing time (during separation of glycerol from cells) [13] and interference with
the commonly employed silylation derivatization reaction (required for gas chromatography mass
spectrometry (GC-MS) analysis) [14,15].
To date, the most widely used quenching method is that of 60% aqueous methanol, which usually
results in leakage of the intracellular metabolites, and requires an accurate balancing of the quenching
supernatant and sample [16]. Sampling methods optimised for prokaryotes cannot be simply adopted
for eukaryotic cells due to basic differences in the cell structure. The inclusion of additives to methanol
will act as a buffer or will restrict osmotic shock, leading to a decrease in leakage, as has been reported
with bacterial cells [17], yeast [9,14] and mammalian cells [18,19]. The inclusion of tricine buffer in 60%
aqueous methanol has been shown to result in lower recoveries for the intracellular metabolites with
GC-MS because of the interference of tricine with derivatization reactions [20]. However, with other
additives within the same biological system, contradictory conclusions have been reported (Table S1).
A few reports have covered the influence of methanol concentration on metabolite leakage [9,21],
however, even in these the approach has been kept limited to the quantification of specific metabolites.
Another important factor that needs to be evaluated includes the influence of initial (before quenching)
and the final temperature of methanol (sample-quenching solvent mixture). The lower the temperature,
the slower the turnover rate of all the enzymes within the cell will be and hence more efficient is
the quenching process [19]. However, only Canelas and co-workers [9] appear to have evaluated
this factor for yeast, where the authors concluded that “leakage free quenching” can be achieved
with the use of pure methanol rather than 60% methanol with quenching solvent to sample ratio of
5:1, and at −40 ◦C or lower. However, with a similar “leakage free quenching” method, Kim and
co-workers [22] have demonstrated severe leakage in Saccharomyces cerevisiae, suggesting reduced
membrane integrity caused by the use of extreme cold quenching conditions. The influence of contact
time of sample with the quenching solvent has not been investigated yet, where higher leakage of
specific classes of metabolites is likely to occur upon increasing the exposure time of sample to that
of quenching solvent [4]. Finally, the influence of sample to quenching solvent ratio should also
be carefully considered, as it directly alters the temperature of the quenching process and might
help in minimising intracellular metabolite leakage. Schädel and co-workers [13] evaluated this
factor for Escherichia coli metabolomics and observed no change in the impact of methanol with the
temperature variation.
As discussed above, despite contradicting reports, quenching protocols have been rigorously
studied and optimised for yeast, mammalian and bacterial models. Lee and Fiehn suggested yeast
can be regarded as a good proxy for Chlamydomonas reinhardtii as both are eukaryotes and have
sturdy cell walls compared to that of bacterial models which are easily prone to metabolite leakage
caused by harsh quenching treatments [23]. However, it is important to note that minor differences in
cellular characteristics including membrane, wall structure, size and sampling techniques employed,
can influence the efficiency of quenching, recovery of different metabolite classes and the rate of
metabolite leakage. Therefore, optimised quenching methods for yeast, mammalian and bacterial
models cannot be simply adopted for microalga without critically evaluating them. In case of
microalgal samples, we are not aware of many reports to date, on this issue. Lee and Fiehn [23],
reported quenching cultures of C. reinhardtii with 70% aqueous methanol (−70 ◦C) with 1:1 ratio
to sample, which reportedly resulted in minimum leakage of intracellular metabolites. In this case,
the resultant final concentration of methanol was 35% and final temperature recorded was −20 ◦C.
This finding was in contrast to their previously published report, where no leakage was reported and
results concluded that C. reinhardtii cultures are resistant to quenching with cold methanol [24].
The objective of this investigation is to examine quantitatively, the influence of the above
mentioned factors on the extent of metabolite leakage in C. reinhardtii cultures. To achieve our objective,
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we have designed and categorised the experiments into three different approaches. Approach 1
involves evaluation of selected quenching solvents (nine in total) with varying methanol concentration
and with various buffer additives, on the extent of metabolite leakage. Approach 2 investigates the
effect of prolonged quenching duration on metabolite leakage and approach 3 investigates the effect
of the ratio of quenching solvent to culture on metabolite leakage. Furthermore, we investigated the
recovery of twelve different metabolite classes using the GC-MS technique across different quenching
treatments. The evaluation was based on recovery of a median number of metabolites within each class
in all possible sample fractions and recovery of average metabolite peak intensity per class (derived
from normalised median peak intensities of metabolites within each class).
2. Results and Discussion
To achieve our objectives in a broader sense, we have designed the experiments and categorised
them into three different approaches as illustrated in Figure 1. In all the applied quenching treatments,
the temperature during the quenching process was maintained below −20 ◦C. Although metabolites
with high turnover rates such as adenosine triphosphate (ATP) and adenosine diphosphate (ADP)
might still remain active at −20 ◦C, they are not usually detected with GC-MS based analysis.
In most of the studies that evaluated the quenching methods for bacterial models [13,17], conclusions
were drawn primarily based on ATP assay and adenylate energy charge. However, comment on
quenching efficiency protocols cannot be made only based on these assays as it does not take into
consideration the possible alterations in the rest of the metabolome. In the present study, we focussed
primarily on GC-MS based analysis and the optimisation of quenching protocols were done by taking
into consideration quantification of detectable compounds with GC-MS analysis. In all the three
approaches, evaluation and comparison within different treatments were based on two response
variables, where only features that were present in at least three biological replicates out of five were
considered for further analysis:
• Response variable 1: Median number of metabolites recovered in;
(a) Cell extracts
(b) In quenching supernatant
(c) Only in cell extract and not in supernatant (unique to cells)
(d) Only in supernatant and not in cell extract (unique to supernatant) and
(e) In both the cell extracts and supernatants (common to both)
• Response variable 2: Recoveries of metabolites within twelve different classes of metabolites with
respect to their normalised median peak intensities, and represented by the average metabolite
peak intensity for each class.
We analysed the unquenched samples in order to get an estimate of extracellular metabolites
accurately, as an unquenched sample serves as a reliable standard for comparison of the extracellular
metabolome data from the quenched sample. In addition, we have also analysed the culture media
as a control for appropriate quantification of an intracellular pool, to account for the leftover media
components, if any.
2.1. Leakage Based on Recovery of Median Metabolite Numbers
2.1.1. Effect of Methanol Concentration and Inclusion of Buffer Additives on Metabolite Leakage
(Approach 1)
In order to compare the extent of metabolite leakage and recoveries of intracellular metabolites
under different methanol concentrations and additives, cells of C. reinhardtii were harvested and
quenched as described in the experimental section with nine different quenching solvents and additives.
Variation in quenching treatments was tested to investigate the different effects and the results are
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summarised in Table 1. For an overall comparison, the harvested cell extracts, a cell-free supernatant of
both quenched and non-quenched cells along with the blank sample (culture medium) were analysed
to determine the extent of leakage of intracellular metabolites during quenching. After monitoring
cell-free supernatant of quenched, non-quenched cells and the blank medium, the necessary correction
was done for appropriate calculation of intracellular metabolites as shown in Figure 2.
 
Figure 1. Experimental design and general workflow adopted for the evaluation and optimisation of
quenching protocols for Chlamydomonas reinhardtii.
 
Figure 2. Schematic displaying the necessary correction required for appropriate calculation of
intracellular metabolites after monitoring cell-free supernatant of quenched, non-quenched cells and
the blank medium.
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A summary of the unique recovery efficiency of all the nine quenching treatments is shown
in Figure 3, where the metabolite class and numbers detected for various treatments are plotted.
Figure 3a shows the number of metabolites detected in the cell pellets, Figure 3b those detected in
the cell-free supernatant, Figure 3c indicates the number of metabolites present in the cells but not
in the supernatants, Figure 3d indicates the number of metabolites present in the supernatants and
not in the cells, and Figure 3e indicates the number of metabolites present in both the cell pellet and
the supernatant. Higher metabolite numbers in the supernatant (Figure 3b), relatively high numbers
detected in both the cells and the supernatants (Figure 3e), and corresponding low numbers unique
to the cell pellets (Figure 3c) indicate high metabolite leakage. A higher proportion of metabolites
detected in Figure 3e, compared to that detected in Figure 3c or Figure 3d indicates that there is an
increased chance of metabolite leakage.
Figure 3. A summary of the unique recovery efficiency of all the nine quenching treatments involved in
Approach 1 and 3. The X-axis represents different sampling treatments: 33M = 33% methanol; 33A = 33%
methanol + ammonium bicarbonate (AMBIC); 60M = 60% methanol; 60A = 60% methanol + AMBIC;
60H10 = 60% methanol + 10 mM 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES);
60H70 = 60% methanol + 70 mM HEPES; 70M = 70% methanol; 70A = 70% methanol + AMBIC;
100M = 100% methanol; 60–41 = 60% methanol with solvent to sample ratio 4:1 and 100–21 = 100%
methanol with solvent to sample ratio 2:1. After all the treatments, the extracted metabolites from cell
extracts, cell-free supernatant post quenching and blank samples were analysed by gas chromatography
mass spectrometry (GC-MS). (a) Metabolites identified in cell extracts only, (b) metabolites identified
in supernatant only, (c) metabolites present only in cell extract (and not in the supernatant)—unique to
cells, (d) metabolites present only in supernatants (and not in cell extract)—unique to supernatants,
(e) metabolites present in both the cell extract and supernatant—(common to both).
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As can be seen from Figure 3c, 60% aqueous methanol supplemented with 70 mM HEPES
(60H70) yielded higher recoveries of metabolites unique to cells as compared to other treatments.
Correspondingly, metabolites common to both the cells and supernatant (Figure 3e) are the lowest.
The number of metabolites detected in the supernatant is also the least compared to other treatments
(Figure 3d). Therefore, among all the treatments, 60H70 seems to preserve the integrity of C.
reinhardtii cells, resulting in higher recoveries of intracellular metabolites with minimal leakage into
the extracellular environment.
Among other treatments, we did not observe any variations between 60M and 60A treatments.
On the other hand, recovery of intracellular metabolites decreases with corresponding increase
in extracellular levels as the methanol concentration increases. As can be seen from Figure 3c,
higher recovery of intracellular metabolites was observed with 33M compared to 60M, 70M and
100M whereas metabolites common to both the cells and supernatants (Figure 3e) are lower with 33M
compared to other treatments. Among treatments where methanol was supplemented with 0.85%
AMBIC, 60A yielded higher recoveries of metabolites unique to cells (Figure 3c) compared to 33A
and 70A. Correspondingly, metabolites common to both the cells and supernatants (Figure 3e) are the
lowest. However, as mentioned above, we did not observe any major change in recoveries between
60M alone compared to that of 60A, therefore the use of 60M alone would be advantageous over
the use of methanol supplemented with AMBIC. Moreover, comparison within treatments where
non-buffered methanol was used for quenching, quenching with 33M seems to be a better option
among non-buffered methanol and buffered with AMBIC. Therefore, in studies involving use of
MS based hyphenated techniques (especially liquid chromatography mass spectrometry (LC-MS)),
where use of salts/buffers as quenching additives introduces an additional source of variance to
the experimental procedure, increases complexity of data and causes ion suppression in LC-MS,
we strongly recommend use of 33M as a second alternative to 60H70. However as demonstrated
earlier [25], an addition of HEPES has no apparent interference with the derivatization reactions and
GC-MS analysis.
In summary, recovery of intracellular metabolites was noticed to decrease with corresponding
increase in extracellular levels, as the methanol concentration in the quenching solvent increased.
Our results were in agreement with that of previous reports [7,21] and in contrast to reports [9,13]
where authors reported higher recovery of intracellular metabolites from E. coli and S. cerevisiae
respectively with the corresponding increase in methanol concentration. In contrast, Tredwell and
co-workers [20] reported that no major difference in leakage from Pichia pastoris was observed with
the varying concentration of methanol or the inclusion of various buffer additives in quenching
solvent. Furthermore, Canelas and co-workers [9] tested the influence of buffer additives (HEPES,
AMBIC and/or tricine) in methanol on metabolite leakage from yeast, and reported no significant
benefit in buffering or increasing the ionic strength of the quenching solvent. The authors
reported slightly lower intracellular recoveries, which is completely contradictory to our finding
with C. reinhardtii. The possible reasons behind this contradiction might be differences in the
organism/sample type. Moreover, it is important to note that conclusions were drawn from an
estimation of only two specific metabolites which were being used as representative examples for
the respective class. Similarly, in contrast to our findings where 60H70 yielded highest intracellular
recoveries with minimal leakage, Schädel and co-workers [13] reported higher leakage in E. coli with
the inclusion of HEPES to methanol compared to conventional 60% methanol. These contradictory
observations further support our previous conclusions [1], that sampling and quenching techniques
are highly sample/cell dependent and needs critical evaluation and validation for every organism
under investigation before being adopted for a quantitative metabolomics study.
2.1.2. Effect of Prolonged Exposure to Quenching Solvent on Metabolite Leakage (Approach 2)
Ideally, quenched cells should be processed as quickly as possible in order to avoid the leakage of
intracellular metabolites into the extracellular environment, as prolonged contact time of cells with the
21
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quenching solvents might increase the chances of metabolite losses via diffusion of small metabolites
through the cell membrane. In 1992, De Koning and Van Dam [26] demonstrated no leakage of
intracellular metabolites from yeast sample after exposure of quenching solvent to sample for 30 min.
This has been evaluated in the past for S. cerevisiae [9] and for the fungus Penicillium chrysogenum [21],
however, there are no reports of such studies carried out on microalgal samples. Therefore, to test this
theory for microalga, cells of C. reinhardtii were exposed to the quenching solvent (60% v/v aqueous
methanol) for a prolonged period of various time intervals to evaluate the extent of metabolite leakage.
Briefly, 1 mL of cell suspension was rapidly plunged into 1 mL of quenching solvent as described in the
experimental section. To evaluate the extent of metabolite leakage in response to prolonged exposure
to the quenching solvent, a broader range of time intervals were selected including 0, 15, 30, 45, 60 and
90 min. In the case of 0 min treatment, samples were processed immediately by centrifugation, whereas
for other treatments prolonged exposure was achieved by leaving the quenched samples at −40 ◦C for
the above specified time intervals prior to centrifugation. A parallel set of samples were processed
as a control for each time interval. For example, in the case of the control sample for the 15 min time
interval, 1 mL of cell suspension was harvested and allowed to stand for 15 min followed by addition
of 1mL of water and subsequently centrifuged. The addition of water was done in order to account for
the variations caused by dilution. Water was purposely selected in this case instead of any other buffer
solution such as phosphate buffer saline (PBS), as the addition of PBS might result in an extremely
higher concentration of phosphates and will interfere in subsequent GC-MS analysis or will result
in overestimation of phosphates in intracellular pools. For an overall comparison, the harvested cell
extracts, a cell-free supernatant of both quenched (samples) and non-quenched cells (controls) for all
the above specified time intervals along with the blank sample (culture medium) were analysed to
determine the extent of metabolite leakage in response to prolonged exposure to the quenching solvent.
After monitoring cell-free supernatant of both quenched, non-quenched cells and the blank sample,
the necessary correction was done for appropriate calculation of intracellular metabolites as shown
in Figure 2. A summary of the unique recovery efficiency of all the applied treatments within this
approach is shown in Figure 4, where the metabolite class and median numbers detected for various
treatments are plotted.
As can be seen from Figure 4c, samples processed at the 0 time interval yielded higher recoveries
of metabolites compared to all other treatments except for the 30 min interval where surprisingly
higher numbers of metabolites were detected than that of the 0 min time interval. A similar trend
was observed with the control samples where higher recoveries were observed with C0 treatment
compared to other treatments except for C15 where again surprisingly higher recoveries were observed
than that of C0. The possible reason behind higher recoveries might be degradation or inter-conversion
of metabolites. Correspondingly higher number of metabolites unique to the supernatant (Figure 4d)
were detected as the contact time of cell suspension was prolonged for more than 30 min with that of
quenching solvent. Approximately four-fold increase in recoveries of extracellular metabolite numbers
was observed with 45, 60 and 90 min treatments compared to that of the 0 min treatment (Figure 4d).
No variations in recoveries of metabolites classes and numbers were observed between 0, 15 and
30 min time intervals whereas a small increase in the recoveries of metabolites was observed with
control treatments as contact time was increased from 0 to 15 and then to 30 min indicating increased
metabolite leakage.
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Figure 4. A summary of the unique recovery efficiency of all the six quenching treatments involved
in Approach 2. The X-axis represents different time intervals along with their control samples (C),
for each time interval. After all treatments the extracted metabolites from cell extracts, cell-free
supernatant post quenching and blank samples were analysed by GC-MS. (a) Metabolites identified
in cell extracts only, (b) metabolites identified in supernatant only, (c) metabolites present only in cell
extract (and not in the supernatant)—unique to cells, (d) metabolites present only in supernatants
(and not in cell extract)—unique to supernatants, (e) metabolites present in both the cell extract and
supernatant—(common to both).
2.1.3. Effect of Quenching Solvent to Culture Ratio (Temperature Influence) (Approach 3)
Influence of sample to quenching solvent ratio was studied in the past for S. cerevisiae and
E. coli, where quenching with pure methanol at sample to solvent ratio of 1:5 at −40 ◦C has been
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shown to have reduced leakage of intracellular metabolites compared to use of 60M. In order to test
this parameter with microalgal samples and to study the influence of quenching solvent and sample
mixture, temperature and final concentration of methanol after quenching, 1 mL culture of C. reinhardtii
was harvested and rapidly quenched with either 100% methanol with quenching solvent to sample
ratio of 2:1 (100–21) or with 60% aqueous methanol with quenching solvent to sample ratio of 4:1
(60–41). Both the quenching solvents were pre-chilled to −50 ◦C prior to quenching. Addition of the
cells to the quenching solution increased the temperature by no more than 15 ◦C, thereby keeping
the resulting mixture temperature below −20 ◦C sufficient to stop the metabolism as demonstrated
in past [13,16,27]. For an overall comparison, the harvested cell extracts, a cell-free supernatant of
both quenched and non-quenched cells along with the blank sample (culture medium) were analysed
and the necessary correction was done for appropriate calculation of intracellular metabolites and
to determine the extent of leakage of intracellular metabolites during quenching. The results of the
investigation are summarised in Figure 3.
With both the treatments 60–41 and 100–21 higher metabolite numbers in the supernatant
(Figure 3b), relatively high numbers detected in both the cells and the supernatants (Figure 3e),
and corresponding low numbers unique to the cell pellets (Figure 3c) were observed, suggesting
high metabolite leakage. A higher proportion of metabolites detected in Figure 3e, compared to that
detected in Figure 3c or Figure 3d confirms that there is an increased chance of metabolite leakage
with both the treatments. With this approach, we did not observe any significant improvements in
preserving the cell integrity by altering the final methanol concentration in the resultant mixture
after quenching. Moreover, an increment in quenching solvent to sample ratio in order to keep the
temperatures of the resulting mixture below −20 ◦C for the effective halting of metabolism seems to
have no influence on preserving the cell integrity and in minimising the metabolite leakage. In contrast,
higher leakage was observed with this approach compared to approach 1.
2.2. Leakage Based on Metabolite Peak Intensities
With respect to analysis of metabolite classes recovered and the median intensities of individual
metabolites identified within each class, in total, 151 unique putative metabolite identifications were
made in approach 1 and 3, and 123 made in approach 2, across all treatments. In addition, there were
unique features that did not match with metabolites on the database and were hence classed as
“unannotated”. These were 46 in approach 1 and 3, and 42 in approach 2 (Tables S2 and S3).
The results are compiled in Figure 5, where the median peak intensities of metabolites were
averaged within each class and plotted for the different treatments in the three approaches, 1–3.
Values above zero indicate higher detection in cell extracts than supernatants and values lower than
zero indicate higher detection in supernatant than in cell extracts, suggesting leakage. For approach 1,
superior recoveries of organic acids were observed with the 33M treatment, with minimal leakage.
With sugars/sugar alcohols and derivatives, extracellular levels were higher for all treatments,
except 100M. Since the observation is made with almost all conditions, it is possible that this is
a result of leakage metabolism, rather than leakage due to quenching. Higher recoveries of amino
acids were observed in the cell extracts with 60M and 33M treatments, suggesting minimal leakage
of this class in these treatments. A higher leakage of amino acids was observed with 100M and
60H10 treatments. This is in agreement with the observation of Britten and McClure [28], where the
authors demonstrated leakage of all free amino acids in E. coli upon variation in the osmolality of the
surrounding medium. Nucleotides/nucleosides/nucleobases showed poor recoveries. The possible
reason for lower recoveries in both the cell extracts and the supernatant might be that GC-MS
is not an ideal technique for analysing this class. This has been previously suggested in a few
studies. In such cases, LC-MS or capillary electrophoresis mass spectrometry (CE-MS) [29,30] might
be a suitable alternative to GC-MS in order to improve the metabolome coverage with respect to
nucleotides/nucleosides/nucleobases. Our results were in agreement with the results reported
elsewhere [3,6] where no detectable leakage of nucleotides was observed with the cold methanol
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solution in the case of the yeast sample (which in our case corresponds to the 60M treatment).
Fatty acids/fatty alcohols and derivatives showed minimal leakage in most treatments, and in
particular in 100M and 60H70 treatments. Somewhat similar conclusions were reported in a previously
published report [15], where higher peak intensities were reported for fatty acids with glycerol-saline
quenching solution and extraction with 100% methanol using freeze-thaw cycles. Biogenic amines,
in particular, ethanolamine, putrescine and tryptamine, showed minimal leakage in the 60H70
treatment but were also retained better in 33M, 33A and 70M treatments (Figure 5). Phosphates and
alkanes were recovered in the cell extract with minimal leakage into supernatant with all the treatments
except with 60H10 treatment, where negligible amounts of phosphates and alkanes were recovered in
both the cell extract and the supernatant. Among all the treatments, higher recoveries were observed
with 60H70. A gradual increase in the methanol concentration of quenching solvent resulted in
a gradual decrease in the corresponding intracellular levels of phosphates which was in further
agreement with a previously published report [9]. Alcohols were retained better in all treatments
except 60H10. In the case of ketones and ethers, all the treatments (except with 60H70) showed leakage
(Figure 5a).
Figure 5. Difference in the average peak intensities of metabolites between cell extracts and
supernatants, within each class is plotted for each treatment in approach 1 and 3 (a) and approach 2 (b).
For approach 2, total median intensities of all organic acids showed gradual decrease in cell extract
recoveries from 15 min onwards up to 45 min hold time with corresponding increased recoveries
in supernatant indicating leakage, whereas minor recoveries were observed in cell extracts with 45,
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60 and 90 min intervals suggesting complete degradation or inter-conversion of all organic acids. In the
case of sugars/sugar alcohols and derivatives lower recoveries for intracellular levels were observed
as the exposure of cell suspension to the quenching solvent was increased from 0 to 30 minutes,
indicating time dependant slow release of sugars into the extracellular medium, with complete
leakage into the medium at 45 and 90 min exposures (Figure 5b). In the case of amino acids and
derivatives, no leakage was observed up to 30 min exposure. Our findings were in agreement with
a previously published report [6] where leakage of amino acids was increased with the increase in
a contact time of sample with the quenching solvent. A gradual increase in extracellular levels of
fatty acids/fatty alcohols and derivatives were observed as the hold time increased from 0 to 45 min
(0-SN, 15-SN, 30-SN and 45-SN) indicating slower leakage of these less polar or semi-polar metabolites
via diffusion. Putrescine and other biogenic amines were detected with all the applied quenching
treatments. The results suggest slower time dependant leakage of all biogenic amines/polyamines,
as extracellular levels were gradually increased with the corresponding decrease in the intracellular
levels as the exposure to quenching solvent was increased from 0 min to 45 min. In the case of
phosphates, absolutely no recoveries were observed in the quenching supernatant among all the
applied treatments. A possible reason might be the larger and more polar nature of these metabolites
making their diffusion through the cell wall difficult as suggested elsewhere in the case of yeast and
fungi samples [9,21], leading to less leakage compared to other classes such as amino acid and organic
acids which are smaller compounds and might be released more easily than the larger ones. However,
despite their non-polar nature, similar trends as that of phosphates were observed with alkanes where
no recoveries were observed in the quenching supernatant. The possible reason might be their larger
size making their diffusion through the cell wall difficult as most of the alkanes that were recovered
have molecular weight (MW) ranging from 212 to 352. A similar trend was observed with alcohols,
ketones and ethers. In summary, nearly all the metabolite classes showed a gradual decrease in the
intracellular levels with a corresponding increase in the extracellular levels, as the contact time of
sample to quenching solvent was increased. Our findings were in agreement with previously published
reports, where similar conclusions were drawn with yeast and bacterial models [6,9,21].
For approach 3, in the case of amino acids, organic acids, biogenic amine/polyamines,
sugars/sugar alcohols and ketones and ethers very low recoveries were obtained in both the cell
extracts and in the supernatant with both the quenching treatments compared to those in approach
1. With both the treatments, no recoveries were observed for nucleotides/nucleosides/nucleobases
and other classes of metabolites. Superior recoveries of fatty acids/fatty alcohols and derivatives were
obtained in the cell extract with the 100–21 treatment with the corresponding decrease in extracellular
levels indicating minimal leakage (Figure 5a). Moreover, the average peak intensities recovered for this
class was superior compared to all the applied treatments in approach 1. A similar trend was observed
in recoveries of alcohols with 100–21 treatment.
3. Materials and Methods
3.1. Chemicals and Analytical Reagents
All chemicals and reagents were obtained from Sigma-Aldrich (Dorset, UK) unless stated otherwise.
3.2. Microalgal Cultivation
The C. reinhardtii strain (CC4323) was grown until the end of exponential phase (72 h) under
constant illumination in a Sanyo incubator (MLR-351H, Sanyo versatile environmental test chamber,
Osaka, Japan) at 25 ◦C in 1 L shake flasks, containing 1 L of TAP medium, under constant
illumination at 85 μmol/m2/s. The medium (per L) is composed of 2.42 g Tris; 25mL of TAP salts
(15 g NH4Cl, 4 g·MgSO4·7H2O, 2 g CaCl2·2H2O in 1 L dH2O); 0.375 mL of phosphate solution
(28.8 g K2HPO4, 14.4 g KH2PO4 in 100 mL dH2O); 1mL solution Hunter’s trace elements purchase
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from the Chlamydomonas Resource Centre (St. Paul, MN, USA) and 1 mL of glacial acetic acid.
Cells were harvested at an OD of 1.2 at 680 nm wavelength.
3.3. Sampling and Quenching
To evaluate and minimise the leakage of metabolites during quenching treatments, the overall
design of quenching experiments has been categorised into three different approaches as summarised
in Figure 1. At the incubation site, 1 mL of cell suspension was rapidly plunged into a 2 mL
pre-chilled Eppendorf containing 1 mL of pre-chilled quenching solvent (−50 ◦C) unless stated
otherwise. Addition of the cells to the quenching solvent increased the temperature by no more
than 15 ◦C. The centrifuge was set at −9 ◦C and the rotor was pre-chilled at −24 ◦C. The quenched
biomass was then centrifuged for 2 min at 2500× g at −9 ◦C. The supernatant was removed rapidly,
and transferred to a 2 mL pre-chilled Eppendorf to assess the leakage of internal metabolites. The pellets
and supernatant were snap frozen in liquid nitrogen and stored at −80 ◦C for further analysis.
3.4. Metabolite Extraction
The pellets were lyophilized at −50 ◦C overnight prior to extraction. Briefly, 500 μL of extraction
solvent (methanol:chloroform:water, (M:C:W) (5:2:2)) was added to lyophilized cells, as suggested
elsewhere [23,31,32], pre-chilled at −48 ◦C, along with an equal volume of glass beads (425–600 μm
i.d., acid washed, from Sigma). Cells were then disrupted using a Cell disruptor, (Genie, VWR, U.K.),
designed to simultaneously agitate and vortex at high speed, thereby resulting in a rapid disruption
of cells in a small aliquot of extraction solvent (0.5 to 2 mL). A total of 11 cycles of disruption was
performed with 2 min disruption, with an interval of 1 min on ice. The sample was then centrifuged
at 13,000× rpm, at −9 ◦C for 15 min to remove any cell debris. The supernatant was transferred to a
new pre-chilled Eppendorf tube (−20 ◦C) and the remaining cell debris was subjected to re-extraction
(5 cycles) with 500 μL of extraction. The combined supernatant was then evaporated to dryness using
a vacuum concentrator (Eppendorf 5301 vacuum concentrator, Sigma-Aldrich (Dorset, UK)). The dried
extract was then stored overnight at −80 ◦C for further analysis.
3.5. Metabolite Derivatization and GC-MS Analysis
Metabolite derivatization was performed the next day on a stored dried extract, as suggested
elsewhere [23]. Briefly, 30 μL of 20 mg/mL methoxyamine hydrochloride in pyridine was added to
the dried extract and samples were shaken (200 rpm) for 80 min at 37 ◦C to protect the aldehyde
and ketone groups. The samples were then derivatized by trimethylsilylation of acidic protons by
addition of 45 μL MSTFA (N-methyl-N-trimethylsilyltrifluoroacetamide) and incubating them further
in shaking condition (200 rpm) at 40 ◦C for 80 min. GC-MS analysis, metabolite identification and data
analysis were conducted as described elsewhere [1,25,33].
4. Conclusions
In summary, we have performed a comprehensive investigation of appropriate sampling and
quenching methods for C. reinhardtii using GC-MS, which involved untargeted quantitative analysis of
several intracellular and extracellular metabolites. Our optimised miniaturised quenching method
requires only 1 mL of microalgal culture, thereby subsequently reducing the volume of quenching
solvent required, suitable for processing larger number of samples within a shorter period of time,
ideal for metabolomics investigation where a large number of samples need processing. To date,
there is no effective alternative to the cold methanol quenching method, where quenching can only be
achieved by sharp temperature drift which usually leads to leakage caused by cold shock phenomenon.
Hence, for reliable metabolome analysis, it is essential to measure the metabolite levels in all possible
fractions and establish mass balance to trace the fate of metabolites during quenching treatment.
Our results clearly showed higher losses of intracellular metabolites with the use of conventional 60%
methanol for quenching. Analysis with respect to the influence of varying methanol concentration
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in quenching solvent on the extent of metabolite leakage clearly showed higher leakage with the
increase in methanol concentration. On the other hand, analysis with respect to the inclusion of various
buffer additives to quenching solvent showed 60% aqueous methanol supplemented with 70 mM
HEPES to recover higher intracellular levels for nearly all metabolite classes with minimal leakage,
supporting our previous findings with adherent mammalian cells [25]. An increment in quenching
solvent to sample ratio in order to keep the temperatures of the resulting mixture below −20 ◦C for
the effective halting of metabolism seems to have no influence on preserving the cell integrity and
in minimising the metabolite leakage. In contrast, higher leakage was observed with this approach.
The study of prolonged exposure of a sample to quenching solvent has shown a higher amount of
leakage as the contact time of sample to that of quenching solvent increases. Hence for quantitative
metabolomics studies in C. reinhardtii, we strongly recommend quenching with 60% aqueous methanol
supplemented with 70 mM HEPES (−40 ◦C) at 1:1 sample to quenching solvent ratio, as it resulted in
higher recoveries for intracellular metabolites with subsequent reduction in the metabolite leakage
for all classes of metabolites. We believe the outcome of this research and the optimised quenching
method can be directly applied and extended to other similar freshwater microalgal cultures or indeed
cells with a similar cell envelope architecture and provides a standardised approach to metabolomics
validations in other organisms.
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Abstract: Glycogen-enriched biomass of Arthrospira platensis has increasingly gained attention as
a source for bioethanol production. To study the metabolic capabilities of glycogen production in
A. platensis C1, a genome-scale metabolic model (GEM) could be a useful tool for predicting cellular
behavior and suggesting strategies for glycogen overproduction. New experimentally validated
GEM of A. platensis C1 namely iAK888, which has improved metabolic coverage and functionality
was employed in this research. The iAK888 is a fully functional compartmentalized GEM consisting
of 888 genes, 1,096 reactions, and 994 metabolites. This model was demonstrated to reasonably
predict growth and glycogen fluxes under different growth conditions. In addition, iAK888 was
further employed to predict the effect of deficiencies of NO3−, PO43−, or SO42− on the growth and
glycogen production in A. platensis C1. The simulation results showed that these nutrient limitations
led to a decrease in growth flux and an increase in glycogen flux. The experiment of A. platensis C1
confirmed the enhancement of glycogen fluxes after the cells being transferred from normal Zarrouk’s
medium to either NO3−, PO43−, or SO42−-free Zarrouk’s media. Therefore, iAK888 could be served
as a predictive model for glycogen overproduction and a valuable multidisciplinary tool for further
studies of this important academic and industrial organism.
Keywords: Arthrospira platensis C1; bioethanol; cyanobacteria; genome-scale metabolic
model; glycogen
1. Introduction
Due to the environmental concerns of production and utilization of fossil fuels, researches towards
renewable energy are currently of great interest. Conversion of carbohydrate-enriched biomass of
microalgae has become one of the promising approaches for sustainable clean energy generation [1].
Since their carbohydrates are in the form of lignin-free cellulose, starch, or glycogen, microalgae are
much easier to convert to monosaccharides compared to lignocellulosic feedstocks [2]. In particular,
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prokaryotic microalgae, cyanobacteria, have certain advantages over eukaryotic microalgae for many
reasons. They possess peptidoglycan cell wall which is easily degraded by fermentation processes [3,4].
Moreover, cyanobacteria accumulate glycogen as storage carbohydrate which is an excellent feedstock
for fermentation over starch [4]. Furthermore, transformation systems in cyanobacteria have been
much better developed [5–7].
Arthrospira (Spirulina) platensis, a filamentous non-nitrogen-fixing cyanobacterium, is an attractive
candidate which has certain properties to be used as promising feedstocks for bioethanol production.
For example, it has the capacity to accumulate large amounts of glycogen during cultivation under
nutrient or environmental stresses [1]. The highest glycogen productivity of 0.29 g L−1 d−1 was
reported under NO3− depletion and high light intensity of 700 μmol photons/m2/s [8]. It also
has the unique impressive characteristics for industrial applications, including a contaminant-free
culture under the outdoor cultivation [9] and a fast bio-flocculation capability under nutrient starvation
condition [10]. Moreover, Aikawa et al. proposed a low cost technology that generates the highest yield
of bioethanol from carbohydrate-rich Arthrospira biomass by yeast fermentation [3]. Although research
works have showed the potential use of Arthrospira to generate bioethanol, however, the glycogen
productivity is still not high enough to profitably produce bioethanol at the commercial scale.
To overcome this challenge, strategies for enhancement of glycogen content in A. platensis is needed.
Among Arthrospira, A. platensis strain C1 is a good candidate for bioethanol production because it
has distinct advantages over the others in term of strain improvement, non-gliding property [9],
genome sequence [11], transformation systems [12], and the most comprehensive data at the molecular
level, transcriptomics [13,14] proteomics [15–17] and protein–protein interactions [18]. However, the
glycogen production in A. platensis C1 has not been investigated.
Driven by advancements in high-throughput biological and computational technologies,
genome-scale metabolic model (GEM), a mathematical form of the cellular metabolic network,
is currently being the indispensable tool for understanding cell phenotypes and providing rational
strategies to maximize production of a desired metabolic product [19]. GEMs of various organisms
across three domains of life, i.e., archaea, bacteria, and eukarya have been constructed and applied
in various research areas, ranging from industrial to medical biotechnology [20,21]. Flux balance
analysis (FBA) [22] is the most commonly used approach to simulate the GEMs. To investigate the
metabolic activity and integrate omics data for allowing comprehensive studies at the systematic level
of A. platensis C1, the first GEM of A. platensis C1, iAK692, was developed in 2012 [23]. This model
was applied to predict optimal growth behavior, metabolic phenotypes, and essential genes under
autotrophic, heterotrophic, and mixotrophic growth conditions.
Since bioinformatics tools, pathway/genome databases, and literatures have now been updated,
newly curated genes and biochemical knowledge have become available. In this research, an updated
GEM of A. platensis C1 named iAK888 was employed. iAK888 was built based on information of
iAK692 as well as new annotated and curated genomic and biochemical knowledge. The iAK888, a fully
compartmentalized GEM, is the most up-to-date comprehensive model for A. platensis. The model
was demonstrated herein to be a helpful tool for proposing the rational strategies for improvement of
glycogen production in A. platensis C1.
2. Materials and Methods
2.1. Genome-Scale Metabolic Network Reconstruction
The iAK888 was reconstructed by refining and updating the previously reconstructed
genome-scale model for A. platensis C1, iAK692 [23]. The first step in the metabolic network
reconstruction process was genome reannotation, which provided the initial set of gene–protein
reaction (GPR) associations. The draft genome sequence of A. platensis C1 (6.089 Mb; GenBank
NZ_CM001632) [11] was retrieved. A functional annotation was then performed using two independent
systems: (i) The rapid annotation of microbial genomes using Subsystems Technology (RAST)
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annotation servers [24] supported by the SEED [25] and (ii) Kyoto Encyclopedia of Genes and
Genomes (KEGG) Automatic Annotation Server (KAAS) [26]. To increase confidence in the annotation,
the predicted ORFs obtained from iAK692, RAST [18], and KAAS [26] were compared. Only the
shared ORFs were considered and any conflicting annotations were discarded. All transport genes and
reactions were identified using a BLAST search [27] against the Transporter Classification Database
(TCDB) [28].
Subsequently, a list of GPR associations was assembled and manually curated to reflect
actual physiology of A. platensis C1 based on various information sources including biochemical
databases [25,29,30], literatures [31–34], and curated genome-scale models, Synechocystis sp.
PCC6803 [35] and Escherichia coli [36]. Manual curation was performed according to the standard
reconstruction protocol [37]. A confidence scoring system [37] was employed to assign a confidence score
to every network reaction. The score reflects the amount of available evidence type, biochemical data,
genetic data, physiological data, sequence data, and modeling data, associated with individual reaction,
ranging from 1 to 4, where 1 is the lowest and 4 is the highest evidence score. The gene expression data
of A. platensis C1 (accession E-MTAB-2714) [14] were acquired from ArrayExpress in order to verify
existence of predicted ORFs involved in the reconstructed network. Briefly, gene expression data of
the control sample, in which A. platensis C1 was cultured in Zarrouk’s medium at 35 ◦C under a light
intensity of 100 μmol photons/m2/s, were preprocessed and normalized. Then, the average of the
log intensities between a housekeeping gene, 16S rRNA, and all genes were compared. Genes whose
expression were equal to or greater than the housekeeping gene indicated the evidence for the existence
of these genes and the associated reactions. Furthermore, all reactions were charge and mass balanced.
The reaction directions were also assigned based on the standard Gibbs free energy of reaction (ΔrGo)
provided by the SEED [25]. Formulas and charges for all metabolites were checked against KEGG [29]
and PubChem [38]. Subsequently, the cofactor specificity of the enzyme in A. platensis C1 was verified
using organism-related species literature. Cellular compartments of candidate genes and reactions
were determined based on the literature and the GEM of Synechocystis sp. PCC6803 [35]. Moreover,
BLAST search [27] and functional domain analysis using Pfam [39] were conducted to refine missing
and low confidence gene annotations. The ambiguous genes existing in the iAK692, but absent in the
annotation results of RAST [24] and KAAS [26] were removed.
Additionally, energy-generating cycles (type-II pathways) or internal cycles (type-III pathways)
were checked during the reconstruction process to ensure that ATP and NAD(P) could not be produced
without nutrient consumption. For ATP, the ATP maintenance flux was optimized when CO2 and
photon uptake fluxes were set to zero. For NAD(P), an artificial reaction NAD(P)H → NAD(P) + H
was added in the reconstructed network and optimized when CO2 and photon uptakes were not
available. If either ATP or NAD(P) could be produced without nutrient uptake, the reactions related to
the production of these energy metabolite were checked manually.
An organism-specific biomass equation, representing cell growth in silico, was formulated
and used as an objective function for simulating growth phenotypes through FBA [22]. The major
macromolecular constituents of biomass synthesis consisted of protein, carbohydrate, lipid, DNA,
RNA, pigments, vitamins, and minerals. The content of each constituent of iAK888, compared to
the previously published model, iAK692, is shown in Table 1. The protein, carbohydrate, and lipid
were estimated in the exponential growth phase of A. platensis C1 [40]. The stoichiometric coefficients
of DNA, RNA, and protein synthesis reactions were estimated from the nucleotide and amino acid
contents of the published genome of A. platensis C1 [11]. Moreover, the biomass equation for iAK888
also included pigments, vitamins and minerals, of which the coefficients were calculated based on the
published information of the closest species [41–45]. In this study, all stoichiometric coefficients in the
biomass equation were assumed to be constant under different environmental conditions. The detailed
calculation of the biomass equation is provided in Supplementary File S1.
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2.2. Flux Balance Analysis
Flux balance analysis (FBA) is a widely used constraint-based optimization approach for
predicting specific reaction rates (fluxes) of a large-scale network based on stoichiometry and
steady-state assumption [22]. Briefly, all reactions within a reconstructed genome-scale metabolic
network were converted into a stoichiometric matrix, S, in which each column and row represented
one unique reaction and metabolite, respectively. The entries of S are the stoichiometric coefficients
of metabolites participating in a reaction. By applying the mass balance constraints and steady state
assumption, the particular metabolite’s concentration change per unit time is equal to zero (Sv = 0),
where v represents the vector of reaction fluxes. Then, other constraints such as thermodynamic and
enzyme capacity were accounted, thereby, determining reaction directions (reaction directionality
and reaction reversibility) [46]. Reaction directionality is typically assigned based on a negative ΔrGo
while, reaction reversibility is a kinetic property of enzymes which are able to catalyze the reactions in
the forward and backward directions. Hence, thermodynamic constraints help to decide the reaction
directions in FBA. Finally, a linear programming was applied to maximize or minimize an objective
function, usually the biomass reaction flux. This optimization results in optimal objective flux and
optimal flux distribution of the metabolic network. In this work, the COBRA toolbox version 2 [47]
with MATLAB (The MathWorks, version R2015b) was employed to model and predict cell behaviors
i.e., specific growth rate and glycogen production flux.
2.3. Estimation of Glycogen Production Flux
To represent the glycogen metabolism in A. platensis, iAK888 incorporates 4 glycogen associated
reactions, i.e., (i) glycogen synthesis reaction, (ii) glycogen utilization reaction for biomass growth,
(iii) glycogen transport reaction for carbon storage and (iv) glycogen degradation reaction. In this work,
glycogen was treated as a monomer (C6H10O5, MW = 162.141) in the glycogen synthesis reaction where
one mole of glycogen was synthesized from one mole of glucose-1-phosphate by glycogen synthase
(glgA, EC 2.4.1.21). In addition, glycogen phosphorylase (glgP, EC 2.4.1.1) that is responsible for the
glycogen degradation was assumed to be inactive under autotrophic growth. Thus, the glycogen
production flux was simply determined from the flux of the glycogen synthesis reaction.
2.4. Model Validation
To evaluate the accuracy of the reconstructed metabolic model, comparisons between predicted
phenotypes and experimental data, including a maximal growth rate under different growth conditions
and maximal carbohydrate production flux under nitrogen depletion condition were performed.
For prediction of the maximum specific growth rate, the experimental data sets in which
A. platensis C1 was grown under autotroph, heterotroph, and mixotroph were calculated and used
as the input parameters. Cells grown under autotrophic conditions were simulated and compared,
including two independent sets of A. platensis C1 experiments, (i) setting the photon uptake rate
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to 100 μmol photons/m2/s and HCO3− uptake rate to 0.2 mmol/gDCW/h [23] and (ii) setting the
photon uptake rate to 200 μmol photons/m2/s and HCO3− uptake rate to 0.25 mmol/gDCW/h [48].
Cells grown under a heterotrophic condition were simulated by setting the photon uptake rate to zero
and glucose uptake rate to 0.017 mmol/gDCW/h [23]. For mixotrophic condition, cell growth was
simulated by setting the photon uptake rate to 100 μmol photons/m2/s, HCO3− uptake rate to 0.2
mmol/gDCW/h, and glucose uptake rate to 0.017 mmol/gDCW/h [23].
To further assess the reliability of the model, the maximum total carbohydrate production flux
under nitrogen depletion condition was predicted. The photon and HCO3− uptake rate were set at
100 μmol photons/m2/s and 0.2 mmol/gDCW/h, respectively. NO3− uptake rate and specific growth
rate were set to zero as observed in the experiment [49]. The objective function was accounted for
maximizing the carbohydrate production flux.
For all the simulations, the uptake rates of all nutrients present in the Zarrouk’s medium [50] were
constrained as 0 to −1000, while the transport fluxes of CO2, O2, and H2O were left unconstrained.
In addition, all photons were assumed to be absorbed and used for driving photosynthesis without
the influence of photoinhibition.
2.5. Simulation of Glycogen Production Under Nutrient-Limited Conditions
The effect of NO3−, PO43−, and SO42− on growth and glycogen production were simulated
by FBA [22] under the autotrophic condition. The specific uptake rate of HCO3− was fixed at
1.6 mmol/gDCW/h for all simulations to guarantee an excess carbon condition. The maximum photon
uptake flux was set to 100 μmol photons/m2/s. The effect of each nutrient on specific growth rate and
total glycogen production flux was analyzed by varying the uptake flux values of each nutrient, NO3−,
PO43−, and SO42−. The objective function was set to maximize the flux of the glycogen synthesis
reaction. Additionally, flux variability analysis (FVA) [51] was performed to determine the minimum
and maximum possible fluxes under the simulation conditions. Geometric FBA [52] was also used to
determine a unique optimal solution which is central to the range of possible flux distributions.
2.6. Experimental Validation
To evaluate the validity of iAK888, A. platensis C1 (PCC9438) was cultured in 1 L Erlenmeyer
flasks containing 500 mL of Zarrouk’s medium [50] at 35 ◦C under white fluorescent illumination
at 100 μmol photons/m2/s until mid-logarithmic phase. Then, the cells were transferred to three
different Zarrouk’s media, lacking either nitrate (NaNO3 and Co(NO3)·6H2O), or phosphate (K2HPO4),
or sulfur (K2SO4, FeSO4·7H2O, MgSO4·7H2O, ZnSO4·7H2O, CuSO4·5H2O, NiSO4·7H2O, Ti(SO4),
and K2Cr2(SO4)4·24H2O), and then re-incubated under the same incubation conditions as mentioned
above. The control experiments were carried out in normal Zarrouk’s medium formulation [50].
Samples were collected at each time point 0, 3, 6, 12, 18, 24, 48, 72 and 96 hours after the cells were
transferred to different media, and were kept frozen at −80 ◦C for further analysis. All experiments
were repeated in triplicate.
To analyze growth of A. platensis C1, the cell concentration was quantified by turbidity based
on the optical density at 560 nm (OD560) using a Genesys 20 spectrophotometer (Thermo scientific,
Waltham, MA) and measured for dry cell weight (DCW). The correlation between OD560 and DCW
(DCW in g/L = 1.0888xOD560) was calculated based on triplicated experiments. Glycogen content
was measured using iodine-glycogen assay [53]. Briefly, 100 μL of wet cell was mixed with 50 mg
of glass beads and 500 μL of phosphate-buffered saline. The samples were vortexed at maximum
speed for 5 min and incubated at 65 ◦C for 10 min. The samples were then centrifuged at 12,000 rpm
for 10 min at 4 ◦C. Subsequently, 100 μL of supernatants were mixed with 5 μL of iodine solution in
Greiner 96-well plate and incubated at 25 ◦C for 1 min. Absorbance was determined using Microplate
reader (Tecan Infinite M200, Mannedorf, Switzerland) at a wavelength of 492 nm. The glycogen
concentration of the samples was calculated using the equation obtained from the linear regression of
the standard curve.
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3. Results and Discussion
3.1. Reconstruction of the Updated Genome-Scale Metabolic Network of A. platensis C1
Genome annotation showed that the rapid annotation of microbial genomes using Subsystems
Technology (RAST) annotation servers [24] predicted a total of 2626 (1759 unique genes), whereas the
KEGG Annotation Server (KAAS) [26] predicted a total of 1729 genes (1011 unique genes). Using the
previously published genome-scale reconstruction for A. platensis C1 (iAK692) [23] as a reference,
the annotation results overlapping among these three sources were analyzed. There were 513 conserved
genes while 70 genes were shared between iAK692 [23] and KAAS [26]; 45 genes were shared between
iAK692 [23] and RAST [24]; 275 genes were shared between RAST [24] and KAAS [26] (Figure S1).
These large overlaps found between sources indicated good annotation quality. Genes found in all
sources or two of the sources were considered to have the high reliability. Regarding to the transport
gene annotation, approximately 116 new transport genes in the genome encoding for transporters
or transport-related proteins were obtained from KAAS [26] and TCDB [28]. This is because the
transportation mechanisms in iAK692 [23] were only diffusion reactions. Thus, in this reconstruction,
ABC transport reaction and symport or antiport reactions were addressed based on annotation-based
inference of transporter function to represent the transport machinery of A. platensis C1. Subsequently,
the GPR of all candidate genes were then manually curated based upon various information such as
physiological evidence in literature, gene expression [14], and biochemical databases. Importantly, the
reactions involved in glycogen biosynthesis and degradation pathways were elaborated.
The reactions were balanced for charge and mass to prevent infeasible cycles. However, there
were still mass- and charge-unbalanced reactions because either the associated metabolites contained
an unspecified metabolite, R groups, or the correct reaction mechanism was unknown. During the
curation, a metabolic gap was identified and filled through repeated cell growth simulations using
FBA [22] until a positive flux on the biomass reaction was observed. These processes led to the
modification of genes, reactions, and metabolites in iAK692 [23] and addition of new metabolic genes
and their associated reactions in the updated model. For genes, 60 (6%) genes were removed, 268 (28%)
genes were added, and 620 (66%) were refined. For reactions, 202 (15%) reactions were removed,
423 (33%) were added, and 673 (52%) were refined. For metabolites, 140 (12%) metabolites were
removed, 297 (26%) were added, and 697 (62%) were refined (see Supplementary File S2 for details).
Obviously, significant improvements in annotation resulted from not only re-annotation information
collected from RAST [24] and KAAS [26] but also a manual effort to assess the reliability of such
annotation. This is a crucial prior step to address the careful revision of the first genome-scale network
reconstruction and derived constraint-based model of A. platensis C1 published in 2012 [23].
3.2. Characteristics of iAK888 and Comparison
iAK888 contains 1096 metabolic reactions, 994 metabolites, and 888 genes-representing 15% of total
protein coding genes in the genome [11]. Of all reactions, 751 (68.5%) were gene associated enzymatic
reactions whereas non-gene associated enzymatic reactions, transport reactions and exchange reactions
were 66 (6%), 182 (16.6%) and 97 (8.9%), respectively (Table 2). The reactions revealed 9 major
subsystems (Figure 1A) including 56 metabolic pathways, as defined by KEGG [29]. Vitamins and
cofactors metabolism and transport represented the largest portions of the network. These likely
represented A. platensis physiology, an excellent source of vitamins [9] and reflected the fact that
approx. 6% of A. platensis C1 genome encoded for transporters [11]. The reactions distributed over six
cellular compartments including carboxysome, thylakoid lumen, thylakoid membrane, cytoplasmic
membrane, cytoplasm and periplasm, with the majority of reactions localized to the cytosol (Figure 1B).
This observation agreed well with the known life cycle of A. platensis [9]. Figure 1C showed the
non-gene associated and gene associated reaction involved in each pathway. Notably, these non-gene
associated reactions were required to complete the metabolic network of A. platensis C1 and were also
observed in other GEMs [54,55]. Besides, the metabolites localized in different compartments of the
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fully compartmentalized model are considered as distinct metabolites. Therefore, without considering
subcellular sites, the model accounted for 796 unique metabolites. Additionally, the quality of model
reconstruction was assessed using the confidence scores associated to each reaction (Figure S2).
The overall confidence score was 3.38. Almost 89% of the internal reactions (936) have been either very
well or well-studied where extensive physiological and sequence evidences are available, while 11%
were primarily based on the genome annotation and modeling hypotheses. The new metabolic network
reconstruction for iAK888 is provided in a spreadsheet format (Supplementary File S3) that includes
curation notes and references.
Table 2. Comparison of network model characteristics of A. platensis species.
Arthrospira Species A. platensis C1 A. platensis NIE-39
Genome Statistics - -
Genome size (bp) 6,089,210 6,788,435
Protein coding genes 6108 6630
Gene with enzymes 952 905
Transporter genes 345 NA
Model Name/Characteristics iAK888 iAK692 -
Total genes in model 888 (15%) 692 (11%) 620 (9%)
- Metabolic genes 767 692 579
- Transporter genes 121 0 41
Total biochemical reactions 1096 875 746
- Metabolic reactions 817 699 652
- Transport reactions 182 88 60
- Exchange reactions 97 88 34
Metabolites 994 837 673
Compartments 6 2 2
Reference This study [23] [55]
The properties of iAK888 were compared with the properties of two published GEM of
A. platensis NIE-39 [55] and the first GEM of A. platensis C1 [23]. The iAK888 appeared to contain
the largest number of genes, reactions, metabolites, and sub-cellular compartments (Table 2).
It was evidently clear that the model reported in this research was the largest in terms of gene
coverage. A comparison between iAK888 and iAK692 [23] specifically showed that iAK888
represented an increase in number of genes, reactions, and metabolites over iAK692 [23], by 196,
221, and 157, respectively (Figure 2A). Of the increased genes, 75 (38%) genes were the updated
metabolic genes whereas 121 (62%) genes were the additional transport genes. The reactions
associated to these genes covered a wide array of key metabolic functions mainly relevant to
carbohydrate metabolism, lipid metabolism, vitamins and cofactors metabolism, and transports
(Figure 2B). Furthermore, this effort was made to reconstruct some of the pathways which were
either incomplete or not considered in the previous reconstruction such as tricarboxylic acid cycle
(TCA) cycle, photosynthesis and oxidative phosphorylation, carbon concentrating mechanism
(CCM), fatty acid biosynthesis, glycogen metabolism, polyhydroxyalkanoates biosynthesis, and
hydrogen biosynthesis (Figure 2C). The incomplete TCA cycle in iAK692 [23] was improved
based on the latest evidence reported in cyanobacteria [31,56]. Subsequently, the description of
photosynthesis and oxidative phosphorylation was significantly improved according to a model
organism, photosynthetic Synechocystis sp. PCC 6803 [35]. These included the photosynthetic linear
electron flow (LEF) pathway [57], including photosystem I and II, alternate electron flow (AEF)
pathways [58], and photorespiration [59]. In addition, the molecular components involved in CCM
of A. platensis C1 were annotated and incorporated for a more precise understanding of the primary
carbon metabolic route. There are 18 genes/proteins associated to the CCM in iAK888. Finally,
reactions associated with polyhydroxyalkanoates and hydrogen biosynthesis were formulated to
complement the physiological ability of A. platensis C1. In summary, iAK888 was considered to be the
most comprehensive A. platensis model to date.
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Figure 1. Properties of the updated genome-scale metabolic network of A. platensis C1. Distribution
of reactions in each metabolism (A), Distribution of reactions in each cellular compartment (B),
Gene associated and non-gene associated reaction in each metabolic pathway (C).
 
Figure 2. Comparison between iAK888 and iAK692. Overview features of iAK888 compared
to iAK692 (A). Number of reactions in each metabolism of iAK888 compared to iAK692 (B).
Schematic representation of iAK888 and the example of the filled pathways compared to iAK692
(C). Zoomed out sections are pathways that were completed in iAK888. Red texts and arrows indicate
missing pathways in iAK692.
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3.3. Validation of iAK888
For the growth verification, results showed that the model accurately predicted the growth rates
with the error less than 5% in all culture conditions (Table 3). Moreover, the model generated oxygen
under autotrophic and mixotrophic growth conditions. The released oxygen content under autotroph
was higher than mixotroph. On the other hand, the model consumed oxygen and produced CO2
under heterotrophic simulations. These results suggested that iAK888 was able to represent the basic
behavior of A. platensis C1. The models in SBML format for all four growth conditions are provided in
Supplementary File S4–7. Besides, flux distributions of these three growth conditions are presented in
Supplementary File S8.
Table 3. Comparison of in silico and experimental growth.
Growth
Condition












Autotroph 100 0.2 0 0.0255 [23] 0.0252 1.2
Autotroph 200 0.25 0 0.0331 [48] 0.0334 0.9
Heterotroph 0 0 0–0.017 0 [23] 0 0
Mixotroph 100 0.2 0–0.017 0.0262 [23] 0.0260 0.8
Furthermore, an effort was made to investigate the total carbohydrate production flux under
NO3− depletion. The simulation was performed to imitate the experimental conditions [49] with
the following parameters: HCO3− uptake rate, 0.2 mmol/gDCW/h; photon uptake rate, 100 μmol
photons/m2/s; no growth and NO3− uptake rate. The objective function was set to maximize the
total carbohydrate production flux. Result showed that the in silico total carbohydrate production flux
(0.0868 mmol/gDCW/h) was consistent with the experimental production (0.081 mmol/gDCW/h) [49].
The models in SBML format and flux distributions can be found in Supplementary File S9 and S10,
respectively. These results suggested that iAK888 could predict the growth rates and carbohydrate
production of A. platensis C1 reasonably well.
3.4. Prediction of Glycogen Overproduction Using iAK888
Herein, the impacts of nutrient starvation on growth and glycogen production were simulated to
predict cultivation strategies for enhancing glycogen content in A. platensis C1. iAK888 was simulated
by varying the uptake flux of NO3−, PO43−, and SO42− under autotrophic conditions with the
following parameters: HCO3− uptake flux, 1.6 mmol/gDCW/h; photon uptake flux, 100 μmol
photons/m2/s. In overall, limitation of NO3−, PO43−, and SO42− uptakes and the excess HCO3−
resulted in the negative effect on growth, while revealed positive effect on glycogen production
(Figure 3A–C). Obviously, the specific growth rate rapidly decreased when limited levels of NO3−,
PO43−, and SO42− were introduced. Apparently, iAK888 expressed ability to rapidly accumulate
glycogen when the uptake flux of each nutrient was lower than the optimal uptake flux for biomass
production. On the other hand, when the uptake flux of each nutrient was higher than the optimal
uptake flux for biomass production, the glycogen production flux exhibited no flux values.
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Figure 3. Prediction of nutrient effect on growth and glycogen production. The biomass and glycogen
production as the functions of uptake fluxes of NO3− (A), PO43− (B), and SO42− (C). Dashed line
indicates the optimal uptake rate for growth.
The internal metabolic fluxes throughout the central metabolism were determined using geometric
FBA [52]. HCO3− uptake rate was constrained to 1.6 mmol/gDCW/h whereas, NO3−, PO43−,
and SO42− were constrained to half of the optimum uptake rate for growth. Flux map (Figure 4)
showed that all reactions in the central metabolism were activated to provide maximum biomass.
The excess carbon was secreted as glycogen under NO3−, PO43−, and SO42−-insufficient growth.
Fluxes comparison under different perturbations provided information on how central metabolic
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reactions respond to the altered growth condition, although each perturbation resulted in the similar
overall phenotype. They exhibited different flux patterns. All fluxes in the central metabolisms
were higher under NO3−-limited growth than the normal growth considered as NO3−-sufficient
condition. All fluxes in the TCA cycle and some reactions of the glycolysis and non-oxidative pentose
phosphate pathway were lower under PO43−, and SO42−-limited growth than the normal growth.
A consequence of increased fluxes and metabolites in the central carbon pathway under NO3−
starvation led to the enhanced synthesis of glycogen in iAK888. This showed some agreements
with recent metabolomic observations during the glycogen production phase in A. platensis NIE-39
cultured under nitrate-free (Society of Toxicology) SOT medium [60]. The time-course analysis of the
primary metabolites content revealed a transient increase of glucose-1-phosphate, glucose-6-phosphate,
fructose-6-phosphate, 2-ketoglutarate, succinate, and malate. Besides, simulation of each nutrient
limitation with excess carbon showed secretion of pyruvate, acetate, and lactate (see Supplementary
File S11–13). In agreement with the experimental results, it was found that A. platensis NIES-39 cultured
under nitrate-limited condition produced pyruvate, acetate, and lactate in the culture medium [55].
Regarding to PO43−, and SO42− starvation, the simulation results showed that the changes in flux
patterns of both nutrients were very similar. Obviously, limitation of these nutrients greatly affected
the fluxes through phosphoglycerate mutase, enolase, pyruvate kinase, and malate dehydrogenase
reactions in comparison to the normal growth and NO3−-limited conditions. These much lower fluxes
occurred at the branch points where the precursor metabolites were drained for the synthesis of amino
acid. However, future inclusion of such experimental data could be expected to verify the prediction
of flux distribution under each nutrient limitation.
Figure 4. Illustrative fluxes in central metabolic predicted by geometric FBA for each growth condition:
Control (black), NO3−-limited (NO3−, blue), PO43−-limited (PO43−, green) and SO42−-limited
(SO42−, orange). The diagram included key reactions including the glycolysis, the carbon fixation
through CO2-concentrating mechanism, the nonoxidative pentose phosphate pathway, the TCA cycle,
and biosynthetic pathways of glycogen. Single and double-headed arrows indicate reactions assumed
to be irreversible and reversible, respectively. Numbers labeled at the corresponding arrows show flux
values in mmol/gDCW/h.
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3.5. Experimental Validation of iAK888 Prediction for Glycogen Overproduction
Since iAK888 suggested that NO3−, PO43−, and SO42− starvation enhance glycogen content in
A. platensis C1, -growth rate and glycogen production under NO3−, PO43−, and SO42− depletion was
experimentally determined. A. platensis C1 was cultured with standard Zarrouk’s medium [50] and
cells were transferred to nitrogen, phosphorus, or sulfur depleted Zarrouk’s medium [50]. Changes in
cell growth and glycogen content of A. platensis C1 were investigated for 96 h. Regarding to growth
in term of dry weight (Figure 5A) and growth rate (Figure 6A), the results showed no significant
differences between control and experiments in the first 18 h. However, further incubation for 96 h,
the dry weight and the growth rate under NO3− and SO42− starvation decreased significantly (p < 0.05)
whereas the dry weight under PO43− starvation gradually increased, even though the growth rate was
lower than that of the control. An increase in growth observed during the first 18 h might be due to
the results from availability of endogenous nitrogen, phosphorus, and sulfur. In terms of glycogen
content (Figure 5B) and glycogen production flux (Figure 6B), cells subjected to PO43− and SO42−
depletion showed a significant increase in glycogen content and production flux (p < 0.01) in the first
18 h. In contrast, the significant increase in glycogen content and production flux were observed in the
NO3−-free medium after 24 h (p < 0.01).
Figure 5. Growth (A) and glycogen content (B) of A. platensis C1 under nutrient starvation at 0–96 h.
Culture conditions of Control (), NO3− ( ), PO43− () and SO42− ().
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Figure 6. The specific growth rate growth (A) and the glycogen production flux (B) under the
control, NO3−-depleted, PO43−-depleted and SO42−-depleted conditions. * and ** represent significant
difference at the p-value < 0.05 and the p-value < 0.01, respectively.
Compared to the results predicted by FBA simulations, glycogen flux was considered to be
consistent with those obtained by experiments, suggesting that NO3−, PO43−, and SO42− depletion
induced an increase of glycogen production in A. platensis C1. Notably, only the growth rate under
PO43− starvation between the experimental and iAK888-simulated fluxes had no significant difference.
It should be noted that despite FBA [22] being widely used approach for simulating a large-scale
cellular metabolism under a certain condition, this method could only be used to predict the steady
state snapshot of flux distribution. Thus, using the FBA approach [22] was unable to directly analyze
the transient states of cell metabolism such as a concentration of metabolite and dynamic change
in the flux with time. These reasons might cause the discrepancy between the FBA simulation and
the experiment.
4. Conclusions
In this study, an improved genome-scale model for A. platensis C1, iAK888, was performed.
The iAK888 model displayed a highly detailed reconstruction capturing the fundamental knowledge
and the significantly biotechnological capabilities as compared to the previous model, iAK692.
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The iAK888 model was demonstrated to be a suitable model for prediction of growth and carbohydrate
production flux of A. platensis C1 under various conditions. Moreover, it was demonstrated that
the iAK888 model could suggest rational cultivation strategies for overproduction of glycogen in
A. platensis C1. In the future, this new model shall be a versatile platform for further studies towards
glycogen-enriched A. platensis C1 as an alternative feedstock for bioethanol production.
Supplementary Materials: The following are available online at http://www.mdpi.com/2218-1989/8/4/84/s1.
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Abstract: We evaluate the effects of nutrient limitation on cellular composition of polar lipid classes/species
in Chlorella sp. using modern polar lipidomic profiling methods (liquid chromatography–tandem mass
spectrometry; LC-MS/MS). Total polar lipid concentration was highest in nutrient-replete (HN)
cultures with a significant reduction in monogalactosyldiacylglycerol (MGDG), phosphatidylglycerol
(PG), phosphatidylcholine (PC), and phosphatidylethanolamine (PE) class concentrations for
nutrient-deplete (LN) cultures. Moreover, reductions in the abundance of MGDG relative to total
polar lipids versus an increase in the relative abundance of digalactosyldiacylglycerol (DGDG) were
recorded in LN cultures. In HN cultures, polar lipid species composition remained relatively constant
throughout culture with high degrees of unsaturation associated with acyl moieties. Conversely, in LN
cultures lipid species composition shifted towards greater saturation of acyl moieties. Multivariate
analyses revealed that changes in the abundance of a number of species contributed to the dissimilarity
between LN and HN cultures but with dominant effects from certain species, e.g., reduction in
MGDG 34:7 (18:3/16:4). Results demonstrate that Chlorella sp. significantly alters its polar lipidome
in response to nutrient limitation, and this is discussed in terms of physiological significance and
polar lipids production for applied microalgal production systems.
Keywords: polar lipids; Chlorella sp.; LC-MS; nutrient limitation
1. Introduction
Lipids (e.g., triacylglycerols, wax esters, sterol esters, and polar diacylglycerols) are important
constituents of microalgal cells with a broad range of cellular functions including energy storage,
membrane structure and integrity, photosynthesis, metabolism, and cell–cell signaling [1–3].
In actively growing microalgae, the majority of the fatty acids produced are constituents of polar
diacylglycerols (polar lipids), including different classes of glycolipids (monogalactosyldiacylglycerol
(MGDG); digalactosyldiacylglycerol (DGDG); sulfoquinovosyldiacylglycerol (SQDG)), phospholipids
(phosphatidylcholine (PC), phosphatidylglycerol (PG), phosphatidylethanolamine (PE)), and betaine
lipids (e.g., diacylglyceryl trimethyl homoserine (DGTS); see Figure S1 for different polar lipid
structures). In green algae, the glycolipids are predominantly composed of 16- and 18-carbon fatty acyl
groups which are often polyunsaturated (PUFA), e.g., the omega-3 fatty acid α-linolenic acid (18:3), and
are located in thylakoid and chloroplast membranes where they have pivotal roles in photosynthesis,
signaling, and regulation [4]. MGDG is usually the most abundant glycolipid (40–55% of plant lipids)
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compared to DGDG (15–35%) and SQDG (2–40%). Unlike MGDG and DGDG, evidence suggests
that SQDG has no specific role in photosynthesis but can act as a substituent for phospholipid under
conditions of phosphate limitation [5]. Of the phospholipids, PG is essential for growth and for the
photosynthetic transport of electrons and the development of chloroplasts [6]. PE is a nitrogen-containing
non-bilayer forming lipid, constituting up to 50% of mitochondrial membrane lipids [7], and has been
shown to have an activate role in the xanthophyll cycle [8]. Other than PG, the other lipid classes
(PC, PE, betaine lipids) are mainly found in extra chloroplastid membranes within cells. The role
of betaine lipids is largely unknown although evidence suggests they can act as a substituent for
PC (zwitterionic membrane lipid) in non-PC-producing algae [9]. The composition of fatty acids
(different chain lengths and degrees of unsaturation) associated with microalgal lipids varies with
growth conditions, including nutrient limitation [10–16], giving rise to the potential for variation in
the number and combination of molecular species contained within each polar lipid class. Therefore,
assessment of polar lipid species regulation is essential in elucidating the fundamental lipidomic
response and subsequent metabolic regulation within microalgae exposed to different conditions.
In recent years, there has been a growing interest in the applications and bioactivity of polar lipids
(especially glycolipids) from algae for use in a range of biotechnological industries [17]. For example,
demonstrated glycolipid (MGDG, DGDG, and SQDG) activities include induced apoptosis of
human colon carcinoma Caco-2 cells [18], growth inhibition of human melanoma cells and human
hepatocellular carcinoma cell lines [19,20], anti-inflammatory activity [21], cholinesterase inhibitory
activity [22], activity against protozoans [23], and antibacterial, antiviral, and fungal growth
inhibition [24–27]. The bioactivity of glycolipids has been demonstrated to be related to chemical
structure where the sugar molecule and its anomeric configuration, and the carbon length of the acyl
chains, are important [28]. The application of phospholipids (irrespective of source) is well recognised,
especially in nutraceutical industries, which often take advantage of the amphiphilic nature of these
chemicals (see [29]). Since a wealth of information suggests significant biotechnological potential of
polar lipids extracted from algae including microalgae, and that the activity of these compounds is
influenced by their chemical structure, research is also required to understand the effect of culture
conditions on the yield and chemical nature of these compound classes and the species they contain
with a view to commercial realisation of microalgal-polar lipid production systems.
The microalga Chlorella sp. (Chlorophyceae-green alga) is widely recognised as a useful strain
for biotechnology [30], and has been extensively studied under a range of growth conditions,
especially nutrient limitation, for the production of triacylglycerol lipids, with a focus on biofuel
production [31–35]. Much less is known of the effects of nutrient limitation on the polar lipidome of
microalgae, which is important for understanding how microalgae respond to stress by way of lipid
metabolism regulation. To better understand these changes, the identification and quantification of
polar lipid species can be achieved by using modern liquid chromatography-tandem mass spectrometry
(LC-MS/MS) techniques. Indeed, using this approach, polar lipid species profiling has been performed
on other microalgae species under different culture conditions, including nutrient stress [36–43].
However, detailed studies concerning the identification and quantification of polar lipid species and
their modulation in Chlorella sp. under nutrient stress, are surprisingly limited.
In this study, a Chlorella sp. isolate was maintained and batch-cultured under different nutrient
conditions (nutrient-replete and nutrient-deplete) and was comprehensively evaluated for polar
lipid composition and production using a modern mass spectrometry-based approach (LC-MS/MS),
to understand how the microalga alters the polar lipidome in response to these environmental
conditions. It is envisaged that this fundamental information will be important for understanding
the microalgal polar lipidomic response to nutrient deprivation, and for the optimisation of future
applied microalgae-polar lipid production technologies and platforms. Findings are discussed in both
these contexts.
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2. Materials and Methods
2.1. Microalgal Strain and Culture Conditions
Stock cultures of the Chlorella sp. were maintained in the respective experimental media (see
below) for a minimum of 6 months with weekly sub-culturing (10% v/v) in fresh media to ensure full
physiological adaptation to media nutrient concentrations. All cultures were maintained at 25 ◦C under
100 μmols photons m2 s−1 irradiance and 16:8 h light/dark cycle. The culture was originally isolated
from an open pond textile factory wastewater in Chennai, India (provided by Dr. Sivasubramanian,
Phycospectrum Environment Research Centre, Chennai, India). Species confirmation was provided
both taxonomically and by molecular sequencing (GenBank: MF692949.1).
Experimentally, Chlorella sp. stock cultures were inoculated (1% v/v) into replicate (n = 2) aerated
culture flaks (2 L) containing 1 L of either high nutrient-replete (HN) media where nutrients (nitrogen
and phosphorous) were known to be replete throughout the culture period, or nutrient-limited media
(LN media) where nutrients were known to be exhausted during the culture period (see Table S1 for
composition of the media) and grown in batch cultures for up to 16 days. Replicate samples of cultures
(typically 10 mL) were taken daily for nutrients, biomass (particulate organic carbon), and cell (Chlorella
and bacteria) enumeration (see below). Although axenic practices were employed, the Chlorella sp.
strain used was non-axenic, so bacteria numbers were assessed to determine contribution (based on
cellular carbon estimates) to culture biomass and lipid composition. Replicate samples for polar lipid
and total fatty acid analyses were taken at different growth stages of the batch cultures: exponential
growth phase (Day 4), linear growth phase (Day 9), and late linear or stationary phase (depending on
treatment, Days 14–15; see below).
2.2. Bacterial Cell Enumeration (Flow Cytometry)
Samples of culture (1 mL) were taken and fixed with 50 μl of 50% glutaraldehyde and stored
at −80 ◦C until analysis. After thawing, the samples were stained with the DNA stain SYBR green
(Fisher Scientific, Leicestershire, UK) for 1 h and then analysed using a FACSort flow cytometer (Becton
Dickinson, Oxford, UK). Flow cytometer flow rate was calibrated (ca. 11 μL min−1) and samples were
diluted if required to maintain counts below 1000 events s−1.
2.3. Particulate Organic Carbon (POC) and Nitrogen Analyses
Cellular material was harvested from cultures by filtration of accurately measured culture volume
(typically 5–10 mL) onto ashed glass fiber filters (Whatman GF/F, 25 mm), dried at 60 ◦C and acidified
by fuming with hydrochloric acid prior to analysis. All carbon and nitrogen analyses were carried
out on a Thermoquest FlashEA 1112 elemental analyser. Lipid concentrations in cultures (mg mL−1;
see below) were subsequently normalised to culture biomass (mg C mL−1) based on the culture volume
from which lipid extracts were generated.
2.4. Nutrient Analyses
For media nutrient analyses, 10 mL samples of culture were membrane-filtered (0.2 μm) and
the filtrate stored (−20 ◦C) in an acid-washed bottle to await analysis. After thawing, samples were
analysed for nitrate and phosphate concentrations using a nutrient autoanalyser (Branne and Luebbe,
AAIII, SPX Flow Technology Ltd., Brixworth, Northampton, UK) using standard methods [44,45].
2.5. Lipid Extraction
Culture samples (50 mL) were filtered under light vacuum onto ashed glass fiber filters (Whatman
GF/F; 47 mm; n = 3) and then stored at −80 ◦C prior to analyses. Lipid extracts were generated using
chloroform/methanol (2:1) and sonication to disrupt cellular material [46]. Samples were further
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extracted with 100% chloroform to ensure complete lipid extraction. Lipid-containing layers were
pooled, dried under vacuum, and stored at −80 ◦C in 1 mL of chloroform/methanol (2:1).
2.6. Polar Lipid Analyses (Liquid Chromatography–Electrospray Ionisation Mass Spectrometry
(LC-ESI-MS/MS))
Synthetic phospholipid (dipalmitoyl-PG, -PE, -PC) and betaine lipid (DGTS) standards were
purchased from Avanti Lipids Inc. (Alabaster, AL, USA). Purified natural glycolipid standards (MGDG,
DGDG, and SQDG) were purchased from Lipid Products (South Nutfield, UK).
Polar lipid standards or aliquots (400 μL) of dried (under N2) lipid extract (see above) were
re-suspended in dichloromethane/methanol (9:1 v/v; 100 μL) and analysed by LC-ESI-MS as previously
described [47]. Samples were injected (2 μL) into an Agilent 1200 LC system (Agilent Technologies UK Ltd.,
Stockport, Cheshire, UK), and polar lipid classes were chromatographically separated on a 150 × 2.1 mm i.d.,
5 μm diol particle size column (PrincetonSpher: Princeton Chromatography Inc., Cranbury, NJ, USA) using
a gradient of 100% Solvent A to 52% Solvent B over a period of 20 min and to 71.5% B over 5 min, and
this was then held for 10 min, prior to 10 min equilibration time at original solvent conditions. Flow rate
was 0.4 mL min−1 for 40 min and then increased to 1 mL min−1 for rapid column equilibration.
Solvents were as follows: Solvent A = 800:200:1.0:0.4 n-hexane/isopropanol/formic acid/25% aqueous
ammonium hydroxide; Solvent B = 900:100:1.0:0.4 isopropanol/water/formic acid/25% aqueous
ammonium hydroxide. The LC system was coupled to an ion trap mass spectrometer (Agilent 6330:
Agilent Technologies UK Ltd., Stockport, Cheshire, UK) with an electrospray ionisation (ESI) source
operated in both positive and negative ionisation modes (all samples run separately in each mode).
Nitrogen was used as both the nebuliser and drying gas. The MS detector settings were as follows:
nebuliser: 35 psi; dry gas flow: 10 L min−1; drying temperature: 200 ◦C; capillary voltage: 4500V;
MS/MS fragmentation amplitude: 1.5 V; isolation width: 4 m/z units. Other trap parameters were
optimised by infusing standard solutions in isocratic mixtures of Solvents A and B.
Using these conditions under positive ionisation, protonated ions ([M+H]+; PE, PC, DGTS) or
ammonium adducts ([M+NH4]+; PG, MGDG, DGDG, SQDG, DGTS) of lipid species were formed,
and characteristic class-specific neutral loss or product ions were generated in MS/MS data ([47];
see Table S2). Standard curves were generated from the extracted ion chromatogram of the molecular
ion (or sum of molecular ions in the case of the glycolipid standards) in positive ionisation mode.
All chromatograms (including standards) were smoothed (3 s cycle width) prior to integration. Linear
detection ranges were 5–60 pg on column for the glycerophospholipids, SQDG, DGDG, and DGTS and
5–20 pg for MGDG. Zero values reported for polar lipid concentrations were below these linear limits
of detection. Standard polar lipid concentrations were reproducible within 10% error between repeat
injections, and a concentration range of standard mixtures was injected every 10 samples to monitor
instrument response and ensure linearity.
For lipid extracts, determination of the major molecular ions within each lipid class was based on
parent molecular ion, comparative retention times with standards, and confirmation of characteristic
neutral loss and product fragmentation ions (headgroup) in MS/MS spectra in positive ionisation
mode (see Table S2). A subset of samples was used to determine prominent acyl ion combinations
in individual species by confirming acyl fragments in MS/MS spectra in either positive (MGDG,
DGDG, SQDG; [RCOO+C3H5O]+ fragments) or negative (PG, PE, PC, DGTS: [RCOO]− fragments)
ionisation modes (see Figure S2 for examples). For quantification, extracted ion chromatograms
(positive ionisation mode) were generated for each species (molecular ion) and peak areas integrated
and quantified based on generated standard curves in the absence of appropriate internal standards
(see above). Reported total lipid class concentrations (the sum of polar lipid species concentrations
within the respective class) in biomass were subsequently calculated based on the total volume of
lipid extract derived for known culture biomass (see particulate organic carbon and lipid extraction
sections above).
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2.7. Fatty Acid Analyses (Gas Chromatography-Mass Spectrometry: GC-MS)
Fatty acid composition was also determined in lipid extracts (no prior separation of lipid classes).
400 μL of lipid extract was dried under a gentle stream of nitrogen before adding nonadecanoic acid
(C19:0; 20 μL, 1 mg mL−1) as an internal standard. Cellular fatty acids were converted directly to
fatty acid methyl esters (FAMEs) by adding 1 mL of transesterification mix (95:5 v/v 3N methanolic
hydrochloric acid/2,2-dimethoxypropane) followed by incubation at 90 ◦C for 2 h [48]. After cooling,
FAMEs were recovered by addition of a 1% w/v NaCl solution (1 mL) and n-hexane (1 mL) followed
by vortexing. The upper hexane layer was injected directly into the GC-MS system and FAMEs were
separated on a fused silica capillary column (30 m × 0.25 mm × 0.25 μm: Omegawax™ 250, Supelco,
Sigma-Aldrich, Gillingham, Dorset, UK) using an oven temperature gradient of 75 ◦C to 240 ◦C at
4 ◦C min−1 followed by 15 min of hold time. Helium was used as the carrier gas (1 mL min−1) and the
injector and detector inlet temperatures were maintained at 280 ◦C and 230 ◦C, respectively. FAMEs
were identified using retention times and qualifier ion response, and quantified using respective target
ion responses. All parameters were derived from calibration curves generated from a FAME standard
mix (Supelco, Sigma-Aldrich, Gillingham, Dorset, UK).
2.8. Data Analyses
Mean values from replicate cultures within treatment are reported ± variance. Comparison of
biomass and lipid concentrations between treatments was conducted across the whole batch culture
period using t-tests using the software package Minitab 17 (Minitab Ltd., Brandon Court, Coventry,
UK). Linear Pearson’s correlation coefficients between biomass and lipid were carried out using the
same software. Figures were generated using Sigma Plot 12.0 (Systat Software Inc., San Jose, CA, USA).
Polar lipid species data was further analysed using non-parametric multivariate methods in
Primer v6 [49,50]. Resemblances among samples were calculated using the Bray–Curtis resemblance
measure [50]. Subsequently, the significance of dissimilarity in lipid data between samples was
confirmed using ANOSIM (analysis of similarities; [51]) where large positive R values (range from 0 to
1) indicated distinct separation of lipid composition between the treatments. Subsequently, the polar
lipid species contributing to the dissimilarity between samples were explored using the SIMPER
routine in the same software package [52].
3. Results
Biomass measured as POC in both HN and LN media followed typical growth patterns with an
initial lag phase (up to ca. 4 days) followed by linear growth in the HN cultures, but with early onset
of the stationary phase at ca. 11 days in the LN cultures (Figure 1a).
Biomass in HN cultures at the end of the investigation was more than double (ca. 450 mg C L−1)
those grown in LN media (ca. 200 mg C L−1). Based on 60% carbon composition of dry weight
(dw), this equates to approximately 750 mg L−1 dw and 333 mg L−1 dw in HN and LN cultures,
respectively. Biomass productivity within the linear phase of growth across both treatments (up to
9 days of batch culture) was similar at 15.6 ± 1.1 mg C L−1 day−1 and 13.2 ± 0.5 mg C L−1 day−1
for the HN and LN treatments, respectively. Biomass contribution from bacteria in cultures (carbon
units) was assessed based on monitoring bacterial cell numbers by flow cytometry and estimates of
carbon contribution based on 10 fg C cell−1 [53]. Across all treatments at any sampling point maximum
biomass contribution of bacterial carbon was calculated as <1.6% w/w and was therefore deemed to
have insignificant influence on lipid results (data not shown).
Media nitrate concentrations in the HN cultures were not fully depleted during the batch culture
and were still high (ca. 5 mM) at the end of the experiment (16 days; Figure 1b). Likewise, phosphate levels
were reduced to 0.01 mM but were not fully depleted. Nitrate concentrations in the LN cultures were
reduced to 0.0003 mM, and phosphate concentrations were reduced to non-detectable concentrations
(<0.0001 mM) at the end of the culture period. The carbon/nitrogen ratio of the biomass stayed
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consistent at a value of around 5 throughout the culture period in the HN cultures (Figure 1c). In the
LN cultures, the carbon/nitrogen ratio increased linearly from 5 near the beginning of the culture






Figure 1. (a) Biomass (particulate organic carbon, POC) production, (b) media nutrient concentrations, and
(c) particulate carbon/nitrogen ratio in Chlorella sp. grown in batch cultures containing nutrient-limited
(LN) or nutrient-replete (HN) media (legends inset).
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The biomass increase in cultures was reflected in the volumetric concentration of total polar lipids,
which was highly correlated with POC (R2 = 0.99, p < 0.001) in the HN cultures. The relationship
between polar lipids and biomass was lower in the LN cultures and was just significant (R2 = 0.82,
p = 0.048). Final concentrations of total polar lipids (Figure 2a) was ca. 10 times higher in the HN
cultures compared to the LN cultures (388 ± 73 mg L−1 and 42 ± 7 mg L−1, respectively) and based
on the linear phase of microalgal growth across treatments (up to 9 days) had a significantly higher
productivity (24.0 mg L−1 day−1 and 6.0 ± 0.4 mg L−1 day−1, respectively). The polar lipid/carbon
ratio (Figure 2b) showed an increasing trend in the HN cultures from a value of 0.8 to 1.3 and a
decreasing trend in the LN culture from 1.2 to 0.25 at the end of the batch culture and mean values





Figure 2. (a) Volumetric fatty acid and polar lipid concentrations and (b) fatty acid and polar
lipid/carbon ratios (mg:mg) in Chlorella sp. grown in batch cultures containing LN or HN media
(legends inset).
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The total fatty acid concentrations of the HN and LN cultures were significantly correlated with
biomass (R2 = 0.98, p < 0.001 and 0.98, p = 0.002, respectively). Final concentrations of total fatty acids
in the HN and LN cultures were 86.2 ± 24.9 and 49.5 ± 3.4 mg L−1, respectively, but with similar
productivities (over linear growth phase) of 3.9 ± 0.9 mg L−1 day−1 and 3.3 ± 0.8 mg L−1 day−1,
respectively. The fatty acid/carbon ratios in both the HN and LN cultures were similar and remained
relatively steady throughout the course of the culture period (mean value of 0.22 ± 0.05 and
0.27 ± 0.04, respectively).
Closer examination of the polar lipid class concentration normalised for carbon (microalgal
biomass; Figure 3) showed that irrespective of culture conditions the glycolipids (MGDG, DGDG
and SQDG) were generally more abundant in Chlorella lipid extracts than the phospholipids (PG, PE,
and PC) and betaine lipid (DGTS). Of these lipid classes, MGDG was the most abundant glycolipid
constituting 35–43% consistently in the HN cultures throughout the batch culture but decreasing
from 36 to 19% in the LN cultures. Concentrations of MGDG were overall significantly (p = 0.025)
higher in Chlorella-consortia biomass grown in HN media with mean levels of 0.5 ± 0.22 mg mg C−1
compared to 0.2 ± 0.2 mg mg C−1 in LN cultures. Concentrations of DGDG increased in HN cultures
biomass to a maximum of 0.15 ± 0.06 mg mg C−1 but relative contribution to total polar lipid remained
constant (6–10%). The concentrations of DGDG in LN cultures biomass decreased from a maximum
of 0.27 ± 0.01 mg mg C−1 to a minimum of 0.10 ± 0.03 mg mg C−1 at the end of culture. However,
contribution to total polar lipid actually increased from 20 to 37%. Overall mean concentrations of
DGDG were not significantly different (p = 0.07) between HN and LN cultures. Concentrations of SQDG
increased in HN cultures biomass to maximum levels of 0.4 ± 0.1 mg mg C−1 and accounted for 11–31%
of the total polar lipids. Conversely, concentrations of SQDG fell in LN cultures biomass from 0.3 ±
0.05 to 0.1 ± 0.02 mg mg C−1. SQDG accounted for 22 to 34% of total polar lipid in LN cultures. Overall
mean concentrations of SQDG across the culture period were not significantly different (p = 0.109).
The concentrations of PG were relatively constant in the HN cultures biomass (0.08–0.1 mg mg C−1 and
accounted for 7–11% of polar lipids) but decreased in LN cultures biomass from 0.1 to 0.002 mg mg C−1
(dropping from 9 to 1% of total polar lipid). Overall mean concentrations of PG were significantly
higher (p = 0.043) in the HN cultures. Concentrations of PC constituted between 4 and 7% of polar
lipid classes in HN cultures biomass (maximum concentration 0.05 ± 0.03 mg mg C−1) and similarly
between 2 and 4% in LN cultures (maximum concentration 0.04 mg/mg C) and mean concentrations
were overall significantly higher (p = 0.047) in the HN cultures. Over the batch culture period,
concentrations of PE fell in HN cultures biomass from 0.22 ± 0.16 to 0.07 ± 0.03 mg mg C−1 and PE
concentrations in LN cultures fell from 0.03 to 0.002 mg mg C−1. Overall mean concentrations of PE
were significantly higher (p = 0.015) in the HN cultures. DGTS concentrations increased throughout
the culture in HN culture biomass from 0.01 to 0.04 mg mg C−1, but relative contribution to total polar
lipids was consistent (ca. 2–4%). However, DGTS concentrations fell in LN cultures biomass (from
0.06 to 0.02 mg mg C−1) but again retained consistent levels relative to other polar lipid classes (7–8%).
Overall mean concentrations were not significantly different between LN and HN cultures (p = 0.59).
A total of 50 different polar lipid species (6 MGDG, 10 DGDG, 4 SQDG, 6 PG, 9 PE, 8 PC, and 7
DGTS) were identified in Chlorella lipid extracts using LC-MS/MS in this study (Table 1). The acyl
groups associated with each species mainly constituted combinations of 16 and 18 carbon chains with
different degrees of unsaturation (up to 4 double bonds) in agreement with the fatty acid composition
of the same lipid extracts (Figure 4). In the HN treatments, the two major (>80% total) MGDG
species (acyl carbon:double bonds) were 34:6 (18:3/16:3 and 18:2/16:4) and 34:7 (18:3/16:4). In the LN
treatments, the composition of MGDG species varied with the day of the batch culture with notable
decreases in MGDG 34:7 (18:3/16:4; from 78% to 2%) and increases in MGDG 34:6 (18:3/16:3; 15–42%),
MGDG 34:5 (18:3/16:2; 1% to 28%), and MGDG 34:4 (18:1/16:3; 1–14%) from the start to the end of
the batch culture. This is in agreement with the reduction in the fatty acids 16:4 and 18:3 (main acyl
groups in MGDG 34:7).
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Figure 3. Polar lipid class concentrations in Chlorella sp. Biomass grown in batch cultures containing
either (a) LN or (b) HN media (sampling day legend inset). Lipid classes were as follows:
monogalactosyldiacylglycerol (MGDG); digalactosyldiacylglycerol (DGDG); sulfoquinovosyldiacylglycerol
(SQDG); phosphatidylcholine (PC); phosphatidylglycerol (PG); phosphatidylethanolamine (PE),
diacylglyceryl trimethyl homoserine (DGTS).
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(a) 
(b) 
Figure 4. Fatty acid composition (% of total fatty acids) in Chlorella sp. in batch cultures containing
either (a) LN media or (b) HN media (sampling day legend inset).
Similarly, DGDG species abundance was comparatively consistent in HN samples taken
throughout the batch culture, but in LN cultures there were notable reductions in DGDG 34:7
(18:3/16:4; from 15 to 0%) and subsequent increases in the relative abundance of other DGDG species.
The composition of SQDG species was again consistent in the HN cultures irrespective of sampling day
but with notable reductions in SQDG 34:3 (18:3/16:0; 45–27%) and increases in SQDG 34:2 (18:2/16:2;
12–17%) and SQDG 34:1 (18:1/16:0; 5–19%) in LN cultures. This observed consistency in the relative
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composition of species noted for glycolipids in lipid extracts derived from HN Chlorella cultures was
largely reflected in PC and DGTS classes, as was the decrease in PC and DGTS species, and indeed PG
species, containing highly unsaturated acyl moieties in lipid extracts from the LN treatment. However,
the relative abundance of PG species in HN extracts was more variable with notable decreases in PG
32:1 (16:0/16:1; from 10 to ca. 3%), PG 34:2 (18:1/16:1 and 18:2/16:0; from 44 to ca. 22%), and PG 34:1
(18:1/16:0; from 28 to ca. 14%) and increases in PG 34:4 (18:3/16:1; from 11 to ca. 32%) and PG 34:3
(18:3/16:0 and 18:2/16:1; from 2 to ca. 23%) between Day 4 and the rest of the batch culture sampling
points, although overall this was viewed as an increase in the level of unsaturation of PG species.
Principal component analyses (PCAs) of the samples from different treatments based on the
polar species composition (Figure 5) revealed separation along the PC1 axis (explaining 73.3% of the
variation) of samples in the LN treatments based on the sample collection day. Notably, LN samples at
Day 4 were clustered with HN samples taken at Days 9 and 14, which as a group were distinctive from
LN samples taken at later stages in the batch culture. Some separation of samples along the PC2 axis
to a lesser extent (explaining 17.3% of the variation), e.g., Day 4 HN samples, were distinctive from
Day 9 and 14 HN samples.
Figure 5. Principal component analyses (PCAs) of samples at different time points (Day = D) of Chlorella
sp. grown in batch cultures (n = 2; a, b) containing LN or HN media based on the polar lipid species
profiles (legends inset). PC1 and PC2 explain 73.3 and 17.3% of variation, respectively (cumulative
90.6% of variation explained by the model).
SIMPER analyses of polar lipid species contributing up to 70% of the dissimilarity between
samples (see Table S3) revealed that the relative abundance of MGDG 34:7 contributed the most
dissimilarity between LN samples taken at the beginning (Day 4) and middle (Day 9; 44% contribution)
and at the end (Day 14; 29% contribution) with relative abundance being greater at Day 4 in
both comparisons.
4. Discussion
Microalgae contain a diverse array of polar lipid structures that have several biological functions,
including, importantly, maintaining photosynthesis. Recently there has been growing interest in
utilising these polar lipid compounds as novel high-value phytochemical bioactives [54,55], as they
often contain high concentrations of omega-3 fatty acids and express a range of activities that make
them useful chemicals for the cosmetic, pharmaceutical, and functional food industries. Therefore,
detailed research is required to understand the effect of culture conditions on the microalgal polar
lipidome, to provide a fundamental understanding of lipid metabolism and regulation and with a
view to biorefinery optimisation and commercial realisation of microalgal polar lipid production.
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In this study, the productivity of polar lipids in cultures on a titre basis was higher when
cultures were nutrient-replete, which was linked with the higher concentrations of biomass production.
This is consistent with the fact that cultures initially supplied with lower concentrations of nutrients
became nutrient-limited (as demonstrated by the concentrations of nitrate in the media and the
carbon/nitrogen ratio in biomass) and as a result produced less total polar lipids for photosynthesis
and growth. Coupled with the consistent total concentrations of fatty acids in biomass across the
batch culture periods, this strongly supports the theory of physiological diversion of synthesised
fatty acids from polar lipids into other neutral lipids, e.g., triacyclglycerols (not analysed here), which
is a general metabolic feature of microalgae [56,57]. Indeed, authors have reported an increase in
the activity of membrane galactolipid-specific acyl hydrolase in nitrogen-deficient cells of the alga
Dunaliella salina [58] and Chlamydomonas reinhardtii [59], suggesting that liberated fatty acids are
available for incorporation into TAGs. This would support the notion that the optimal commercial
production of polar lipids in microalgal biomass will require nutrient-intensive culture systems.
Therefore, consideration should be given to the cost requirements of nutrient supply versus the
yield of bioactive polar lipids from microalgal biomass on this basis, and high nutrient wastewater
systems, e.g., municipal and agricultural wastewater, should be considered where applicable [60].
Furthermore, semi-continuous or continuous production systems should be strongly considered over
batch culture production, since the former permits a near constant supply of nutrients avoiding
nutrient limitation scenarios.
The relative composition of polar lipid classes in lipid extracts from Chlorella cultures under
nutrient-replete conditions was consistent with the literature where glycolipids dominated over other
polar lipid classes in terms of abundance [57]. Glycolipids are principally found in the chloroplasts of
eukaryotic algae, notably in thylakoid membranes (especially MGDG and DGDG) where they play
critical roles in photosynthesis [4]. Other than PG, the other lipid classes identified are found mainly
in extra-chloroplastid membranes.
The notable reduction in the concentrations of MGDG under conditions of nutrient limitation are
consistent with the role of this polar lipid class as the major constituent thylakoid lipid and its role in
the xanthophyll cycle and photosynthetic pigment-protein complexes [61]. Indeed, MGDG is enriched
in chloroplast thylakoids compared to whole cells or envelope membranes in Chlamydomonas [9].
DGDG has a role in the structural integrity of Photosystem II, the assembly of the light harvesting
complex, and the stability of Photosystem I [61], and it would be reasonable to expect a consistent
relative level of reduction in line with MGDG. Interestingly, in this study the significant relative
increase in the concentrations of DGDG as a function of total polar lipid (which was not generally
consistent with the other polar lipid classes) suggests a physiological stress response adaptation to
nutrient stress. These findings are consistent with previous works demonstrating a decrease in the
concentrations of MGDG and corresponding increases in the concentrations of DGDG in nitrate-starved
Chlamydomonas nivalis [62]. This was explained as a biological requirement for the stabilisation of
thylakoid membranes in a bi-layer state where fewer proteins and pigments are available under
nutrient stress, i.e., an increase of bilayer-forming DGDG and a reduction of hexagonal structures
of MGDG. However, it is not possible here to say whether the relative increase in DGDG was a
direct result of the substitution of phospholipids or as a result of a greater reduction of other lipid
classes generally. It is unclear whether these stress mechanisms can be exploited to produce higher
concentrations of DGDG should the bioactivity or biotechnological potential of this glycolipid be
more desirable than MGDG. The relative levels of the glycolipid SQDG were consistent between
high-nutrient and low-nutrient treatments. Unlike MGDG and DGDG, SQDG is not restricted to
photosynthetic membranes.
The phospholipid PG showed a significant reduction in abundance as a function of biomass in
nutrient-limited cultures. Since studies have demonstrated that PG is essential for growth of higher
plants and cyanobacteria and for the photosynthetic transport of electrons and the development of
chloroplasts [6], a reduction under nutrient-limited conditions may be anticipated. However, this is
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in contrast to the findings of Martin et al. [57], who demonstrated elevated concentrations of PG in
both Chlorella sp. and Nannochloropsis sp. under N-limited conditions, although the absolute amounts
remained relatively low. These authors explained an increase in PG with N-deprivation as a means to
compensate for the loss of chloroplast glycolipids in order to maintain photosynthetic activity, since PG
is found in plastid photosynthetic membranes [63] and has a vital role in photosynthesis. One possible
explanation for the differences in these studies may be the substitution of PG with SQDG; both PG
and SQDG are both anionic in nature at neutral pH, which has been demonstrated under conditions
of phosphate limitation in cyanobacteria and plants [64,65]. In this study, the SQDG/PG molar ratio
increased from 2.5 at the beginning of culture to a value of 28 at the end of the culture period in
the nutrient-limited cultures. In comparison, the SQDG/PG ratio remained comparatively constant
(1.0–4.9) in the nutrient-replete cultures. Phosphate was clearly depleted in the nutrient-limited
cultures, and this ratio may suggest a substitution mechanism of SQDG for PG. However, given
that a co-limitation of nitrate occurred, it may be that photosynthesis and growth was limited to an
extent where substitution of PG with SQDG has no physiological significance. Owing to differences
in experimentation and in the absence of comparable data, e.g., media nutrient levels, it is difficult
to account for the differences in PG results in this study and those of Martin et al. [57]. Clearly the
biosynthesis of PG under nutrient limitation in microalgae should be explored further, especially
at the molecular level. Furthermore, since SQDG has been shown to have a range of important
bioactivities [20], SQDG vs. PG production in commercially relevant microalgae should be studied,
notably where phosphate availability is controlled as a single limiting nutrient.
The phospholipids PE and PC are nitrogen-containing lipids and the recorded reduction in their
abundance was consistent with N-limitation in the nutrient-limited cultures [57]. Typically, green
algae such as Chlorella contain DGTS and PC in interchangeable amounts, notably in response to
phosphate limitation, presumably as these two lipids have an equivalent membrane function [9].
Overall, our results did not support the substitution of PC with DGTS under nutrient limitation
conditions applied in this study.
Although overall there were reductions of polar lipid classes in biomass under nutrient limitation,
there were apparent differences in the magnitude to which individual polar lipid classes were
modulated as a function of biomass produced. This suggests that control of supplied nutrients,
as a stressor to growth, could be controlled to optimise the relative composition of polar lipid classes
depending on the desired class required balanced again reduced overall productivity. Obviously,
this necessitates further research regarding the comparative bioactivity of specific classes.
Concerning the acyl composition of polar lipids, in general, MGDG tends to have high contents
of polyunsaturated fatty acids, while PG and SQDG are generally more saturated with a high level
of palmitate SQDG [9]. Green algae such as Chlorella and the Euglenophyta contain MGDG and, to a
lesser extent, DGDG, with high amounts of 16:4 and 16:3 acyl groups [66]. This is consistent with the
acyl distribution of these polar lipid classes in our cultures grown under nutrient-replete conditions.
Under nutrient-limited conditions, the relative composition of FA acyl groups in polar lipids was
affected similarly across most polar lipid classes, i.e., increase in the saturation of carbon chains.
This was particularly noted in the reduction of the highly abundant MGDG 34:7 species (principally
contained 18:3/16:4). The abundance of PG PUFAs (18:3) that was increased in the nutrient-replete
cultures increased after 24 h, arguably as a physiological response to improve the incorporation of
D1 proteins in the thylakoid membranes for maximum photosynthetic capacity. The reduction in
the levels of fatty acid unsaturation generally in microalgae in response to nutrient limitation is
well documented and is usually associated with greater deposition in neutral lipid classes [10,16,67].
This study supports the notion that the reduction in the levels of unsaturation is common to both
neutral and polar lipid classes when nutrient limitation conditions are present. Since the bioactivity
of polar lipids likely depends on chemical structure, which is largely affected by acyl combinations,
this may offer the potential for modulating activity of polar lipids produced from microalgal based
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on nutrient control regimes at the expense of overall productivity. However, in-depth research of
structure–activity relationships of individual polar lipid species from different classes is required.
In summary, through culture investigations and in-depth analysis using modern polar lipid
species profiling (via LC-MS/MS), we have demonstrated the significant diversity of polar lipids
species across all polar lipid classes in Chlorella sp. cultures and that the polar lipid productivity,
class, and species composition can be modulated in response to nutrient availability. It is envisaged
that similar studies exploring culture condition effects (particularly growth stressors) on polar lipid
composition will inform our fundamental understanding of how microalgae lipid metabolism functions
under changing environmental conditions. These findings, coupled with necessary novel research
concerning bioactivity analyses of polar lipid classes and species, will help to realise the potential of a
microalgal-polar lipid production platform for various future biotechnology applications.
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Abstract: Genetic manipulation shows great promise to further boost the productivity of
microalgae-based compounds. However, selection of microalgal transformants depends mainly
on the use of antibiotics, which have raised concerns about their potential impacts on human health
and the environment. We propose the use of a synthetic phytoene desaturase-encoding gene (CRTIop)
as a selectable marker and the bleaching herbicide norflurazon as a selective agent for the genetic
transformation of microalgae. Bacterial phytoene desaturase (CRTI), which, unlike plant and algae
phytoene desaturase (PDS), is not sensitive to norflurazon, catalyzes the conversion of the colorless
carotenoid phytoene into lycopene. Although the expression of CRTI has been described to increase
the carotenoid content in plant cells, its use as a selectable marker has never been testedin algae or in
plants. In this study, a version of the CRTI gene adapted to the codon usage of Chlamydomonas has been
synthesized, and its suitability to be used as selectable marker has been shown. The microalgae were
transformed by the glass bead agitation method and selected in the presence of norflurazon. Average
transformation efficiencies of 550 colonies μg−1 DNA were obtained. All the transformants tested
had incorporated the CRTIop gene in their genomes and were able to synthesize colored carotenoids.
Keywords: microalgae; Chlamydomonas reinhardtii; genetic transformation; carotenoid; CRTI;
phytoene desaturase
1. Introduction
Microalgae have attracted considerable interest for the production of a wide range of compounds
of applied interest due to their easy growth, their ability to fix atmospheric CO2, and the valuable
metabolites that some species can produce, which include pigments, food supplements, vitamins,
antioxidants, polysaccharides, lipids, and other bioactive products [1–3]. Moreover, in the last years,
there has been an increasing interest in microalgae as a potential source of biofuels [4,5]. However,
despite the expectations generated, the production of biofuels and other useful compounds from
microalgae will not be economically feasible unless the cost of microalgae cultivation and harvesting
is lowered and the productivity increased. Genetic manipulation and synthetic biology show great
promise to further boost the productivity of microalgae-based compounds [6–9]. Significant advances
have been achieved in the development of molecular tools for genetic manipulation of microalgae.
However, important challenges remain. One important issue is the fact that the selection of microalgal
transformants depends mainly on the use of antibiotics as selective agents [10]. Antibiotic resistance
genes continue to be the most commonly used selectable markers for the genetic manipulation of
algae and plants. However, the risk of horizontal gene transfer has raised concerns about their
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potential impacts on human health and the environment, and has encouraged the search for new
non-antibiotic-based selection procedures [11].
Herbicide resistance genes are a good alternative for the selection of genetically modified plant
cells. Examples of this are the glyphosate aminotransferase [12] or the acetolacetate synthase genes [13],
which confer resistance to glyphosate and sulfomturon methyl herbicides, respectively, and have
been used as reporter genes in the transformation of the unicellular chlorophyte Chlamydomonas
reinhardtii and other microalgae, such as Porphyridium sp. [14] or Parietochloris incisa [15]. An interesting
herbicide-based selective strategy is the use of mutated versions of the phytoene desaturase gene
(PDS) resistant to bleaching herbicides such as norflurazon [16,17]. Phytoene desaturase (PDS)
catalyzes the conversion of the colorless phytoene into ζ-carotene, which is converted to lycopene
by ζ-carotene desaturase (ZDS) and carotene isomerase (CRTISO). PDS is a membrane-associated
protein that uses the flavin adenine dinucleotide (FAD) as a redox cofactor, through which electrons
are transferred to the plastoquinone, thereby connecting the desaturation of carotenoids with the
photosynthetic electronic transport chain [1]. Treatment with norflurazon causes inhibition of phytoene
desaturase by competition with its cofactors, resulting in suppression of carotenoid synthesis and
cellular whitening [18]. By modifying key amino acids in the FAD binding domain, some authors have
obtained mutated norflurazon-resistant versions of PDS and setup genetic selective procedures based
on norflurazon as a selective agent [17,19].
In bacteria and fungi, however, the three reactions that convert phytoene into lycopene are carried
out by a single enzyme, bacterial phytoene desaturase (CRTI), which presents a low degree of homology
with the corresponding plant phytoene desaturase [20]. The CRTI gene seems to have emerged
independently in evolution and, unlike plant and algae PDS, is not sensitive to norflurazon [21].
The CRTI gene was first identified and functionally analyzed by Misawa and coworkers [22] from
the soil bacteria Erwinia uredovora, currently renamed as Pantotea ananatis. The pioneering work of
Sandman’s group showed that expression of this bacterial CRTI gene in tobacco plants enhanced the
production of β-carotene. Furthermore, they observed higher resistance to the herbicide norflurazon
in transgenic CRTI-expressing plants [23]. Several subsequent studies reported the expression of the
bacterial carotenoid gene cluster from Pantotea, including the CRTI gene, to increase the carotenoid
content in higher plants such as rice [24], tomato [25], or potato [26]. However, the possible use of
CRTI as a selectable marker gene has never been investigated in algae or in plants. Poor expression
of bacterial CRTI in microalgae, beside potential silencing and lack of stability of the transgene in
algae, has withdrawn its use as a selectable marker. In the present study, we have synthesized a
codon-adapted version of the bacterial CRTI gene and showed its suitability to be used as selectable
marker gene in the genetic transformation of the model microalga Chlamydomonas reinhardtii.
2. Results and Discussion
2.1. Construction of Plasmid pSI06PLK-CRTIop
A synthetic CRTI gene with the codon usage adapted to C. reinhardtii was designed and
synthesized by Genescript Co (Piscataway, NJ, USA). The mean difference between codon usage
of the wild type CRTI gene and the genome of C. reinhardtii was 24%, as calculated using the graphical
codon usage analyser v. 2.0 (http://gcua.schoedl.de/index.html). This difference was reduced to
only 13% for the synthetic codon-optimized version. The CRTIop gene was fused to a DNA fragment
which encoded the chloroplast transit peptide of the RuBisCo small subunit, and this tpCRTIop fusion
product was cloned between the BstBI/BamHI restriction sites of the p106PLK plasmid, described in
Section 3.2, generating the expression cassette outlined in Figure 1.
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Figure 1. Expression cassette of the pSI106PLK-tpCRTIop plasmid.Abbreviations: HSP70A, heat shock
protein 70A promoter; RBCS2, ribulose 1,5-biphosphate carboxylase small subunit promoter; TP,
chloroplastic transit peptide; CRTIop, codon-optimized bacterial phytoene desaturase; 3′UTR terRBCS2,
ribulose 1,5-biphosphate carboxylase small subunit terminator region.
2.2. Sensitivity of the Chlorophyte Microalgae to the Bleaching Herbicide Norflurazon
The ability of CRTI to act as a selectable marker for microalgae transformation is based on the
sensitivity of the target microalgae to herbicides which inhibit phytoene desaturase (PDS). We have
tested the sensitivity of the model chlorophyte Chlamydomonas reinhardtii to the bleaching herbicide
norflurazon by culturing it with growing concentrations of the herbicide and determining the lethal
doses (Figure 2). Samples of control non-transformed C. reinhardtii cultures were harvested at
the exponential phase of growth and 100-fold concentrated by centrifugation, and 10 μL drops
of the concentrated suspension were spotted on multi-well plates with growing concentrations
(0–25 μg mL−1) of the herbicide norflurazon. Concentration of the culture was done to mimic
the conditions in which the transformation experiments are done (see Section 3.3). The minimal
inhibitory norflurazon concentration for C. reinhardtii was 1.5 μg mL−1 after 15 days of incubation in
the presence of norflurazon, as can be observed in Figure 2B. It is interesting to note that at shorter
times, herbicide concentrations as low as 0.5 μg mL−1 seemed to inhibit C. reinhardtii growth. However,
the microalgaeare able to survive and grow after an adaptation period. To establish the real lethal dose
and avoid false negatives, in the subsequent transformation experiments it is necessary to follow the
inhibitory effect of norflurazon for a long time period. All C. reinardtii transformants were selected at
norflurazon concentrations ≥1.5 μg mL−1.
 
Figure 2. Norflurazon sensitivity test for the clorophyceae microalga Chlamydomonas reinhardtii.
Drops (10 μL) of a 100-fold concentrated C. reinhardtii control untransformed culture were spotted on
agar-solidified Tris-acetate phosphate (TAP) culture medium with increasing concentrations of the
bleaching herbicide norflurazon, and their growth was evaluated 4 (A) and 15 (B) days after inoculation.
Furthermore, sensitivity experiments were carried out for other microalgal species, such as
the freshwater trebouxiophyceae Chlorella sorokiniana, the marine prasinophyceae Tetraselmis suecica,
and the halophilic chlorophyceae Dunaliella salina and Dunaliella bardawill. These studies revealed
that the inhibitory norflurazon concentration dose was between 0.5 and 2 μg mL−1 for all the tested
species, and that norflurazon can be an adequate selective agent for many different microalgal species,
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including marine microalgae, for which traditional selective antibiotic agents are usually inefficient
due to interference with the saline concentration of the medium (Figure S1).
2.3. Transformation of Chlamydomonas reinhardtii with the Plasmid pSI106PLK-tpCRTIop and Selection of
Norflurazon-Resistant NorfR-Chlamydomonas Transformants
Chlamydomonas reinhardtii cells were transformed by the glass beads agitation method with the
plasmid pSI106PLK-tpCRTIop and selected in Tris-acetate phosphate (TAP) medium with norflurazon
(1.5 μg mL−1). Transformation efficiencies of 550 colonies μg−1 DNA were obtained (Figure 3A).
This transformation efficiency is of the same order as that usually obtained for transformations with
paromomycin as the selective agent [27]. A randomly selected group of the obtained transformants
were cultured in 2 mL of liquid TAP medium with norflurazon for 48h, and their cellular density
was then adjusted to the same value. Drops of each transformed culture were spotted on TAP
agar plates with a higher concentration of norflurazon (4 μg mL−1), and those which grew
at this concentration of the herbicide were further checked by PCR using the specific primers
CRTIopFor (CAGCCGCGCCGTGTTCAAAGAG) and CRTIpoRev (CAGCAGGTCGCGGTAGGTGTG),
as illustrated in Figure 3B. It is necessary to consider that nuclear transformations of microalgae
take place by heterologous recombination. This means that the CRTIop gene is randomly inserted
into the algal genome, and its expression level and stability largely depend on the insertion point.
The two-round selection strategy with increasing concentrations of norflurazon allows the selection
of the transformants with the highest resistance to the herbicide. Insertion of the CRTIop into the
C. reinhardtii nuclear genome was confirmed in all the transformants checked (Figure 3C).
Figure 3. Molecular and phenotypic analysis of NorfR-Chlamydomonas transformants. Chlamydomonas
transformants selected in TAP with 1.5 μg mL−1 of norflurazon (A) were cultured in TAP agar plates
with 4 μg mL−1 of norflurazon for 10 days (B). A band of the expected size (472 bp) corresponding
to the CRTIop amplicon was shown in all the transformants tested (C). A norflurazon sensitivity test
for the selected transformant T21 (D) was carried out as described in the Figure 2 legend with the
indicated concentrations of norflurazon (from 0 to 200 μg mL−1).
The transformants which grew more vigorously were subjected to a norflurazon sensitivity
test as described in Figure 1. C. reinhardtii transformed with CRTIop showed a 33-fold increase
in their tolerance to norflurazon, with an inhibitory dose of 50 μg mL−1, equivalent to 160 μM,
as shown for transformant T21 (Figure 3D) and for the other NorfR-transformants selected (Figure
S2). The synthetic tpCRTIop gene allowed for norflurazon-based selection of transformants with no
background of spontaneous herbicide-resistant clones. The level of resistance to norflurazon acquired
by the C. reinhardtii transformed with CRTIop is of the same order as the resistance reported by
Suarez et al. [28] or Bruggeman and coworkers [12], who found 30- and 40-fold increases, respectively,
in the tolerance to norflurazon for transgenic Chlamydomonas harbouring modified versions of its own
PDS gene. Similar strategies using mutated PDS versions and norflurazon have been successfully
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used for the selection of other transformed microalgae species, such as Haematococcuspluvialis [29,30],
Chlorella zofingiensis [31,32], or Isocrhrysis [33].
2.4. Carotenoid Composition of Norflurazon-Resistant NorfR-Chlamydomonas Transformants
The phenotypic characteristics of the selected transformants were further studied by
chromatographic analysis. First, we compared the phytoene contents in the NorfR-transformants with
that of the control cells grown in the presence and in the absence of norflurazon (Table 1). As expected,
in C. reinhardtii cultures grown without the herbicide, only trace levels of phytoene were found.
After 24h of growth in the presence of norflurazon (1.5 μg mL−1), the phytoene contents in control
untransformed cells reached 4.4 mg g−1 DW. However, the phytoene intracellular concentrations
of NorfR-transformants grown with and without norflurazon ranged between 1.5 mg g−1 DW,
for transformant T21, to 2.1 mg g−1 DW, for transformant T11. This is far from the intracellular
level of phytoene in the control, which is between two and three times higher. This shows that the
CRTIop gene is correctly expressed in the transformed microalgae and is able to convert phytoene
into the downstream carotenoids. However, the presence of certain contents of phytoene in all the
transformants tested indicates that the foreign CRTI is less efficient than the endogenous PDS in the
absence of the herbicide.
Table 1. Concentration of the colorless carotenoid phytoene in control cells (C2) and
NorfR-transformants (T), grown for 24h with norflurazon. Control cells non-treated with norflurazon
(C1) have also been included as a reference. Values are the average of three biological replications.
Standard deviation is indicated.
Strain C1 C2 T1 T11 T19 T21
Norflurazon (μg mL−1) - 1.5 1.5 1.5 1.5 1.5
Phytoene (μg mL−1) 0.1 ± 0.5 4.4 ± 0.4 1.8 ± 0.1 2.1 ± 0.2 2 ± 0.2 1.5 ± 0.1
A representative NorfR-transformant (T21) and the control untransformed strain were grown
in TAP medium with norflurazon (1.5 μg mL−1) for a complete analysis of their carotenoid profiles
along the time. Samples were withdrawn every 24h, and pigments were extracted and analyzed
(Figure 4). Typical chromatograms of the pigment extracts from Control (C2) and NorfR-transformant
cells registered at 288 and 450 nm, and are shown in the Supplementary Material (Figure S3).
In control parental Chlamydomonas treated with norflurazon, there was a reduction of all the
colored carotenoids, excepting zeaxanthin, and an important accumulation of phytoene, due to
the inhibitory effect of norflurazon. By contrast, in transformant cells treated with norflurazon,
the reduction of the colored carotenoids and the accumulation of phytoene was much lower. After 24 h
of incubation with norflurazon, the content of lutein in the NorfR-transfomant was 50% higher than
in the controls, while the content in β-carotene and violaxanthin was 2.5 times the level of control
untransformed cells. These differences were even more acute for longer periods of incubation with
norflurazon. The level of phytoene, on the contrary, was between three and five times higher in
the norflurazon-treated control cells, reaching intracelullar levels of 4.4 mg g−1 DW at 24 h and
6.7 mg g−1 DW at 48h. This confirms that the CRTIop gene was working in the transformant,
allowing the conversion of phytoene into lycopene and the subsequent carotenoids in the presence
of norflurazon, which inhibits the endogenous PDS. Zeaxanthin was the only colored carotenoid
which increased in the control untransformed cells, indicating a higher level of fotooxidative stress
in these cells. This induces the xantophyll cycle, which catalyzes the conversion of violaxanthin into
zeaxanthin. In the NorfR-transfomants, the levels of zeaxanthin were inappreciable during the first
48 h. Only after 72 h of growth, when cultures started to be nutrient-limited, there was certain synthesis
of this xanthophyll.
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Figure 4. Time-course evolution of the main carotenoid pigments in C. reinhardtii control ( ) and
NorfR-transformant () cells incubated with norflurazon (1.5 μg mL−1). Values are the average of three
biological replicates and bars indicate standard deviation. Neoxanthin and Loroxanthin (Neo/Lor) are
expressed as unique values since they are not resolved in the analytical conditions used.
In the presence of norflurazon, the growth of the parental strain was severely affected. Meanwhile,
the growth rate of the NorfR-transformantswas similar with and without norflurazon, and was slightly
higher than the growth rate of the control wild type without herbicide (Figure S4A,B). The carotenoid
content of the NorfR-transformants grown without herbicide was also checked and resulted to be very
similar to that of control cells (Figure S4C,D). This means that the transformants selected in the presence
of norflurazon with CRTI as a marker gene can grow at a normal rate and have practically normal
contents of carotenoids [19,20]. It could be expected that the expression of an exogenous phytoene
desaturase caused an increase in the contents of carotenoids. The fact that the CRTIop transformants
studied had intracellular levels similar to that of the control cells in the absence of norflurazon could
be due to a limitation in the supply of precursors from the previous step catalyzed by the Phytoene
synthase (PSY). However, further studies should be done to confirm this issue.
PDS is the second step in carotenoid biosynthesis and an important regulatory point of the
pathway [19,20]. The inhibitory effect of norflurazon is well known and has been widely used
to study the physiological consequences resulting from the lack of carotenoids in higher plants
and microalgae [34]. We have corroborated that blocking PDS activity by chemical inhibition with
norflurazon impedes the formation of downstream carotenoids in Chlamydomonas (Figure 4), which is
in agreement with what Nigoyi’s group observed by mutagenesis-induced PDS inactivation [34].
Furthermore, we demonstrated that the expression of the foreign CRTIop, which is not affected by the
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herbicide, allows bypass, at least partially, of the norflurazon-blocked step and enables the synthesis of
colored carotenoids. Similar conclusions were reported by Liu and coworkers [35] or Steinbrenner and
Sandmann [29], who used a modified PDS gene as a selectable marker for the genetic transformation
of Chlorella zofingiensis and as H. pluvialis, respectively, and found that the transformants had the same
or even higher carotenoid content than the untransformed controls.
3. Materials and Methods
3.1. Strains and Culture Conditions
Chlamydomonas reinhardtii 704 strain (Cw15, Arg7, mt+) was kindly donated by Dr. R. Loppes and
cultured photomixotrophically in liquid or agar-solidified Tris-acetate phosphate (TAP) medium [36].
Tetraselmissuecica, kindly provided by IFAPA-Aguas del Pino station (Huelva, Spain), was cultured in
F/2 medium in filtered sea water at pH 8, as reported by Guillard and Ryther [37]. Dunaliella salina
(CCAP 19/18) was obtained from the culture collection of algae and protozoa (Scotland, UK) and
grown in the culture medium described by Johnson and coworkers [38]. All were grown in a culture
chamber at 25 ◦C under continuous white light irradiation (50 μE m−2 s−1 PAR).
3.2. Microalgal Expression of pSI106PLK Plasmid
Plasmid pSI106PLK is a renewed version of plasmid pSI104PLK [39]. It contains an expression
cassette in which a multiple cloning site is preceded by the strong chimeric fusion promoter
HSP70A:RBCS2, designed by Sizova [40], and the first intron of the RBCS2 gene, and is terminated by
the 3′ untranslated region of RBCS2 (Figure 1).
3.3. Chlamydomonas Nuclear Transformation
Nuclear transformation of C. reinhardtii was carried out using the glass beads method [41] with
minor modifications. Chlamydomonas cultures were grown as described in Section 3.1. to a cell density
of 5 × 106 cells mL−1, and resuspended to get a 100-fold concentrated cell suspension. 0.3 g of
sterile glass beads (0.4–0.6mm Ø), were added to 0.6 mL of concentrated cell suspension with 0.2 mL
of 20% PEG (MW8000) and about 1 μg of the desired plasmid (pSI106PLK-tpCRTIop). Negative
controls, done in the same conditions with the empty plasmid (pSI106PLK), were included in all the
transformation reactions. This mixture was agitated for 10s, resuspended in fresh TAP medium, and
spread onto the selective solid medium with the indicated concentration of norflurazon. Transformed
colonies were visible after 4 or 5 days.
3.4. Determination of Carotenoids
Samples from C. reinhardtii cultures, grown in TAP liquid medium supplemented with 1.5 μg
mL of norflurazon in the same conditions described in Section 3.1., were used for the extraction of
carotenoids with methanol as described by Linchtehaler [42]. The chromatographic analysis was
performed in a Merck Hitachi HPLC equipped with a diode array detector as described by Young
and coworkers [28] using an RP-18 column, a flow rate of 1mL min−1, and a final injection volume of
100 μL. Two mobile phases were used: Solvent A (ethyl acetate 100%) and solvent B (acetonitrile:H2O;
9:1 v/v). The gradients applied were: 0–16 min 0–60% A; 16–30 min 60% A; and 30–35 min 100% A.
Standards were supplied by DHI (Hoersholm, Denmark). All experiments were done in triplicate,
and the average values and standard deviation are represented. The significant differences have been
analysed by a t-student test with a confidence level of 95%.
3.5. Dry Weight Determination
Dry weight was determined by filtering an exact volume of microalgae culture (30 mL) on
pre-tared glass-fiber filters (GF/F Whatman). The filter was washed with a solution of ammonium
formate (0.5 M) to remove salts and dried at 100 ◦C for 24 h. The dried filters were weighed in
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an analytical balance and the dry weight calculated by the difference. Values are the average of
three measurements.
3.6. Herbicide Sensitivity Test
Norflurazon sensitivity was assayed on multi-well plates with the corresponding agar-solidified
medium supplemented with the indicated concentrations of the herbicide.
4. Conclusions
The use of a synthetic codon-adapted CRTIop gene fused to a chloroplastic transit peptide as
a selectable marker for the genetic transformation of Chlamydomonas reinhardtii has been shown to
be a reliable and efficient approach for the selection of transformants, contributing to increase the
non-antibiotic-dependent markers available for microalgae and plant cells. C. reinhardtii transformants
selected on norflurazon have been shown to have the CRTIop gene correctly inserted into their genomes
to acquire a 33-fold increased resistance to norflurazon and be stable for long periods of time. This is
a good alternative to genetic markers based on resistance to antibiotics, which can be very useful to
establish genetic transformations systems for new microalgal species which are recalcitrant to inhibition
with traditional antibiotics, as usually happens with marine and halophyllic microalgae. It can also be
an interesting alternative for the selection of higher plants transformants without using antibiotics.
Supplementary Materials: The following are available online at http://www.mdpi.com/2218-1989/9/3/49/s1.
Figure S1: Norflurazon sensitivity test for several microalgae species. Drops (10 μL) of concentrated cultures of
the microalgae Tetraselmis suecica, Dunaliella salina, Dunaliella bardawill and Chlorella sorokiniana were spotted on
agar-solidified culture medium with increasing concentrations of the bleaching herbicide norflurazon (from 0 to 5
μg mL−1) and their growth was evaluated 10 days after inoculation. The culture media used was that described
in Materials and Methods for each species, excepting that the concentration of NaCl was reduced to half the
salinity of the seawater for T. suecica and to 0.5M for D. salina and D. bardawill. Figure S2: Norflurazon sensitivity
test for different NorR-transformants of the microalga Chlamydomonas reinhardtii. Drops (10 μL) of concentrated
cultures of the transformants T1, T11 and T19 obtained as described in the legend of Figure 2, were spotted
on agar-solidified TAP culture medium with increasing concentrations of the bleaching herbicide norflurazon
(from 0 to 200 μg mL−1) and their growth was evaluated 10 days after inoculation. Figure S3: Chromatographic
analysis of pigments extracts from control and NorfR-Chlamydomonas transfomants grown in the presence of
norflurazon (1.5 μg mL−1). Conditions for chromatographic separation are described in Materials and Methods.
Peaks were identified as: neoxanthin/loroxanthin (1), violaxanthin (2), antheraxanthin (3), lutein (4), zeaxanthin
(5), chlorophyll b (6), chlorophyll a (7) and β-carotene (8) and phytoene (9). Figure S4: Growth curves (A,B)
and carotenoid content (C,D) of untransformed (Control) and transformed (NorfR) strains of Chlamydomonas
reinhardtii cultured without and with increasing concentrations of the herbicide norflurazon. Cultures of the
control untransformed cells and of the NorfR-transformant T21 were harvested at the beginning of exponential
phase of growth and resuspended in fresh TAP medium without norflurazon or supplemented with 1.5, 8 and
20 μg mL−1 of norflurazon. Dry weight (DW) was determined every 24h. In addition, the carotenoid content
of control and transformed (NorfR) cells grown for 24h without or with 1.5 μg mL−1 of norflurazon were also
determined. Neoxanthin and loroxanthin (Neo/Lor) are expressed a unique value since they are not resolved
in the analytical conditions used. All the values are the average of three biological replicates and bars represent
standard deviation.
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Abstract: Cyanobacteria have many defence strategies to overcome harmful ultraviolet (UV) stress
including the production of secondary metabolites. Metabolomics can be used to investigate this
altered metabolism via targeted and untargeted techniques. In this study we assessed the changes in
the intra- and extracellular low molecular weight metabolite levels of Chlorogloeopsis fritschii (C. fritschii)
during 48 h of photosynthetically active radiation (PAR) supplemented with UV-B (15 μmol m−2 s−1 of
PAR plus 3 μmol m−2 s−1 of UV-B) and intracellular levels during 48 h of PAR only (15 μmol m−2 s−1)
with sampling points at 0, 2, 6, 12, 24 and 48 h. Gas chromatography–mass spectrometry (GC–MS)
was used as a metabolite profiling tool to investigate the global changes in metabolite levels. The UV-B
time series experiment showed an overall significant reduction in intracellular metabolites involved
with carbon and nitrogen metabolism such as the amino acids tyrosine and phenylalanine which have
a role in secondary metabolite production. Significant accumulation of proline was observed with a
potential role in stress mitigation as seen in other photosynthetic organisms. 12 commonly identified
metabolites were measured in both UV-B exposed (PAR + UV-B) and PAR only experiments with
differences in significance observed. Extracellular metabolites (PAR + UV-B) showed accumulation of
sugars as seen in other cyanobacterial species as a stress response to UV-B. In conclusion, a snapshot
of the metabolome of C. fritschii was measured. Little work has been undertaken on C. fritschii,
a novel candidate for use in industrial biotechnology, with, to our knowledge, no previous literature
on combined intra- and extracellular analysis during a UV-B treatment time-series. This study is
important to build on experimental data already available for cyanobacteria and other photosynthetic
organisms exposed to UV-B.
Keywords: cyanobacteria; C. fritschii; UV-B; PAR; time-series; intracellular; extracellular; metabolites;
GC–MS
1. Introduction
Cyanobacteria are gram-negative bacteria with the ability to photosynthesise, assimilating CO2
into a variety of biochemical compounds through different metabolic pathways [1]. Cyanobacteria
can thrive in a wide variety of extreme habitats such as high ultraviolet radiation (UVR) due to their
adaptive capabilities such as the production of secondary metabolites [1]. Metabolomics can be used
to determine changes at the metabolite level during varying environmental stimuli and is a useful tool
in cyanobacterial research [2]. The metabolome provides information closely reflecting the interaction
between an organism and its environment. Some metabolites produced by cyanobacteria under stress
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conditions are unique and are of increasing interest from a biotechnological perspective as sustainable
sources of ingredients in a variety of industries [3,4].
The effect of UVR on cyanobacteria has been widely researched including the interaction with
biomolecules, production of reactive oxygen species (ROS) which cause oxidative stress, impaired
growth, partial inhibition of photosynthesis and decreased enzyme activity [5–7]. UVR also has a role
as an activator of secondary metabolite production such as mycosporine-like amino acids (MAAs) [8]
and other protective secondary metabolites [9]. Many studies have been conducted to identify these
targeted intracellular metabolites during UV-B and UV-A exposure in Lyngbya sp. CU2555 [10],
Nostoc commune [11], Anabaena variabilis PCC 7937 [12], Calothrix sp. [13] and Chlorogloeopsis fritschii
(C. fritschii), PCC 6912, [14] to name a few. Other studies conducted have sought to evaluate changes at
the protein level [15,16], targeted and untargeted metabolomic analysis using different intensities of
UV-B [17] and combined metabolomic and proteomic analysis during UV-A exposure [18].
Cyanobacteria convert CO2 into reduced carbon which forms the backbone of metabolites and are
central to life. Like many other microorganisms, cyanobacteria release these carbon-based primary
and secondary metabolites into their surrounding area which drives carbon cycling within microbial
communities [19,20]. These released metabolites are by-products of metabolism within cells and
make up a small proportion of the dissolved organic matter (DOM) pool within freshwater and
marine ecosystems [19]. Consisting of a variety of chemical compositions such as; polysaccharides,
proteins, lipids, organic compounds or inorganic molecules, they are released for communication,
structural organisation, and defence against biotic and abiotic factors [20–22]. The uptake and release
of metabolites change with varying environments; examples include the release of exopolysaccharides
during high light and UVR [11,23].
Monitoring industrially relevant metabolites released by microorganisms into their surroundings
is a widely used technique in the fermentation industry. It can be used in bioprocess monitoring,
fermentation biomarker identification, for monitoring metabolite levels in fermentation processes and
microbial contamination [24,25].
Combining intracellular and extracellular analysis is useful in the study of cyanobacteria
providing a more holistic picture of metabolite production during growth and its response to different
environmental conditions [25,26].
Little work has been undertaken on monitoring both intracellular and extracellular metabolites in
cyanobacteria especially C. fritschii, a potential candidate for use in industrial biotechnology due to
its scalability [27] and tolerance to different growth conditions [28–30]. In this study, we observe the
changes in metabolites produced by C. fritschii during 48 h of UV-B exposure as detected by untargeted
gas chromatography-mass spectrometry (GC–MS). We were able to identify metabolites with altered
levels comparing UV-B treatment (PAR + UV-B) to cultures irradiated with PAR only.
2. Results
2.1. Intracellular and Extracellular Analysis of C. fritschii during UV-B Stress Response
The metabolite profiles of C. fritschii cultures (n = 3) were investigated during 48 h of UV-B
exposure. At each time point (0, 2, 6, 12, 24 and 48 h) intracellular and extracellular metabolites
were analysed by untargeted GC–MS to evaluate the global changes in metabolite production during
UV-B stress.
A total of 300 and 412 peaks were detected from the intracellular and extracellular time-series
data respectively (Tables S1 and S2). Using a match factor of 60% or above, 135 and 218 peaks were
putatively identified within the intracellular and extracellular data respectively (Tables S1 and S2).
The identified chemical structures belonged to a variety of classes such as; acids, alcohols, amino acids,
aromatics, fatty acids, heterocycles and sugars.
A Principle Component Analysis (PCA) model was used as an unsupervised multivariate statistical
tool to plot and visualise the variance between UV-B exposed samples over time. A total variance of
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37.2% for intracellular (Figure 1A, PC1 = 17%, PC2 = 11.1%, PC3 = 9.1%) and 36.4% for extracellular
(Figure 1B, PC1 = 18.9%, PC2 = 9.2%, PC3 = 8.3%) was observed.
Figure 1. Principle component analysis (PCA) of (A) intracellular and (B) extracellular gas
chromatography-mass spectrometry (GC–MS) data of UV-B exposed (PAR + UV-B) Chlorogloeopsis
fritschii (C. fritschii) cultures showing PC1 vs PC2 only. Each ring represents distribution of biological
replicates. S1 = replicate 1, S2 = replicate 2, S3 = replicate 3.
The results of the PCA for intracellular samples (Figure 1A) showed good separation over time
between the control (0 h) and 6, 12, 24 and 48 h of UV-B. Less variation was observed between 0
and 2 h of UV-B with clustering seen between 12, 24 and 48 h of UV-B. This result was consistent
with the two sample T-test results comparing control (0 h) with each time point where the number
of significant features increases with length of UV-B exposure (Table S1). After a one-way analysis
of variance (ANOVA) with repeated measures, 112 statistically significant peaks were observed with
p ≤ 0.05 (Figure S1A), 10 of which remained significant after Bonferroni correction.
From the extracellular data PCA (Figure 1B) a similar pattern was observed with increasing
variance with increasing length of UV-B exposure. Statistically significant changes between control
(0 h) and each time point, measured using a two-sample T-test also showed increasing significance
(p ≤ 0.05) with increasing length of UV-B up to 24 h (Table S2). A one-way ANOVA with repeated
measures calculated 114 statistically significant peaks with p ≤ 0.05 (Figure S1B).
2.1.1. Intracellular Metabolites
28 metabolites (13 represented for simplicity, Figure 2), selected as being involved in the central
carbon and nitrogen metabolism within cyanobacteria, were identified within the intracellular GC–MS
results Table S3). Many changes in metabolite levels were observed comparing between time points.
Glucose, pyruvate and lactate all decreased in abundance after UV-B exposure with significant reduction
after 2 h (pyruvate p ≤ 0.05, 0 vs. 2 h), 6 h (glucose p ≤ 0.05, 2 vs. 6 h) and 12 h (lactate p ≤ 0.05, 0 vs.
12 h). Lactate was present during the whole time course whereas glucose and pyruvate were below
detection limit after 6 h (p ≤ 0.05) and 24 h (p ≤ 0.001) respectively.
6 proteinogenic amino acids were detected; serine (ser), glycine (gly), glutamate (glu), proline
(pro), tyrosine (tyr) and phenylalanine (phe). All detected amino acids decreased after 6 or 12 h of
exposure with the exception of pro. A decrease in tyr, phe and gly was seen after 6 h (tyr p ≤ 0.05, 0 vs.
6 h; phe p ≤ 0.01, 2 vs. 6 h; gly p ≤ 0.05, 2 vs. 6 h) of UV-B followed by no detection at 6, 12, 24, and 48 h
(tyr p ≤ 0.05; phe p ≤ 0.01; gly p ≤ 0.05). Ser and glu decreased significantly after 12 h of treatment
(ser p ≤ 0.05, 0 vs. 12 h; glu p ≤ 0.05, 0 vs. 12 h), ser was below detection limit between 12 and 48 h
(p ≤ 0.05) whereas glu was detected throughout the time series. Proline showed no significant decrease
after UV-B exposure with a significant increase observed after 24 h (p ≤ 0.05, 6 vs. 24 h).
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Figure 2. Schematic representation of a generalised reduced carbon metabolism in the cyanobacterium
C. fritschii showing glycolysis, the citric acid (TCA) cycle, amino acid and fatty acid biosynthesis.
Primary metabolites identified in intracellular samples using GC–MS are highlighted in blue with
each insert presenting mean values of normalised abundance (normalised to internal standard and
dry weight) ± standard error of each metabolite during supplemented UV-B exposure PAR + UV-B).
Statistical significance between control (0 h) and UV-B exposure (2, 6, 12, 24 and 48 h) and between
each treatment time point was measured using a two-sample T-test with equal variance; * = 0.05 ≥
p ≥ 0.01, ** = 0.01 ≥ p ≥ 0.001 and *** = p ≤ 0.001.
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The fatty acids stearic acid, palmitic acid and mystiric acid all decreased significantly after 2 h of
treatment (p ≤ 0.05) and their abundance remained lowered throughout the time series (stearic acid
p ≤ 0.01, 0 vs. 48 h; palmitic acid p ≤ 0.05, 0 vs. 48 h; mystiric acid p ≤ 0.01, 0 vs. 48 h).
Carotenoid and MAA Analysis
Carotenoid concentration (Figure 3A) and MAA content (Figure 3B) were analysed by UV-visible
spectroscopy and high performance liquid chromatography (HPLC) respectively. Total carotenoid
concentration decreased after 2 h (p ≤ 0.05); with a steady significant increase up to 48 h with a final
concentration of 2.59 μg/mg dry weight (p ≤ 0.05).
Figure 3. Carotenoid and mycosporine-like amino acid (MAA) analysis of C. fritschii extracts
during UV-B exposure. (A) Total carotenoid concentration as measured by UV-visible spectroscopy
and (B) shinorine and mycosporine-glycine (m-gly) content measured by high-performance liquid
chromatography (HPLC) analysis. All values are the mean of three biological replicates (normalised to
dry weight) ± standard error. Statistical significance was measured using a two-sample T-test with
equal variance; * = 0.05 ≥ p ≥ 0.01, ** = 0.01 ≥ p ≥ 0.001 and *** = p ≤ 0.001.
As described above, UV-B also induces the production of the photoprotective compounds, MAAs.
The two forms found in C. fritschii are mycosporine-glycine (m-gly) and shinorine [29], both were
detected during this experiment with peaks identified using their retention time and absorption
maxima (λmax) values. As expected an increase in shinorine (retention time ~4.9 min, λmax = 334 nm)
was observed with increasing length of UV-B exposure. No significance was observed with m-gly
(retention time ~10.8 min, λmax = 310 nm) content during this experimental time series.
2.1.2. Extracellular Metabolites
29 biologically relevant dissolved metabolites (Table S3) were detected within the extracellular
data set (13 represented for simplicity, Figure 4). Citrate, a component of BG-11 medium [31] and
involved in the citric acid (TCA) cycle, was consistently detected throughout the time series (ANOVA,
p ≤ 0.05) along with succinate. Other TCA substrates; malate and fumarate were also detected at 0 h
with decreasing abundance after 2 h of UV-B (malate, p ≤ 0.001). Other metabolites detected at 0 h
which decreased after UV-B exposure were leucine (p ≤ 0.01, 0 vs. 6 h), putrescine (p ≤ 0.05, 0 vs. 2 h)
octanoic acid (p ≤ 0.001, 0 vs. 24 h) mystiric acid (p ≤ 0.01, 2 vs. 24 h) and fructose (p ≤ 0.01, 0 vs.
2 h). Accumulation of the sugars galactose, xylose, lyxose and arabinose was seen after 6 h (galactose
p ≤ 0.01; arabinose p ≤ 0.01) 12 h (arabinose p ≤ 0.05), 24 h (arabinose p ≤ 0.05; xylose p ≤ 0.05; lyxose
p ≤ 0.01) and 48 h (galactose p ≤ 0.05; arabinose p ≤ 0.001; lyxose p ≤ 0.01) of UV-B exposure. Trehalose
was also identified throughout the time series with no significant changes.
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Figure 4. Time-series exometabolomics data of C. fritschii over 48 h of UV-B exposure showing
primary metabolites found in extracellular samples only. Statistical significance was measured using a
two-sample T-test comparing control (0 h) and UV-B exposure (2, 6, 12, 24 and 48 h) and between each
treatment time point, * = 0.05 ≥ p ≥ 0.01, ** = 0.01 ≥ p ≥ 0.001 and *** = p ≤ 0.001.
2.2. Intracellular Analysis of C. fritschii (PAR Only)
Intracellular Metabolites
A time-series analysis of PAR only (without UV-B supplementation) over 48 h (Table S4) revealed
35 key primary intracellular metabolites (Table S3). 12 were commonly identified between PAR only
conditions and during UV-B supplementation (nine represented for simplicity in pathway schematic,
Figure 5).
In general, comparing both supplement UV-B and PAR only, the nine common metabolites
(Figure 6) showed differences in log2 fold change (FC). The metabolites detected during supplemented
UV-B showed negative log2(FC) values which corresponds to reduced metabolite abundances compared
to 0 h. Positive log2 (FC)) was generally observed for metabolites detected during PAR only indicating
increased abundances compared to 0 h. The main exception is 5-oxoproline that reduced in both
UV-B + PAR and PAR only experiments.
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Figure 5. Schematic representation of a generalised reduced carbon metabolism in the cyanobacterium
C. fritschii showing glycolysis, TCA cycle, amino acid and fatty acid biosynthesis. Primary metabolites
identified in intracellular samples using GC–MS are highlighted in orange with each insert presenting
mean values of normalised abundance (normalised to internal standard and dry weight) ± standard
error of common metabolites found during PAR only conditions and supplemented UV-B (Figure 2).
Statistical significance between 0 h and each time point as well as between time points were measured
using a two-sample T-test with equal variance; *= 0.05≥ p≥ 0.01, **= 0.01≥ p≥ 0.001 and ***= p≤ 0.001.
A significant accumulation of glu (p ≤ 0.01) was observed after 12 h of PAR only whereas a
significant decrease was seen after 12 h of UV-B exposure. Tyr accumulation (p ≤ 0.001) was also seen
after 2 and 12 h of PAR only conditions with a significant decrease during UV-B treatment. Palmitic
and stearic acid remained relatively stable over time with a significant reduction during UV-B exposure
observed. Gly and ser abundance remained consistent with significant decreases after 6 and 12 h
respectively during UV-B exposure.
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Figure 6. The changes in common metabolites identified in both UV-B + PAR and PAR only experiments
comparing 0 h with 2, 24 and 48 h. Data are presented as Log2 Fold Change (FC) ± standard error.
3. Discussion
3.1. Intracellular Metabolite Changes and Pathway Analysis
UV-B exposure is known to reduce growth, photosynthesis and nitrogen fixation in cells to divert
energy from key primary pathways to adaptive mechanisms such as; the production of secondary
metabolites, MAAs; antioxidant production and DNA/protein repair [32]. A reduction in average
dry weight was measured over 24 h of UV-B exposure (Figure S2) with the recovery of the initial
biomass concentration and further growth measured between 24 and 48 h. These results showed no
significance (p ≥ 0.05) across the time series suggesting acclimation of cells to UV-B where damage
to photosynthetic systems are counterbalanced by repair and mitigation strategies. A reduction in
carotenoid concentration (Figure 3A) was observed after 2 h (p ≤ 0.05) due to damage to photosystems
caused by UV-B. Accumulation of total carotenoids could be indicative of antioxidant activity as a
response to ROS production [6,33].
A reduction in glucose, pyruvate and lactate (Figure 2) could indicate a reduction in CO2 fixation
via photosynthesis and further biochemical processes. This could be due to the reduced production of
ATP and NADPH2 from photosynthesis [34].
The 13 selected intracellular metabolites (Figure 2) were reduced across the UV-B time series
indicating the reduction of cellular processes. A decrease in phe and tyr could be due to their role as
precursors to many secondary metabolites such as aromatic nitrogen-containing alkaloids [13]. M-gly
and shinorine are produced via a combination of the shikimate/pentose phosphate pathway which
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also involves the addition of gly and ser to form the final MAAs [9,35]. The reduction of these amino
acids coincides with an increase in MAA levels (Figure 3B).
5-oxoproline and glu are involved in glutathione metabolism. 5-oxoproline reduction (p ≤ 0.01)
could be due to its interconversion into glutamate which is further converted into the antioxidant
glutathione [36]. Glu is also produced from the assimilation of nitrogen during nitrogen fixation which
is reduced during UV-B exposure [34].
Pro has been studied in many UV-B experiments involving different photosynthetic organisms
and its accumulation is thought to have a role in stress response by providing additional defence as
a ROS scavenger and molecular chaperone [37–39]. Accumulation of proline has been observed in
Nostoc punctiforme during 24 h of UV-A stress [18], in the model plant organism Arabidopsis after 24 h of
UV-B treatment [40], and also in C. fritschii after 24 h of UV-B exposure within this study.
Overall less significant differences were observed during PAR only conditions (Figure 5) compared
to PAR supplemented with UV-B (Figure 2).
3.2. Extracellular Metabolite Changes
The movement of metabolites and substrates between cells and their surrounding environment (or
vice versa) can occur via passive and active uptake and efflux systems. Reactions can also occur on cell
surface membranes and as transformations of media components [41]. Identification of extracellular
metabolite uptake and release from cyanobacteria is, therefore, a complex process due to the high
turnover rates of intracellular processes [25]. Extracellular metabolites can be released during stress
and as by-products of intracellular reactions [19]. Sugars such as galactose, arabinose, lyxose and
xylose are actively released during UV-B stress [5] as seen in this experiment (Figure 4).
7 metabolites from the identified biologically relevant pool were found in both intra- and
extracellular metabolite samples (Figure S3). The fatty acid mystiric acid shows a similar pattern of
reduced abundance with increasing length of UV-B in both samples (intracellular p ≤ 0.05; extracellular
p ≤ 0.05). Ethanolamine, involved in glycerophospholipid metabolism, and 2-oxobutanoate, involved
in amino acid biosynthesis show opposite patterns with intracellular levels decreasing (p ≤ 0.05) and
extracellular levels increasing (ethanolamine, p ≤ 0.01, 2-oxobutanoate, p ≤ 0.001) (S1: Figure 3). Further
detailed analysis using a combination of -omic techniques and the application of isotopic labelling
such as 13C flux balance analysis would be required to better understand the uptake and release of
extracellular metabolites and their possible use within cyanobacterial metabolite production [42].
4. Conclusions
In summary, an untargeted GC–MS workflow was used to evaluate intra- and extracellular
metabolites under supplemented UV-B exposure (PAR+UV-B). Most significantly we found a reduction
of intracellular metabolites such as the amino acids, tyr, phe, ser, gly and glu and the accumulation
of pro, which to our knowledge has not been previously reported in C. fritschii. Compared to PAR
only, intracellular metabolites showed less significant changes with amino acids tyr, phe and glu
accumulation observed.
Although a time series analysis was conducted, this only represents a minuscule proportion of the
true changes within the metabolome. This study is important to build on experimental data already
available for cyanobacteria and other photosynthetic organisms exposed to UV-B. To understand the
changes in primary metabolites and metabolic process with increasing length of UVR exposure to help
further understand secondary metabolite production and adaptation of cyanobacteria to UV stress.
Further studies are needed to understand and verify these processes within cyanobacteria to aid in the
understanding of UV stress adaptation at the metabolite level.
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5. Materials and Methods
5.1. Organism and Growth Conditions
The cyanobacterium C. fritschii, PCC 6912, was obtained from the Pasteur culture collection
(PCC) and grown in autoclaved deionised water with filtered BG-11 growth medium (Sigma Aldrich).
The strain was maintained in 50 mL BG-11 at a temperature of 27 ± 2 ◦C under continuous PAR
illuminated at 15 μmol m−2 s−1 (measured using a PAR light sensor, Enviromonitors, West Sussex,
UK). Experimental cultures were pre-grown in 300 mL BG-11 media under the same conditions with
constant shaking at 80 rpm.
5.2. Experimental Setup
5.2.1. Supplemented UV-B Experiment (PAR + UV-B)
After 6 days of pre-growth, triplicate experimental C. fritschii cultures were transferred into three
Quartz Erlenmeyer flasks (H.Baumbach & CO.LTD, Suffolk, UK) at an optical density at 750 nm
(OD750nm) of approx. 0.14 to allow even UV-B exposure. The cultures were exposed to a total of 48 h of
UV-B radiation using a UVB broadband (290–315 nm, centered at 310 nm) fluorescent tube (Philips
TL 20W/12 RS SLV/25, Proflamps, Eindhoven, The Netherlands) emitting 3 μmol m−2 s−1 of UV-B
radiation (measured using a UVR light sensor, Enviromonitors, West Sussex, UK). The experiment was
carried out under continuous PAR at 15 μmol m−2 s−1 and shaking at 100 rpm for even UVB exposure
of cells. For time course analysis samples were collected at no UV-B (0 h), 2, 6, 12, 24 and 48 h for dry
weight, pigment, MAA, and GC–MS analysis.
5.2.2. PAR Only Experiment (PAR only)
C. fritschii cultures were pre-grown for 6 days prior to experimental analysis. After 6 days of
pre-growth, triplicate experimental C. fritschii cultures (OD750nm of approx. 0.13) were grown at a
temperature of 27 ± 2 ◦C under continuous PAR illuminated at 15 μmol m−2 s−1 (measured using a
PAR light sensor, Enviromonitors, West Sussex, UK) and continuous shaking at 100 rpm. For time
course analysis samples were collected at 0, 2, 6, 12, 24 and 48 h for dry weight and GC–MS analysis.
5.3. Sample Harvest and Growth Analysis
Forty mL volumes of UV-B exposed (n= 3) and PAR only cultures (n= 3) were harvested at each time
point by centrifugation at 4400 rpm for 20 min to produce a pellet and supernatant. The supernatants
(40 mL) were collected and freeze-dried (Edwards, super modulyo) for 72 h. The remaining pellets were
transferred into pre-weighed Eppendorf’s and freeze-dried for 24 h (Scanvac, CoolSafeTM, LaboGeneTM,
Vassingerød, Denmark) for dry weight measurements. Both pellets (PAR + UV-B and PAR only) and
dried supernatant (PAR + UV-B only) were stored at −20 ◦C until analysis. OD was monitored using
absorbance at 750 nm using a UV-visible spectrophotometer (Shimadzu, UV-2550, Kyoto, Japan).
5.4. GC–MS Analysis
5.4.1. Sample Preparation
Polar and non-polar metabolites were extracted from UV-B exposed and PAR only dried cell
pellets for GC–MS analysis. Briefly, approx. 0.5–1 mg (UV-B exposed) or 1.5–3 mg (PAR only) of dried
biomass was re-suspended in 1 mL methanol:chloroform:water (2:2:1) and sonicated using a sonicator
probe (Fisher Scientific, FB50) using 6 cycles of 20 s pulses at 40 Hz at 0 ◦C. After centrifugation (5 min
at 12,000 rpm), 100 μL of each solvent layer (both methanolic and chloroform layers) were aliquoted
into new Eppendorf’s and evaporate to dryness using a rotary vacuum concentrator (Eppendorf
concentrator 5301).
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Dried supernatant (PAR+UV-B) was re-suspended in 1 mL of methanol and centrifuged (4000 rpm,
5 min). Two hundred μL was aliquoted into new Eppendorf’s followed by evaporation to dryness and
derivatisation as below.
5.4.2. Sample Derivatisation
To each 200 μL dried sample, 30 μL of methoxyamine hydrochloride (23 mg) in pyridine (1.5 mL)
was added and samples were heated at 70 ◦C for 45 min. Once cooled to room temperature, 50 μL of
MSTFA+TMCS (Thermo ScientificTM, product no: TS-48915) was added and samples heated for an
additional 90 min at 40 ◦C. Once cooled to room temperature, 10 μL of tetracosane dissolved in hexane
(2 mg/mL) was added as an internal standard. Derivatised samples were transferred into auto-sample
vials ready for analysis.
5.4.3. GC–MS Analysis
Derivatised sample (1 μL) was loaded onto an Agilent HP-5MS capillary column (30 m × 0.25 mm
× 0.25 um) in splitless mode at 250 ◦C. The GC was operated at a constant flow of 1 mL min−1 helium.
The temperature program started at 60 ◦C for 1 min, followed by temperature ramping at 10 ◦C min−1
temp of to a final 180 ◦C, this was followed by a second temperature ramping at 4 ◦C min−1 to a final
temp of 300 ◦C and held constant at 300 ◦C for 15 min. Data acquisition included a mass range of 50 to
650 and resulted in .D data files for analysis.
Chromatograms were deconvoluted using AMDIS (Automated Mass Spectral Deconvolution
and Identification System) followed by alignments using the online portal SpectConnect, http:
//spectconnect.mit.edu/ [43], before identifying peaks using Golm metabolome database, www.gmd.
mpimp-golm.mpg.de/, and the NIST 05 (National Institute of Standards and Technology) library [44].
MetaboAnalyst, www.metaboanalyst.ca/, was used for statistical analysis [45,46].
5.4.4. GC–MS Data Processing
GC–MS data sets need deconvolution of co-eluting compounds, the freely available software
AMDIS was used to process the chromatograms (.D) and produce .ELU files for alignment and
conservative component identification using SpectConnect [43,47]. Settings for AMDIS were as
followed [18]; Resolution = medium, sensitivity = medium, shape requirement = medium and
component width was 10. The resulting .ELU files were uploaded to SpectConnect to produce matrices
for further analysis and processing in Excel 2010 (Microsoft, USA). The integrated signal (IS) matrix
generated was used for relative quantification of peaks. Triplicate missing data points (within time
points) were assumed to be lower than the detection limit and replaced with half of the minimum
integrated signal within each data set. Data normalisation was carried out using the peak area of
the internal standard tetracosane and dry weight of each sample (for intracellular data only; approx.
0.5–1 mg of UV-B exposed cells and 1.5–3 mg of PAR only cells). All duplicate retention times were
removed before further analysis.
5.4.5. Identification
Identification of peaks was carried out in AMDIS by analysing each chromatogram using the
Golm databases as a target library, followed by searching the NIST 05 library with a match factor
of 60% or above. Reports were exported in .xls format from AMDIS with the first hit only included
for further processing using Excel 2010 (Microsoft, Redmond, WA, USA). A true hit was considered
when two or more biological replicates (within the same time-point) contained the peak. If none of
the time points contained ‘true hits,’ the peaks were removed before further analysis. Metabolites
reported belonged to level 2 (putatively annotated compounds) and level 4 (unknown compounds)
identifications in accordance with the Metabolomics Standards Initiative [48].
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5.4.6. Statistical Analysis
MetaboAnalyst was used to statistically analyse the IS peak lists (in .csv format) of the time series
data using the time-series/two-factor module. Multivariate analysis was carried out using each column
as a different time point and each row representing a metabolite (data type = peak intensity table;
study design = time-series only; data format = samples in columns) [46]. Missing data points were
uploaded as blanks and replaced with half of the minimum integrated signal within each data set.
Peaks were normalised to total sum of peaks, log-transformed and mean centered prior to statistical
analysis. PCA, a one-way repeated ANOVA (p ≤ 0.05) and hierarchical heat map clustering was used
to evaluate the data. A two-sample T-test with equal variance was also used as a univariate statistical
tool to evaluate data comparing 0 h with each treatment time point (2, 6, 12, 24 and 48 h) as well as
between each time points in Excel.
5.5. MAA analysis
5.5.1. Sample Preparation
0.5–1 mg of UV-B exposed dried biomass was re-suspended in 100% HPLC grade methanol (1 mL)
and left in the dark at 4 ◦C overnight (24 h). After centrifugation (5 min at 12000 rpm), the supernatant
was removed and evaporated to dryness using a rotary vacuum concentrator. The dried extract was
re-dissolved in 600 μL of deionised water and transferred to autosample vials for HPLC analysis [49].
5.5.2. HPLC Analysis
HPLC analysis was performed using an Agilent 1100 system equipped with a binary pump
(G1312A), an autosampler injector (ALS, G1313A), thermostatted column compartment (G1316A)
and diode array detector (DAD, G1315A) connected via an interface module to a computer running
ChemStation software. The stationary phase was an AlltimaTM AltechTM C18, 4.6 × 150 mm, 5 μm
column heated to 35 ◦C. The mobile phases consisted of; Eluent A: Water (0.01% TFA, v/v) and Eluent
B: 70% methanol (0.054% TFA, v/v) with a gradient of; 99% A for 10 min, to 80% A over 5 min, to 1% A
over 5 min, held for 3 min and increased to 99% A over 2 min. The samples were injected at a volume
of 100 μL and MAA’s were monitored at wavelengths of; 310, 320 and 330 nm, absorption spectra
between 200–400 nm were stored in each detected peak.
5.6. Pigment Analysis
Sample Preparation
To approx. 0.5–1 mg of dried biomass, 100% HPLC grade methanol (1 mL) was added and
vortexed to re-suspend. Samples were sonicated under low light conditions using a sonicator probe for
6 cycles of 20 s pulses at 40 Hz at 0 ◦C. After centrifugation (5 min at 12,000 rpm), the supernatant was
removed and absorbance spectra measured using a UV-visible spectrophotometer between 400–800 nm
with 100% methanol as a blank. Carotenoid concentration was calculated using the equations as
described in [50,51].
Supplementary Materials: The following are available online at http://www.mdpi.com/2218-1989/9/4/74/s1,
Figure S1: Hierarchical heatmap visualisation of the significant (A) intracellular and (B) extracellular peak
intensities (p ≤ 0.05) during UV-B exposure using a one-way repeated measure ANOVA in MetaboAnalyst. Data
is arranged in triplicate with increasing length of UV-B exposure from left to right (0–48 h). S1 = replicate 1,
S2 = replicate 2, S3 = replicate 3; Figure S2: Dry weight measurements of C. fritschii cultures during 48 h of
supplemented UV-B exposure. All values are the mean of three biological replicates ± standard error; Figure S3:
Time-series metabolomics data of C. fritschii during 48 h of UV-B exposure showing primary metabolites found in
both intra- and extracellular during GC–MS analysis. (A) Metabolites showing statistically significant (p ≤ 0.05)
changes over time in intra- and extracellular data; (B) metabolites showing statistically significant (p≤ 0.05) changes
over time in intracellular samples only. Statistical significance was measured using a two-sample T-test comparing
control (0 h) to each treatment time point (2, 6, 12, 24 and 48 h) and between treatment time points, * = 0.05 ≥ p ≥
0.01, ** = 0.01≥ p ≥ 0.001 and *** = p ≤ 0.001; Table S1: Intracellular compounds detected during UV-B exposure
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using GC–MS including; Retention time (RT), name, class, model (m/z), normalised mean abundance (n = 3) ±
standard error (SE). T-test and ANOVA results showing statistical significant compounds, * = 0.05 ≥ p ≥ 0.01,
** = 0.01 ≥ p ≥ 0.001, *** = p ≤ 0.001; Table S2: Extracellular compounds detected during UV-B exposure using
GC–MS including; Retention time (RT), name, class, model (m/z), normalised mean abundance (n = 3) ± standard
error (SE). T-test and ANOVA results showing statistical significant compounds, * = 0.05 ≥ p ≥0.01, ** = 0.01 ≥
p ≥ 0.001, *** = p ≤ 0.001; Table S3: Biologically relevant metabolites detected during PAR + UV-B (intra- and
extracellular metabolites) and PAR only (intracellular metabolites), including possible biosynthetic pathways;
Table S4: Intracellular compounds detected during PAR only exposure using GC–MS including; Retention time
(RT), name, class, model (m/z), normalised mean abundance (n = 3) ± standard error (SE). T-test and ANOVA
results showing statistical significant compounds, * = 0.05 ≥ p ≥ 0.01, ** = 0.01 ≥ p ≥ 0.001, *** = p ≤ 0.001.
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Abstract: Copper (Cu) is a heavy metal that is widely used in industry and as such wastewater
from mining or industrial operations can contain high levels of Cu. Some aquatic algal species can
tolerate and bioaccumulate Cu and so could play a key role in bioremediating and recovering Cu
from polluted waterways. One such species is the green alga Desmodesmus sp. AARLG074. The aim
of this study was to determine how Desmodesmus is able to tolerate large alterations in its external Cu
and pH environment. Specifically, we set out to measure the variations in the Cu removal efficiency,
growth, ultrastructure, and cellular metabolite content in the algal cells that are associated with Cu
exposure and acidity. The results showed that Desmodesmus could remove up to 80% of the copper
presented in Jaworski’s medium after 30 min exposure. There was a decrease in the ability of Cu
removal at pH 4 compared to pH 6 indicating both pH and Cu concentration affected the efficiency
of Cu removal. Furthermore, Cu had an adverse effect on algal growth and caused ultrastructural
changes. Metabolite fingerprinting (FT-IR and GC-MS) revealed that the polysaccharide and amino
acid content were the main metabolites affected under acid and Cu exposure. Fructose, lactose and
sorbose contents significantly decreased under both acidic and Cu conditions, whilst glycerol and
melezitose contents significantly increased at pH 4. The pathway analysis showed that pH had the
highest impact score on alanine, aspartate and glutamate metabolism whereas Cu had the highest
impact on arginine and proline metabolism. Notably both Cu and pH had impact on glutathione and
galactose metabolism.
Keywords: algae; copper; FT-IR; metabolite fingerprinting; pathway analysis; TEM
1. Introduction
Copper (Cu) is widely used in industry [1] and as a result there is a very high demand of
raw Cu extracted from mines. This demand is projected to increase 2.8 to 3.5 fold by 2050 [2].
Consequently, Cu containing waste (in particular wastewater) is generated daily from mining and
industrial operations. The concentration of Cu in such mine drainage and water systems can vary
substantially [3]. Additionally, the pH of the water systems is lowered (pH 3–5) resulting in acid
mine drainage (AMD) [4,5]. A range of studies [3,6,7] have determined the level of Cu directly from
industrial and acid mine run-off is around 10 to 80 times higher (up to 160 mg/L) than control level,
indicating an urgent need for remediation. For example, the run-off from an abandoned Cu mine in
Norway has a Cu concentration of 13.9 mg/L (pH 2.9), whereas the nearby receiving lake has just
0.04 mg Cu/L (pH 6.6) [3].
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High levels of Cu exposure can be toxic to most living organisms [8–11] as heavy metals are
non-biodegradable and environmentally persistent, which may be deposited on surfaces and then
absorbed into the tissues of organisms [12]. Although the toxicity of Cu is recognized, the permissible
amount of Cu in effluents slightly differs around the world. For example, the Ministry of Industry of
Thailand has announced that the maximum permissible limit of Cu in industrial effluent is 2.0 mg
Cu/L, which is the same as the permissible limit of Cu ions in drinking water permitted by the World
Health Organization (WHO). The United States Environmental Protection Agency (USEPA) regulations
state that Cu in industrial effluents must not exceed 1.3 mg Cu/L [1].
Despite the toxicity, some micro-algal species are able to grow in waterways that contain high
concentrations of Cu, alongside the associated altered pH. This is in part due to Cu being an essential
trace element that is required for normal algal growth [13,14] and also due to some algae (both macro-
and micro-algae) being highly efficient in bioaccumulating heavy metals [15]. As such, bioaccumulation
of the Cu from these polluted waterways is a potential approach for heavy metal bioremediation.
Although the efficiency of heavy metal removal by algae and its effect on algal growth has been well
characterized for some species [8,10,16–19] the biochemical mechanisms that are associated with algae
tolerating high concentrations of Cu tolerance are not clearly defined or understood. In addition,
Desmodesmus (Chlorophyta, Chlorophyceae) is the genera that frequently found distributed in the
freshwater resources over the north and north-eastern of Thailand [20].
The aim of this study was to determine how microalgae are able to tolerate large alterations in
their external Cu and pH environment. To this end we studied a green microalga Desmodesmus sp.
(Chlorophyta, Chlorophyceae) AARLG074, a species isolated from and commonly found in a natural
water reservoir in the north of Thailand. Specifically, we set out to measure the variations in the
Cu removal efficiency, growth, ultrastructure, and cellular metabolite content in algal cells that are
associated with Cu exposure and acidity. The Cu concentrations used in this study were set to the
permittable Cu concentration in wastewater of Thailand (2 mg Cu/L) and Cu concentrations in the acid
mine drainage system and industrial effluents (14–164 mg Cu/L) [3,6]. The pH values were also set
according to the pH of AMD [4,5].
2. Results
2.1. Copper Removal Efficiency
The Cu removal efficiency of the cultures was assessed by growing Desmodesmus sp. AARLG074
in JM medium supplemented with 0, 2, 20, and 50 mg Cu/L at pH4 and pH6 for 168 h (7 days). The Cu
removal efficiency was highest at pH6 where up to 83% of Cu in the media was absorbed within 30 min
after inoculation (Table 1). The highest Cu absorption (93.5%) was measured 168 h after exposure to
Cu in medium supplemented with 2 mg Cu/L, pH 6. Even in medium supplemented with 20 mg Cu/L
the absorption after 24 h exposure at pH 6 was 92.8%.
In contrast, when algae were grown at pH 4 only 16.5% of Cu in the medium was removed at a
Cu concentration of 20 mg Cu/L. The Cu absorption fluctuated over seven days with approximately
4–40% absorption at pH 4 and 64–94% at pH 6. Nonetheless, statistically significant lower Cu removal
efficiency values were observed in all time points at pH 4, compared to pH 6 (Table 1).
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Table 1. Percent removal of copper from growth media containing Desmodesmus sp. AARLG074 over
168 h (7 days) growth at pH4 and pH6. Each value represents the mean ± SD (n = 3) with different
superscript letter in the same time point indicating statistically significant differences (Two-way
ANOVA, Tukey HSD, p < 0.05) using R version 3.4.3.
Mean Percentage of Copper Removal from the Media ± SD (n = 3)
pH 4 6
Cu (mg/L) 2 20 50 2 20 50
0 h 0 0 0 0 0 0
0.5 h 20.3 ± 26.6 a 13.1 ± 1.8 a 17.7 ± 3.8 a 57.6 ± 2.8 b 82.6 ± 5.2 b 82.5 ± 1.6 b
8 h 27.6 ± 24.7 a 15.5 ± 2.2 a 13.0 ± 1.8 a 67.2 ± 24.3 b 82.6 ± 5.2 b 81.0 ± 1.9 b
16 h 4.1 ± 5.7 a 14.0 ± 4.6 a 14.6 ± 1.7 a 64.6 ± 1.5 b 88.9 ± 2.2 d 77.2 ± 6.2 c
24 h 10.7 ± 6.1 a 16.5 ± 4.0 ab 27.7 ± 9.1 b 64.2 ± 1.4 c 92.9 ± 4.0 d 81.6 ± 2.6 d
72 h 34.1 ± 19.4 a 15.2 ± 4.9 a 16.4 ± 2.9 a 65.5 ± 0.5 b 91.3 ± 2.1 c 77.0 ± 5.0 bc
120 h 40.6 ± 16.5 b 18.0 ± 5.6 a 15.8 ± 1.7 a 64.6 ± 1.5 c 83.7 ± 2.7 cd 85.7 ± 1.2 d
168 h 39.2 ± 18.9 a 34.6 ± 0.6 a 20.3 ± 0.6 a 93.5 ± 1.2 b 73.9 ± 1.1 b 85.9 ± 0.1 b
2.2. Copper and Acid Exposure Affected the Cell Density, Pigment Content and Ultrastructure in
Desmodesmus sp. AARLG074
Cell and colony density—The cell density was calculated based on the number of colonies within
four categories, based on number of cells in each colony (single, duplet, triplet, quadruplet) (Figure 1).
The cell density of algae grown under control conditions (no Cu, pH 6) gradually increased and reached
the highest cell density after 120 h cultivation (Figure 1A). However, the cell density of Cu-treated algae
cultures at pH 6 was indicated a longer stationary phase (up to 72 h) with the highest cell densities
occurring after 120 h cultivation. The cell density of algae grown in non-Cu supplemented JM at pH
4, which reflects that effects of acidic stress (pH 4) on algal growth, was significantly less than the
cell densities of algae grown pH 6 (Figure 1A) (Supplementary Materials Table S1). As measured
in cultures grown at pH 6, the cell density of cultures grown in combined Cu and pH 4 media also
had a statistically-significantly negative effect on the cell density of Desmodesmus sp. AARLG074,
when compared to no Cu media controls (Figure 1A).
Figure 1. The effects of copper and pH on cell density and the percentage of number of cells per colony
of Desmodesmus sp. AARLG074. (A) The mean cell density of Desmodesmus sp. AARLG074 grown at
pH 4 (red line) and pH 6 (blue line) and copper concentrations (0, 2, 20, 50 mg/L) over 168 h. (B) The
mean percentage of single (blue), duplet (pink), triplet (purple) and quadruplet (green) cells per colony
of Desmodesmus sp. AARLG074 growing at pH 4 and pH 6 and copper concentration over 168 h. Values
are mean ± SD (n = 3).
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The majority of colonies over the testing period were duplet (Figure 1B). The percentage of
duplet colonies increased over 16 h cultivation under both control (0 mg Cu/L) and low Cu (2 mg
Cu/L) conditions at pH 4 or pH 6. Additionally, the percentage of triplet colonies (three-cells-colony)
significantly increased when exposed to high copper (50 mg Cu/L) for 168 h. The percentage of
quadruplet colonies (four-cells-colony) also increased after 24 h cultivation, but this effect was negated
when Cu was added to the media (Figure 1B and Supplementary Materials Tables S2–S5).
Pigments—The pigment content (chlorophyll a, chlorophyll b and total carotenoids) of the cultures
significantly decreased in the algal cultures containing Cu (Figure 2). This effect was more severe at pH
4 compared to pH 6 (Figure 2A and Supplementary Materials Tables S7–S9). The amount of pigments in
the control (0 mg Cu/L) and low Cu (2 mg Cu/L) supplemented cultures gradually increased over time.
This was not observed under high Cu supplemented conditions (20 and 50 mg Cu/L), where pigment
concentrations were statistically lower than cultures grown at 0 and 2 mg Cu/L.
Figure 2. Pigment content (chlorophyll a (pink), chlorophyll b (green) and total carotenoids (blue))
of Desmodesmus sp. AARLG074 grown at pH 4 and pH 6 with varied copper concentrations (0, 2, 20,
50 mg/L) over 168 h. Data expressed as (A) pigments per volume of culture (ug per ml) and (B) per
algal cell (ng per cell). Values are mean ± SD (n = 3).
This lower pigment content in the culture would partly be due to the lower cell count per ml of
culture, but also a lower pigment concentration per cell as there was a similar response to Cu and pH
when the pigment values were expressed as amount of pigments per cell (Figure 2B and Supplementary
Materials Tables S7–S9). The amount of pigments in un-supplemented Cu cultures grown in either
pH 4 or 6 gradually increased over time (Figure 2B). Also, under low Cu supplemented conditions
(2 mg Cu/L) the pigment content per cell increased until 16 h and remained stable until the end of
experiment, in both pH 4 and 6. However, the amount of chlorophyll a in cultures grown at 50 mg
Cu/L was significantly lower (Supplementary Materials Table S9). The amount of chlorophyll a in pH 4
grown cultures was lower than pH 6 but not statistically different.
Ultrastructure—The ultrastructure of Desmodesmus sp. AARLG074 was altered after 24 h of
Cu exposure as observed using TEM (Figure 3). Control algal cells that were grown in non-copper
supplemented JM media at pH 4 had few starch granules with little or no periplasmic space (PM)
(Figure 3A). However, control algal cells grown in non-copper supplemented JM media at pH 6 had
many starch granules (S), again with little or no periplasmic space (PM) (Figure 3B).
In Cu supplemented media, the largest change in ultrastructure was observed in Desmodesmus
sp. AARLG074 exposed to 50 mg Cu/L in both pH 4 (Figure 3C) and 6 (Figure 3D). The body of the
cell had retracted from the cell wall resulting in an increased periplasmic space (PM) indicating that
plasmolysis had occurred (Figure 3C,D). In addition, fewer starch grains (S) and membrane whorls
(MW) were observed in the 50 mg Cu/L-treated cells at pH 6 (Figure 3D). The thylakoidal space was
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also more apparent under the high Cu and pH 4 (Figure 3C) conditions, compared to those grown
under the high Cu and pH 6 conditions (Figure 3D).
Figure 3. Electron micrographs of Desmodesmus sp. AARLG074 after 24 h growth in JM media at pH 4
and pH 6 at various Cu concentrations. The ultracellular structure of Desmodesmus sp. AARLG074
cultivated in the 0 mg Cu/L media at pH 4 (A) and pH 6 (B). Numerous starch granules (S) were
observed. The ultrastructure of Desmodesmus sp. AARLG074 that grew in 50 mg Cu/L supplemented
media at pH 4 (C) and pH 6 (D). Abbreviations: P, pyrenoids; PM, periplasmic space; S, starch granule;
TH, thylakoids; V, vacuole; VD, vacuole deposit.
2.3. The Effects of Copper and pH on Metabolite Composition of Desmodesmus sp. AARLG074
Fourier transform-infrared spectrometry (FT-IR) was used to study the effects of different Cu
concentrations and pH conditions on the metabolite composition of Desmodesmus sp. AARLG074
over 168 h of cultivation. The results, based on the principal component analysis (PCA) (Figure 4),
showed that the metabolite fingerprints of Desmodesmus sp. AARLG074 cultivated in high Cu (20 and
50 mg Cu/L) at pH 6 were different from the metabolite fingerprints of algae that were cultivated in any
other conditions. The specific wavenumber regions that were strongly associated with high copper
concentration treated Desmodesmus sp. AARLG074 at pH 6 only was in the range of 835–1090 cm−1
(Figure 5B), which was associated with wavenumbers relating to polysaccharides.
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Figure 4. Score scatter plot from Principal Component Analysis (PCA) plot of FT-IR scans of Desmodesmus
sp. AARLG074 cultured in JM under various copper concentrations (0, 2, 20 and 50 mg Cu/L) at pH 4
and pH 6. Each dot represents one biological replicate. The dot color represents the cultivation pH
condition-pH 4 (green) and pH 6 (blue) and the labelled number beside dots represent the copper
concentration as mg/L in the JM. The results shown here were analyzed using SIMCA-P (Version 15.0.2).
Figure 5. Score contribution plot values from PCA (PC1 and PC2 loading) from Fourier
transform-infrared spectrometry (FT-IR) scans of Desmodesmus sp. AARLG074. FT-IR wavenumber
score values are negative if they contribute towards PCA loadings associated with (A) growing in
media at pH 4 (green) and positive for pH 6 (blue) and (B) negative if they contribute towards PCA
loadings associated with no copper (green) and positive for copper supplemented media (red).
The detailed metabolite profiling by GC-MS did not reveal any major clustering of samples based
on the pH and Cu concentration growth conditions in any of the principal components (Figure 6).
Even though the PCA of the GC-MS data did not cluster by treatment, the score contribution plots
of 40 key metabolites between absent Cu and Cu-supplemented treatment and between pH 4 and
pH6 (Figure 7) were calculated to indicate the main metabolite differences between culture conditions.
The score contribution of the full list of metabolites associated with the different Cu or pH are
shown in Supplementary Materials Figures S1 and S2, respectively. The key metabolites based on
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the score contribution plots of both pH and Cu were polysaccharides, which corresponded to FT-IR
results above (Figure 7). The other metabolites listed were lipids, amino and organic acids and
vitamins. In pH 4 grown cells, the dominant metabolites were melezitose, galactose, hexadecane
and mannose whereas in cells grown at pH 6 the dominant metabolites were phosphoric acid and
cystathionine (Figure 7). The dominant metabolites in algae grown under high Cu supplemented
media were sorbose, octacosane, hexadecanol, cystathionine and xylofuranose. The key metabolites
under control conditions (zero Cu) were threose, lactose, galactose, maltose, ribose mannitol and lipids
(e.g., decane and digalactosylglycerol). The statistical analysis of the detected metabolites showed that
there were five statistically different metabolites among the treatments which were fructose, glycerol,
lactose, melezitose and sorbose (Supplementary Materials Figure S3). Four of five statistically different
metabolites among the treatments belonged to polysaccharides which supported the FT-IR results.
Figure 6. Metabolic profiling of the Desmodesmus sp. AARLG074 cultivated under different copper and
pH conditions. The score scatter plot from PCA plot of GC-MS results of Desmodesmus sp. AARLG074
that were cultured in JM under various copper concentration (0, 2, 20 and 50 mg/L) at pH 4 and
pH 6. Each dot represents one biological replicate. The colour of dot represents the cultivation pH
condition-pH 4 (green) and pH 6 (blue) and the labelled number beside dots represent the copper
concentration as mg/L in the JM.
The impact of Cu and pH on the metabolic pathways (based on the number of metabolites per
pathway being identified and changing in intensity using the GC-MS data) were analysed using the
MetaboAnalyst Pathway-Analysis function [21]. The results which had P values less than 0.05 are
shown in Table 2. The pathway analysis of different pH condition revealed that pH had impacted on
multiple amino acid, sugar and lipid metabolic pathways. The greatest impact of pH was shown on
alanine, aspartate and glutamate metabolism. Additionally, Cu exposure had also affected various
protein metabolic pathways with the greatest impact on arginine and proline metabolism. Moreover,
the result indicated that both pH and Cu had an effect on glutathione metabolism and galactose
metabolism. Although the impact levels were low there were altered metabolic pathways related
to photosynthesis- pigment synthesis and carbon fixation in photosynthesis. The results showed
that seven amino acid or protein synthesis pathways had been affected by pH. However, only four
amino acid synthesis pathways (arginine and proline metabolism, lysine biosynthesis, beta-alanine
metabolism and butanoate metabolism) had been affected by Cu (Table 2).
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(A) (B) 
Figure 7. The score contribution plot values (top 40) that contribute towards GC-MS PCA loading
plots of Desmodesmus sp. AARLG074 under different treatments (A) pH and (B) copper. The score
contribution plot values (top 40) were ranked in order of importance and are negative if they contribute
towards PCA loading plot for the pH 4 (green) and positive if they contribute towards the pH 6 (blue)
and positive for copper stress (red) and negative if they contribute towards control (without copper)
(green). The full list of the metabolites is presented in supplementary (Figures S1 and S2).
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3. Discussion
3.1. Tolerance of High Cu Exposure and Acidity in Desmodesmus sp. AARLG074—Growth and Structural
Alterations Associated with Cu Removal
The aim of this study was to determine how Desmodesmus are able to physiologically tolerate large
alterations in their external Cu and pH environment. Desmodesmus was indeed able to grow, although
less so, in media supplemented with Cu. The Cu in the growth media was removed in the algae cultures
with up to 83% of the copper present in the medium within 30 min after exposure, after which the
absorption stabilizing over 168 h. We did not measure the Cu content in the cells but previous studies
have shown that this biphasic absorption process may be due to a rapid non-metabolic dependent
adsorption followed by a slow metabolic dependent uptake process [9,15]. The early absorption
(<30 min) could be due to adsorption of Cu to the outer cell components (e.g., polysaccharides,
mucilage and cell walls). The slower fluctuation in Cu removal efficiency (Table 1) would then be
uptake into the living algal cell. In addition, the reduction in Cu removal efficiency at 20 mg Cu/L, pH
6 after 168 h exposure might be due to cell death and lysis, releasing the Cu back to the medium, or the
living algae by export Cu out to the environment [15]. Moreover, the results also indicate that the pH
is a critical factor that influences copper removal. The maximum removal, 93%, was when the algae
were grown in JM media containing 2 mg Cu/L at pH 6. The efficiency of Cu absorption at pH 4 was
significantly lower than pH 6, which was similar to several previous studies showing that heavy metal
biosorption is a pH dependent process [22–26].
Despite the ability to tolerate Cu in the growth media, the exposure to Cu had an adverse effect
on growth and cellular pigment content. Such effects have been previously observed and reported
in other marine and freshwater algal species [8,10,16–19]. Although overall cell growth was reduced
in cultures containing Cu we also found that the percentage of cell type was changed. There was a
higher proportion of triplet cells in cultures that were cultivated in high Cu media at both pH 4 and
pH 6 (Figure 1B). We can speculate that this might be one of the mechanisms that Desmodesmus sp.
AARLG074 use for acclimating to live in a copper containing environment as multiple cell colonies
have reduced cell surface area being exposed to the surrounding copper. Furthermore, the pigment
analysis showed that chlorophyll a, b and total carotenoids content in algal cultures (Figure 2A) or per
cell (Figure 2B), was lowered when cultivated in Cu supplemented media, this effect was much more
severe in pH 4, a phenomena similar to previous studies [18,27–29]. Several studies have shown that
the pigment level was reduced when algae were exposed to heavy metals [18,27–29], but none of them
explain the reason of this phenomena. According to our TEM, ultrastructural changes of the algal
cells occurred when exposed to Cu and acidity (Figure 3) notably at the high Cu concentration (50 mg
Cu/L). One of the most drastic changes was the increase of intra-thylakoid space and disorganization
of membrane which was similar to previous studies [19,24,29–32]. The alteration of the chloroplast
ultrastructure was correlated with a lower chlorophyll content value (Figure 2). In addition, increasing
the thylakoid space might be due to an excess of Cu accumulated inside due to Cu transporters locate
on the pyrenoid and thylakoid membranes [33–35].
Furthermore, the Cu treated algae had fewer starch granules compared to the control, which might
be due to an imbalance of the energy generated and used under Cu exposure as a consequence of
chloroplast disorganization and fewer pigments [19,36]. Studies on another species of algae exposed to
Cu, Desmidium swartzii, also had electron-dense inclusions in chloroplast and starch grains, of which
Cu were detected in those compartments [37]. The presence of membrane whorls (MW) has previously
been observed in heavy metal treated algae, where metals were detected inside the membrane whorl
and as such has been proposed as a possible metal detoxification mechanism [38]
3.2. Metabolic Alterations Associated with Exposure to Cu and Acidity in Desmodesmus sp. AARLG074
The FT-IR results showed that different Cu and pH conditions affected a similar class of metabolites
within the cells (Figures 4 and 5). The wavenumbers that differentiated treatments were 835–1090 cm−1
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(Figure 5A,B) which coincide with polysaccharide metabolites [39,40]. However, the GC-MS metabolite
profiling showed that most of the key metabolites differed under the different pH or Cu conditions were
sugars and amino acids (Figure 7). The PCA plots of both FT-IR metabolites fingerprinting and GC-MS
metabolites profiling did indicate that there were relatively small differences in the metabolome of
Desmodesmus sp. AARLG074 under various pH and copper treatments. This corresponds to a previous
report on the effect of Cu on the transcriptome and metabolome of Ectocarpus siliculosus (Ochrophyta,
Phaeophyceae) [41].
Five metabolites (glycerol, melezitose, lactose, fructose and sorbose) were highlighted as statistically
different between treatments, which four of five are sugars (Figure S3) indicating some agreement between
the FT-IR and GC-MS findings. From this list, the pH might be one of the crucial factors that affected
the level of glycerol as there was considerably more glycerol in cells grown under pH 4 whereas there
was no change under pH 6. The high level of glycerol at pH 4 might be explained for several reasons,
largely osmoregulatory and membrane composition. Accumulation of intracellular glycerol in algae
function as an osmoregulator which lowers internal osmotic potential and so prevent excessive water
loss during high Cu exposure [42]. Additionally, released glycerol may also serve as a sink for products
of photosynthesis [42]. Glycerol is also part of plasma membrane component and high glycerol induce
membrane stiffening [43,44] and changes in membrane composition will affect the membrane permeability.
The plasma membrane of algae living in acidic environments is fairly impermeable for protons, requiring
relatively little energy for active pumping against a passive proton influx [45]. Thus, the higher level of
glycerol detected in pH 4 might be one of the mechanisms that this green microalgae Desmodesmus sp.
AARLG074 used to cope with the acidic and/or Cu stress. Moreover, melezitose (syn: melicitose), is an
allelopathic chemical in marine planktonic microalgae [46]. This chemical is also found to be upregulated
under osmotic stress in higher plants [47,48]. However, to our knowledge there is no previous report on
an association between melezitose and Cu or pH in algae.
Beyond the top five metabolites mentioned above, one of metabolites that was highlighted in
the score contribution plots as being important in cells grown in both pH 6 and Cu conditions was
cystathionine (Figure 7). The cystathionine is an important intermediate compound in the biosynthesis
of cysteine which is linked to glutathione metabolism [49]. The addition of glutamate to cysteine
leads to form glutamyl cysteine, which the addition of glycine to this glutamyl cysteine leads to
form glutathione [49]. This corresponded to our pathway analysis that showed Cu had impacted
on glutathione metabolism (Table 2). Importantly, glutathione have been reported as an important
intracellular ligands involved in metal sequestration and detoxification in algae [50].
Although the top five metabolites that were statistically different between the treatments were
sugars the pathways that had the highest impact score for different pH and Cu were alanine, aspartate
and glutamate metabolism (impact = 0.54) and arginine and proline metabolism (impact = 0.27)
(Table 2). The pH treatment had the biggest impact on alanine, aspartate and glutamate metabolism,
whereas Cu had the biggest impact on arginine and proline metabolism. The impact scores are a
combination of the number of metabolites detected in the pathway and the fold change between
treatments of those metabolites. This implies that although the metabolites may not statistically
different between treatments, the impact score may still be on when taking all the metabolites in that
pathway into consideration. Care should be taken when interpreting the in silico pathway analysis
scores as the pathways were not measured directly, only the individual metabolites that could be in one
or more metabolic pathway. However, such pathway analyses do provide us with an initial snapshot
of which pathways were the most likely to be changing, which provides useful information for further
targeted studies. There are similarities with the metabolites and pathways highlighted in the analysis
in other organisms, especially bacteria [51–55]. Glutamate has been reported to be involved in acid
tolerance in Streptococcus mutans [52], in both acid and Cu tolerance of Escherichia coli [53] and the
accumulation of potassium glutamate in E. coli has been shown to occur immediately after osmotic
shock to provide temporary protection to the cells [53,55]. In addition, aspartic acid and glutamic
acid are also reported to be involved in acid tolerance in Acetobacter pasteurianus [51]. Proline is well
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known as playing an important role in plants and microorganism osmoprotection, metal chelation
and general antioxidative defense molecule and signaling molecule [52,56,57]. Enhancement and
accumulation of proline in heavy metals and acid exposed algae and bacteria has also been previously
reported [48,57–59].
To conclude, we have shown that cultures of are able to tolerate and grow on media in both high
Cu and acidic conditions (pH 4) and indeed removes over 80% Cu from the media within 30 min.
The Cu concentration did affect Cu removal percentages. We showed that at the highest Cu removal
efficiency and cell density, approximately 0.002 ng Cu could be removed per cell. This information
shows that Desmodesmus sp. AARLG074 has the potential to industrially recover Cu from the algae
that would otherwise be lost. However, despite its tolerance, the higher concentrations of Cu did
negatively affect its growth rate. Additionally, we have shown that exposure and tolerance to Cu and
acid conditions was associated with changes in its morphology, ultrastructure and overall metabolite
composition of the cells, with polysaccharide and amino acid biochemistry changing the most.
4. Materials and Methods
4.1. Organism and Culture Conditions
The unicellular green microalga Desmosdesmus sp. AARLG074 was obtained from the Applied
Algal Research Laboratory (AARL), Department of Biology, Faculty of Science, Chiang Mai University.
This strain was isolated from the northern Thailand natural water reservoir [60]. The algal feed stock
was maintained in Jaworski’s medium (JM), pH 7.0 under continuous white light emitting diode (LED)
illumination (75 μmol photon/m2/s) at 25 ◦C and shaken by hand twice daily. The optical density 650 nm
and cell density was measured until it reached the log phase after which the cultures were used as
stock for further experiments. To study the effects of pH and Cu on Cu removal efficiency, algal growth,
ultrastructure and metabolites the algae were inoculated into 1l flasks containing 800 mL Jaworski’s
medium (JM) supplemented with 0, 2, 20 and 50 mg Cu/L by using CuSO4·5H2O as a Cu source. The
pH of medium was adjusted to pH 4 and pH 6 using hydrochloric acid (HCl). Each treatment was
conducted in triplicate biological samples (n = 3), in total 24 flasks were used. Atomic absorption
spectroscopy (AAS) (see below method) confirmed the initial copper concentration in the treatment of
0, 2, 20, and 50 mg Cu/L was 0, 1.97 ± 0.11, 20.59 ± 0.55, and 50.66 ± 1.03 mg/L respectively.
4.2. Copper Absorption Efficiency
To determine the copper absorption efficiency, 10 mL of culture from three biological replicate
samples (n = 3) was collected using an autopipette at various time points from 0 to 168 h (0, 0.5, 8, 16, 24,
72, 120 and 168 h) and then centrifuged at 3000 rpm for 5 min. The Cu concentration in the supernatant
was measured using flame atomic absorption spectroscopy (AAS) as described in Mota et al. (2015) [61]
and the removal efficiency (%) was calculated using the following equation:
Removal efficiency (%) = (100/Ci) × (Ci − Cf) (1)
where: Ci is the initial copper concentration (mg/L), Cf is the final (residual) copper concentration (mg/L).
4.3. The Effects of Copper and pH on Cell Density, Pigments and Ultrastructure
The three biological replicates of algae that were cultured in different conditions were collected at
the same time point as described above. Desmodesmus sp. are colony forming. As 1, 2 and 4 cell colonies
were observed (3 cell colonies were rarely found) the cell density (cells per ml of culture) was counted
into four categories based on the number of cells per colony—single, duplet, triplet and quadruplet
using a hematocytometer. The percentage of each type of colony found in the cultures was calculated
to investigate the effect of pH and Cu on the change of percentage of each colony presented in algal
community over time. Chlorophylls and carotenoids were extracted using 90% methanol as modified
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method from Saijo (1975) [62] and Lichtenthaler and Buschmann (2001) [63]. In addition, the amount
of pigment per cell was calculated based on the amount of pigment in culture (μg/mL) and cell density
(ng/cell). Transmission electron microscopy (TEM) was used to investigate the ultrastructural change
of Desmodesmus sp. AARLG074 after 24 h exposed to Cu and acidic stress [38].
4.4. Metabolite Analysis
Ten ml of samples were collected at 0, 0.5, 8, 16, 24, 72, 120 and 168 h into the treatment phase
and centrifuged at 3000 rpm at 4 ◦C for 5 min. The supernatant was discarded and the pellets were
freeze-dried (freezone labconco, USA) and transferred to the Department of Plant Sciences, University
of Cambridge, UK. Metabolite fingerprints of freeze-dried samples were obtained using a Perkin-Elmer
Spectrum Two FT-IR, within the wavenumbers of 600–4500 cm−1. The spectra were normalized
against air.
The metabolite profiling of freeze-dried samples was further investigated in more detail using
GC-MS by extracting soluble polar and non-polar metabolites in methanol-chloroform-water method
as described in Davey et al. (2005) [64]. The compounds within the polar methanol-water phase were
derivatized by N-Methyl-N-trimethylsilyl-trifluoroacetamide (MSTFA) and Trimethylsilyl (TMS) as
described by Dunn et al. (2011) [65]. Then, 1 μL (splitless) of the derivatized extracts were separated and
profiled by GC-MS (GC-MS (Thermo Scientific Trace 1310 GC with 211 ISQ LT MS, Xcaliber v2.2) with a
ZB-5MSi column (30 m, 0.25 mm ID, 0.25 μm film 212 thickness, Phenomenex, UK). GC-MS spectra were
aligned to an internal standard (phenyl-β-d-glucopyranoside hydrate 98%) and processed using Thermo
TraceFinder (v3.1) using genesis peak search method to aid identification based on molecular mass as
previously described [64,66]. Pathway analysis of the identified metabolites were done both on SIMCA-P
program (v15.0.2 Umetrics, Sweden) and MetaboAnalyst open source software (version 4.0, pathway
analysis tool) using the Arabidopsis thaliana metabolic pathway library [21], www.metaboanalyst.ca).
The results of pathway analysis that have p value ≤ 0.05 only were shown in the Table 2. R-script for
the metaboanalyst software can be downloaded at https://github.com/xia-lab/MetaboAnalystR [21].
4.5. Statistical Analyses
To indicate the effect of initial Cu and pH on copper absorption efficiency, cell density and
pigments of Desmodesmus sp. AARLG074 a two-way ANOVA (after a Lavene’s normality distribution)
with Tukey HSD test (p ≤ 0.05) was performed using car, multcompView and lsmeans library on R
version 3.4.3. as previously described [67]. Multivariate analyses to test whether the effect of initial Cu
and pH on the algae could be discriminated based on their identified and unidentified metabolites
(from FT-IR fingerprints or GC-MS profiling datasets) were performed using Principal Component
Analysis (PCA) [68] on Pareto Scaled data (FT-IR absorbance values or GC-MS identified peak area
units) within the SIMCA-P v14.1 PCA analysis pipeline (Umetrics, Sweden) to produce standard score
scatter plots and ranked score contribution plots of how each variable (FT-IR wavenumber or GC-MS
metabolite) contributed to clustering within the PCA score scatter plot.
Supplementary Materials: The following are available online at http://www.mdpi.com/2218-1989/9/5/84/s1,
Table S1: The effects of copper and pH over 7 days on cell density (cells/mL) of Desmodesmus sp. AARLG074,
Table S2: The effects of copper and pH over 7 days on percentage of single colony (1-cell-colony) of Desmodesmus sp.
AARLG074, Table S3: The effects of copper and pH over 7 days on percentage of duplet colony (two-cells-colony)
of Desmodesmus sp. AARLG074, Table S4: The effects of copper and pH over 7 days on percentage of triplet
colony (three-cells-colony) of Desmodesmus sp. AARLG074, Table S5: The effects of copper and pH over 7 days
on percentage of quadruplet colony (four-cells-colony) of Desmodesmus sp. AARLG074, Table S6: The effects of
copper and pH over 7 days on chlorophyll a (μg/mL) of Desmodesmus sp. AARLG074, Table S7: The effects of
copper and pH over 7 days on chlorophyll b (μg/mL) of Desmodesmus sp. AARLG074, Table S8: The effects of
copper and pH over 7 days on total carotenoids (μg/m) of Desmodesmus sp. AARLG074, Table S9: The effects of
copper and pH over 7 days on chlorophyll a (10−3 ng/cell) of Desmodesmus sp. AARLG074, Table S10: The effects
of copper and pH over 7 days on chlorophyll b (10−3 ng/cell) of Desmodesmus sp. AARLG074, Table S11: The
effects of copper and pH over 7 days on total carotenoids (10−3 ng/cell) of Desmodesmus sp. AARLG074, Figure
S1: Score contribution plot values showing the full list which contribute towards GC-MS PCA loading plots of
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Desmodesmus sp. AARLG074 under different pH condition, Figure S2: Score contribution plot values showing
the full list which contribute towards GC-MS PCA loading plots of Desmodesmus sp. AARLG074 under different
copper condition, Figure S3: Statistical analysis of GC-MS metabolite profiling of Desmodesmus sp. AARLG074
under copper and acidic stress.
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Abstract: Algae are key components of aquatic food chains. Consequently, they are internationally
recognised test species for the environmental safety assessment of chemicals. However, existing algal
toxicity test guidelines are not yet optimized to discover molecular modes of action, which require
highly-replicated and carefully controlled experiments. Here, we set out to develop a robust,
miniaturised and scalable Chlamydomonas reinhardtii toxicity testing approach tailored to meet these
demands. We primarily investigated the benefits of synchronised cultures for molecular studies,
and of exposure designs that restrict chemical volatilisation yet yield sufficient algal biomass for omics
analyses. Flow cytometry and direct-infusion mass spectrometry metabolomics revealed significant
and time-resolved changes in sample composition of synchronised cultures. Synchronised cultures in
sealed glass vials achieved adequate growth rates at previously unachievably-high inoculation cell
densities, with minimal pH drift and negligible chemical loss over 24-h exposures. Algal exposures
to a volatile test compound (chlorobenzene) yielded relatively high reproducibility of metabolic
phenotypes over experimental repeats. This experimental test system extends existing toxicity testing
formats to allow highly-replicated, omics-driven, mode-of-action discovery.
Keywords: synchronisation; algae; bioassay; biomarker; key event; adverse outcome pathway
1. Introduction
Algae are internationally established test organisms in chemical risk assessment [1–3]. Toxicity test
guidelines incorporating algae are largely focused on traditional apical endpoints such as growth
rates following a 72-h chemical exposure. By consequence, no knowledge is obtained on the causes of
chemical toxicity, nor on the generality of the chemical effects on other species. Increasingly, chemical risk
assessment includes New Approach Methodologies (NAMs) to improve precision in the prioritisation
and chemical categorisation of chemicals [4]. One application of NAMs is to increase confidence in
cause–effect analyses by providing mechanistic evidence on the harmful effects of chemicals, e.g., in the
form of rapid and large-scale discovery of molecular key events (mKE) in an adverse outcome pathway
(AOP) framework [5]. This transition, from traditional whole organism endpoint-based to molecular
pathway-based (eco)toxicology, is motivated by the application of high-content technologies such
as transcriptomics and metabolomics, which have demonstrated a capability to discover biological
processes [6]. A robust, scalable test guideline for omics-driven discovery of toxicological key events in
algae first requires a rigorously characterised algae culturing and exposure protocol with biological
processes synchronised across all cells within a test population, so to minimise molecular variation
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for the pathway-based cause-effect assessments. Ideally, such an exposure system features minimal
test duration to facilitate rapid measurements, and is matched to an algal lifecycle to allow accurate
linking of the molecular perturbations to growth inhibition to address regulatory requirements of
phenotypic anchoring [6–10]. Additionally, the exposure system should be capable of testing both
non-volatile and volatile toxicants, and providing highly-replicated generation of sufficient algal
biomass for multi-omics measurements. Design of such a robust test guideline should facilitate the
generation of highly reproducible, high-quality multi-omics data.
Current algal growth inhibition test guidelines [2,3] recommend culturing in constant lighting,
a condition that induces rapid drift and loss of cell-cycle alignment over a population of algae that
are responsive to light-regulation of the cell cycle [11]. In such a culturing regimen, samples for
molecular analyses taken at any given time-point over the test duration will contain a cross-section
of individual cells performing simultaneously all of the biological functions in the algal cell cycle,
leading to averaged molecular signatures that are non-specific to biological functions or condition
dependent perturbations (Figure 1A). Equally, apical endpoints (e.g., inhibition of cell division in algae)
will be observable throughout this time course, preventing the possibility of biological and temporal
anchoring of hypothesised mKEs to the adverse outcome (AO). To emphasize the challenging nature
of interpreting molecular results from such experiments, an analogy is drawn to a hypothetical rodent
bioassay with inclusion of ante-natal, neonatal, adolescent, middle aged, old aged and pregnant animal
subjects, and pooling tissue samples from all of these life-stages to infer a chemical mode of action
(MoA). There is a logical argument that just as life stage is controlled in vertebrate and invertebrate
animal testing, similar considerations should be given to algal toxicity testing, which regrettably have
so far been limited in scope [12,13].
 
Figure 1. Abstract representation of the differences in sample composition between algal cell cultures
grown in (A) continuous lighting over 72 h—as routinely used in OECD toxicity testing, and (B)
alternating light:dark cycles for a single algal generation—as we propose and investigate in this study.
Conventional algal growth inhibition tests commonly apply a 72 h exposure duration.
Following introduction of cell cycle synchronisation, we aim to reduce the duration of exposure, and adjust
patterns of sampling time-test duration for high-throughput screening, to ultimately enable discovery of
mKEs occurring before (and that are predictive of) acute growth inhibition. Here, the prime consideration
is the biological anchoring of the test duration to the life-cycle of a single algal generation (Figure 1B).
While omics technologies hold considerable promise for the discovery of MoA(s) [14–17],
to date the majority of omics studies have been too small-scale to deliver on this promise
in algae research. Seminal studies in microalgal toxico-omics include those by Nestler et al.,
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Jamers et al. [18,19] and Pillai et al. [20]. However, the majority of past study designs either tended to
(i) scrutinise only single snapshots of molecular perturbation [16,18,21–25], (ii) apply test durations
which lack a biologically-justified anchoring of sampling time-points [19,26–31], and/or (iii) utilise
non-synchronised cultures over time-course experiments [20,32–35]. Overall, new robust, miniaturised
and scalable designs in routine algal toxicity testing are required [36]. However, large scale studies
factoring time and toxicant exposure are currently not supported by conventional microalgal toxicity
test practices. For instance, recent multi-omics studies on C. reinhardtii feature experimental designs
that are restricted in sample size, analytical methodology, and time-points due to lack of biomass [37].
This challenge of generating sufficient biological material for omics analysis is particularly aggravated
during the testing of volatile toxicants. Due to the CO2-dependence of natural photoautotrophic
growth, existing volatile test systems are incompatible with above-mentioned experimental designs.
The overarching aim of the current study was to overcome the existing limitations in the algal
growth inhibition test in the context of extending its applicability to omics-driven toxicological
biomarker research. Following some initial modifications to the culture media, the first objective was
to demonstrate the benefits of synchronised algae cultures for molecular studies using a combination
of untargeted metabolomics, cell counting and flow cytometry. The second objective was to implement
a highly replicable, closed-vial chemical exposure system with optimised C. reinhardtii growth at
high inoculation cell densities, while minimising chemical volatilisation and test duration. The third
objective was to demonstrate the application of untargeted metabolomics to this closed-vial test system
by characterising the repeatability of the metabolic perturbations to a model narcotic, chlorobenzene,
across three independent exposure experiments.
2. Results
2.1. Synchronised Versus Non-Synchronised Algae Cultures for Molecular Studies
Cells grown in constant lighting or alternating 12 h:12 h light:dark conditions were compared
regarding time-point specificity of zoospore release (i.e., increase in cell number and density) and
mitotic activity, over a time-course of 24 h. A clear logarithmic increase of cell density over the whole
measurement period (thus a constant presence of zoospore hatching events) were observed in the cell
populations grown in constant light (Figure 2A). By contrast, for cell cultures grown in alternating
12 h:12 h light:dark conditions, an increase in cell number occurred exclusively after the light:dark
transition in a narrow time window of approximately 2.5–3 h starting around the 16 h time-point,
indicating a high population-wide coordination of zoospore release from zoosporangia within the
experimental time-frame.
A similar, although phase-shifted, dynamic process was observed when mitotic activity between
the two culturing regimens was compared with flow cytometric measurements (Figure 2). Cells were
analysed for fluorescence of DNA-intercalating fluorophore propidium iodide after a nucleotide
staining procedure and enzymatic RNA degradation. Cell cultures grown in constant lighting
conditions comprised either single cell zoospores, zoosporangia enclosing two or four zoospores,
or cell particles undergoing S-phase, to narrowly-defined percentages over the whole course of
the experiment (single genome copy zoospores 92.07 ± 0.77% of population, two-genome copy
zoosporangia 3.25 ± 0.26%, four copy 3.21 ± 0.77%, cells in S-phase 1.48 ± 0.26%). Cell cultures from
alternating light:dark conditions were composed of highly variable and time-dependent cell population,
dominated by cells containing a single genome copy (SGC zoospores) at all time-points before the
light:dark transition at 12 h (97.06 ± 1.53%). Yet at the 13 h time-point, these SGC zoospores comprised
only 58% of the population, with a concordant increase in cell particles in S-phase, or zoosporangia
containing two or four genome copies. The number of cells containing ever greater numbers of genome
copies grew exponentially at later time-points, concordant with the occurrence of multiple-fission
cycles of the cells. Replication activity started as early as 11 h into the light-phase (cells in S-phase
at 11 h significantly increased from 9 h, Welch’s t-test p = 2.7 × 10−3). Nuclear division events were
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observed at merely 1 h after the light:dark transition (13 h time-point). By comparison, zoospore
hatching and respective increase in cell density was only observed after 15.5 h.
Figure 2. Cell density (Top) and number of distinct peaks in PI fluorescence intensity (Bottom; ~ amount
of genomic material found in each zoosporangium or zoospore) indicating genomic division events
during multiple-fission cycles for non-synchronised (A) or synchronised (B) cultures. For synchronised
cultures, light:dark transition occurred at 12 h.
To analyse the impact of light-induced cell cycle synchronisation on the metabolic phenotypes
of algal cultures, direct infusion mass spectrometry (DIMS) based metabolomics was applied to cells
grown in alternating light:dark conditions (synchronised cell cycles) versus grown in constant lighting
(non-synchronised). Initially, two small optimisation studies were conducted; the first to determine
the number of washes required during the extraction of metabolites from the algal cells; the second
to optimise the dilution of the metabolite extract that was infused into the mass spectrometer (see
Supp. Info SI-1 and SI-T1). Basal (unexposed) algal cultures were sampled from each culturing
regimen at 4 h 15 min (±15 min), 8 h 15 min (±15 min) and 12 h 15 min (±15 min) post-seeding (n
= 8 for each light regime and time-point). Intra-study quality control samples (QC) were derived
from a single pool of aliquots from each biological sample. Using the established measure of median
relative standard deviation (mRSD) of measured metabolite features as a descriptor of variance [38],
technical variability over the dataset was estimated from QC samples [39], and total (dominated by
biological) metabolic variability was assessed from groups of biological samples. mRSD of all m/z
features for the QC samples in the analysis of the synchronised cell cultures was 9.1%, while QC
mRSD for analysis of non-synchronised cell cultures was 12.1%. These results indicate low technical
variability and hence high quality of the DIMS metabolomics data, as previously described by Parsons
et al. [38]. Total mRSD for synchronised cultures was as follows: 25.1% (4 h 15 min ± 15 min),
27.4% (8 h 15 min ± 15 min) and 30.6% (12 h 15 min ± 15 min); while for non-synchronised cultures:
36.2% (4 h 15 min ±15 min), 27.6% (8 h 15 min ±15 min) and 33.8% (12 h 15 min ± 15 min). These values
indicate a slightly higher biological variability in non-synchronised cultures versus synchronised
cultures. Unsupervised multivariate analysis (principal components analysis, PCA) compared the
metabolic phenotypes of the algae as a function of lighting regime and time-course (Figure 3). Outliers
were removed if their measurements exceeded the 95% confidence interval derived for all the biological
samples, within each dataset (4 samples in non-synchronised study, 2 samples in synchronised). No
metabolic separation of time-points was observed for non-synchronised cell cultures grown in constant
lighting conditions. However, for cells grown in alternating light:dark conditions, a progression
of their metabolic phenotypes was discovered over time (along PC1). Statistical analysis of the PC
scores for each sample indicated significant differences in PC1 (ANOVA, p = 1.8 × 10−11) and PC2
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(p = 6.39 × 10−3) scores between metabolic phenotypes of the time-points for cells with synchronised
cell-cycles, but not for non-synchronised cell cultures (ANOVA, PC1 p = 0.84, PC2 p = 0.85). This result
indicates homogeneity of the metabolic composition of samples from non-synchronised cultures, and
discrete compositions over time of those from synchronised cultures. Given the data, all subsequent
studies were conducted using synchronised cell cultures.
Figure 3. PCA scores plots comparing the DIMS metabolic phenotypes of (A) synchronised algal cell
cultures grown in alternating light:dark conditions, and of (B) non-synchronised algal cell cultures
grown in constant light. Plotted are PCA scores for samples taken at 4 h 15 min ±15 min (Red),
8 h 15 min ±15 min (Green)) and 12 h 15 min ±15 min (Blue).
2.2. Validation of C. reinhardtii Test System for Volatile Substances
To establish the validity of the medium and vial culturing system, growth rates of synchronised
C. reinhardtii cultures and medium pH in capped-vials (7.5 × 105 cells/mL inoculation density, 10% vial
air space) were checked against OECD 201 Test Guideline criteria [3] prior to initiating dose-response
experiments in the vials. Adequate growth rates of >0.92−d (mean 1.14−d; n = 4) and a pH drift < 1.5
(mean 0.25; n = 4) over a 24 h incubation period were achieved, meeting the required specification
(Supplementary Figure S2).
Subsequently, the modified capped-vial volatile test system was checked for robust and
repeatable generation of concentration-response data, specifically for the traditional apical endpoint
of algal growth, for both an OECD-recommended reference test substance 3,5-dichlorophenol
(Supplementary Figure S3; [3]) and the volatile model toxicant chlorobenzene. The exposure period
used was 24 h, aligning with both the cell culture studies presented above. An EC50 = 0.93 ± 0.09 mg/L
was derived for 3,5-dichlorophenol, while growth data from three independent chlorobenzene
exposure experiments yielded an effective concentration estimate of EC50 = 32.5 ± 3.6 mg/L (Figure 4).
Of particular note is the high repeatability (low variation) in the growth data derived from the
synchronised culture test system.
To assess the suitability of the modified capped-vial exposure system for maintaining stable
concentrations of a volatile toxicant in the medium, over the test duration, extra vials were added
to the experimental design and GC-MS analysis conducted on chlorobenzene levels in the medium
of these sacrificial vials sampled at the beginning (0 h) and after 12 h 15 min incubation. Exposures
were conducted and samples taken at each time-point for both low (14 mg/L) and high (24 mg/L)
nominal chlorobenzene concentrations (n = 4 for each time-point and concentration; Figure 5).
Concentrations of chlorobenzene from medium sampled at 0 h were slightly lower than nominal
(low group: 12.32 ± 0.31 mg/L; high group 20.87 ± 1.78 mg/L). However, they remained stable until
12 h 15 min (Low: 12.51 ± 0.13 mg/L, High: 22.43 ± 0.78 mg/L). No significant differences were observed
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between the 0 h and 12 h 15 min medium chlorobenzene concentrations for both levels (Welch’s t-test,
Low p = 0.39, High p = 0.24).
Figure 4. Dose-response curve (4 parameter log-logistic model) of 24 h algal growth inhibition
experiments of chlorobenzene. The graph represents data from three independent experiments (n = 4
per concentration), error bars correspond to 95%-confidence intervals of fitted curve.
Figure 5. Barplots comparing chlorobenzene concentrations in test system medium, measured using
GC-MS, to assess whether any loss occurs over the test duration. At 0 h and after a 12 h 15 min exposure
period, two concentration groups ‘Low’ (nominal 14 mg/L) and ‘High’ (nominal 24 mg/L) test groups
were measured. Bars represent mean ±1sd (n = 4 per group).
2.3. Repeatability of C. reinhardtii Metabolic Phenotypes in Test System
To characterise the reproducibility of the metabolite phenotypes of synchronised C. reinhardtii
cultures grown in the capped-vial exposure system, DIMS metabolomics was conducted on samples
generated over three independent experiments. Each biological batch comprised of highly replicated
algal cultures in pure growth medium (control, n = 10) and cultures exposed to 25 mg/L chlorobenzene
(CB, n = 10), with all samples harvested after a 3 h incubation. This exposure concentration was
selected based on the previous dose-response study (Figure 4) with the 3 h time-point assumed to
capture early metabolic perturbations induced by the narcotic substance; exposures were conducted
early in the light phase of the 12 h:12 h light:dark cycle. Algal cell samples of each biological batch
were stored at −80 ◦C, then all samples were extracted and DIMS metabolomics analysis (positive ion
mode, polar metabolite fraction) performed as a single analytical batch. This design allowed biological
variation between the exposure experiments to be isolated and identified.
First, RSD and median RSD values were calculated for all batches and groups to characterise
technical and total (dominated by biological) metabolic variability. mRSD of all m/z features within
intra-study QC samples was 9.3%, confirming low technical variability and high quality of the
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instrumental analysis (Supplementary Figure S4). RSD distributions and mRSD values suggested
observable, although small, differences between biological batches, with batches 2 and 3 displaying
lower mRSD than batch 1. mRSD values in biological batches 1, 2 and 3 were—for Control
groups—26.0%, 23.1% and 22.4%, and in CB groups 26.7%, 24.1% and 24.1%.
PCA was applied to study the metabolic variability inherent to the complete dataset. Two outliers
were removed (batch 1, CB samples) as they exceeded the 95% confidence interval of the complete
dataset, and PCA conducted on the 56 remaining samples. The PCA scores plot (Figure 6A) revealed
that the three batches were not identical, with batch 1 CB samples showing the highest intra-group
variance as well as differing from the batch 2 and 3 CB samples in multivariate space. Additionally,
while the metabolic effects of CB relative to the control samples were apparent for batches 1 and 3,
a minimal difference between controls and CB-treated samples was observed for batch 2.
Figure 6. PCA scores plots (PC1 vs. PC2) visualising (A) the metabolic differences across three exposure
studies (termed biological batches), with each batch comprising of control (n = 10) and CB-exposed
(n = 10) samples; (B) only the control samples from each batch. Sample groups are biological batch 1
Control (Purple) and CB (Green), batch 2 Control (Yellow) and CB (Orange), and batch 3 Control (Red)
and CB (Blue).
To further investigate, PCA was conducted on the control samples alone, from all three biological
batches (Figure 6B and Supplementary Figure S5), to determine the extent to which the baseline algal
metabolome varied across studies. ANOVA of the PC scores for the three control groups indicated
significant differences along PC1 and PC3 (p = 7.15 × 10−6 and 3.84 × 10−4, respectively; Table 1),
indicating certain inter-batch metabolic variation between the three biological batches. Similarly,
PCA and subsequent ANOVA of PC scores were applied to just the CB samples, which also revealed
significance of metabolic differences between the three biological batches (Supplementary Figure S5 and
Table 1). Potential sources of this batch effect included metabolic variation in the cultures themselves
(over the duration of the three studies), the sampling of the algae, and/or other operator effects.
To achieve the high level of repeatability required for toxicity testing, we explored the effect
of normalising each batch of exposure data to the corresponding control metabolic phenotypes.
First, we calculated the log2 fold-change (LFC) for every m/z feature (peak), specifically by determining
log2 of the ratio of the median feature intensity in the CB group over the median intensity in the
respective control group (log2 (median[IntCB]/median[IntControl]), for each m/z feature). This calculation
was repeated for each of the three batches. The resulting density distributions of LFC values, one for
each biological batch, were visually similar (Figure 7A). Yet upon statistical testing, these LFC batch
values were significantly different (Kruskal-Wallis test, p = 1.38 × 10−12).
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Table 1. ANOVA results comparing PC scores of control samples only, CB samples only, and CB samples
normalised to the batch-specific controls, in each case over the three independent biological batches.
Samples Analysed by PCA
(All Three Batches)
PC1 PC2 PC3
Controls only p = 7.15 × 10−6 p = 0.11 p = 3.84 × 10−4
CB only p = 1.72 × 10−7 p = 0.20 p = 0.048
CB normalized to batch-specific controls p = 0.20 p = 0.015 p = 0.11
Figure 7. To increase comparability of exposure effects over the three repeated experiments,
m/z feature intensities in CB groups were normalised to their batch-respective control groups by
calculating the log2 fold-change of m/z features: (A) density distribution of LFC values for each batch
(log2 (median[IntCB]/median[IntControl]), per m/z feature); (B) PCA scores plot from analysis of LFC values
of all three batches (log2 (IntCB/median[IntControl]), for each m/z feature and for each of 10 CB samples).
To further explore the effect of normalising each batch of exposure data to the corresponding
control metabolic phenotypes, specifically using PCA, log2 fold-changes were recalculated individually
for the metabolite features of each of the n = 10 samples in the CB group relative to the median feature
intensity of their respective control group (log2 (IntCB/median[IntControl])). This allowed PCA of these
LFC values to reveal any metabolic differences between the effects of CB-treatment normalised to each
batch-control, for all three batches (Figure 7B), with the scores plot now highlighting the significant
overlap and therefore consistency of the batches. Indeed, ANOVA indicated no significant differences
between PC1 and PC3 scores (PC1 p = 0.20, PC3 p = 0.11). However, slight batch differences were still
detectable along PC2 (p = 0.015). Importantly, initial batch effects in PCA (Figure 6A,B) were greatly
decreased by applying this normalisation strategy to the relevant batch-controls (Figure 7B).
We next evaluated the repeatability of the CB-induced metabolic perturbations in the three
exposure experiments from the context of molecular biomarker discovery. This was achieved by
applying set enrichment analysis [40] to the metabolomics data. This statistical process of comparing
the rank order of genes, based on the magnitude or significance of their responses to multiple
experimental conditions, was here applied on the rank order of mass over charge (m/z) metabolic
features. Three comparisons were made (Table 2).
First, the top 100 LFC m/z features from batch 1 were designated as metabolite set (termed set
batch 1, or SB1), and used to interrogate the rank order of m/z metabolic features obtained from the other
two batches. The significance of this set enriching the leading edges (LE) of each of the two batches
was calculated using the normalized enrichment score (NES) and by estimating a false discovery rate
(FDR). This enrichment test was twice repeated, for SB2 and SB3. The results indicate that top 100 LFC
m/z features for from each batch are strongly and significantly enriching all biological batch-metabolite
set combinations (Table 2), concluding that a common and consistent subset of metabolic markers as a
toxicological signal was discovered across all the biological batches, despite small batch effects in PCA.
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Table 2. Enrichment analysis applied to three metabolomics datasets following exposure of C. reinhardtii
to chlorobenzene in independent experiments (batches 1, 2, 3). Ranked lists of m/z feature LFC were
calculated (SB1–SB3 for batches 1–3) and every list was compared against every other list to determine
whether SB1-SB3 were enriched with elements of the other sets. Significance of enrichment was assessed
using 1000 random permutations of m/z values in LFC-ranked lists, and false-discovery rates are
reported. NES = normalised enrichment score, degree of metabolite enrichment of S within dataset.
LE = leading edge, subset of m/z features in S that are most impactful towards a high NES.
Metabolite Set Metric Batch 1 Batch 2 Batch 3
SB1
NES - 1.39 1.33
LE - 11 features 72 features
FDR - 0.004 0.006
SB2
NES 1.41 - 1.96
LE 53 features - 43 features
FDR <0.001 - <0.001
SB3
NES 1.38 2.02 -
LE 61 features 50 features -
FDR <0.001 <0.001 -
Finally, we sought to evaluate the metabolic perturbations in the three exposure experiments
using a supervised multivariate analysis, which focuses on the most consistent changes induced in the
CB-treated samples. Specifically, partial least squares-discriminant analysis (PLS-DA) was conducted
on m/z features of all of the samples from the three biological batches. The algorithm selected an
optimum of 5 latent variables for the classification model. While the control and CB samples were
clearly separated in the PLS-DA scores plot of latent variable 1 vs. 2 (Figure 8), a robust interpretation
of these results required any over-fitting of the PLS model to be assessed. Following 10-fold internal
cross-validation, the PLS model yielded an R2 = 0.99 (amount of variation in data explained by model)
and Q2 = 0.72 (goodness of fit), which indicated good generalisability.
Figure 8. PLS-DA scores plot visualising the metabolic effects in C. reinhardtii following exposure to
25 mg/L chlorobenzene (red circles) relative to unexposed controls (green circles). All samples from
three independent exposure experiments (biological batches) were pooled in this analysis.
3. Discussion
Chemical risk assessment by new approach methodologies requires test protocols with
experimental designs that are tailored to applying omics, so to gain insights into toxicity mechanisms on
a global molecular level and for discovering mKEs [6,15,36,41]. We here developed an extended variant
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of the regulatory algal growth inhibition test towards routine large-scale investigation of molecular
toxicological processes. We achieved this by combining population-wide synchronisation of molecular
functions in algal cell cultures with an easily scalable and abbreviated single-generation test system,
suitable for testing of both soluble and volatile toxicants, and characterised the quality of generated
molecular data using metabolomics.
3.1. Synchronised Cultures in Algal Toxicity Testing
For various unicellular green algae commonly applied in growth inhibition tests (e.g., genera
Chlamydomonas, Raphidocelis, Desmodesmus, Scenedesmus, Chlorella), the phenomenon of light-driven cell
cycle synchronisation is a known manifestation of evolutionary adaptation to scarcity of light in natural
environments that can be experimentally induced by introduction of alternating light:dark cycles
during incubation [42–44]. The degree of induced coordination between cells is close to absolute [45],
nonetheless the benefits of this algae culture synchronisation to the context of environmental
toxicology have previously only been given brief consideration [12]. Exposure and effect analysis of
multiple life-stages within the same experiment are commonly avoided in toxicity assessments due to
introduction of various confounding factors [46]. Initial matching of test organisms by life-stage is
prescribed in the standardised OECD test criteria for most environmental model organisms, such as
water flea, birds, bee, annelids, springtail, molluscs, amphibia and fish [47]. As one of the few
cell-based in vivo systems, microalgal bioassays do not feature the requirement of life-stage/cell-cycle
matching [2,3]. Commonly prescribed test conditions, including constant lighting, may further be
considered non-representative of natural environments, and drives suboptimal metabolic efficiency
and rapid cell cycle misalignment [11,48,49].
In the presented data, coordination of genomic division and sporulation events over the complete
algal population in cultures grown in light:dark cycles, and lack thereof in cultures grown in constant
light, was confirmed via electronic cell counting and flow-cytometry. This difference was indicative of
cell cycle synchronisation in algae grown under alternating light cycles [45]. From the perspective of
mechanistic (eco-)toxicology, one significant benefit of the observed population-wide coordination
of nuclear division and sporulation is the ensuing occurrence and measurability of the algal adverse
phenotypic endpoint within a narrow time-window across the cell population. This in turn enables
temporal phenotypic anchoring of the AO to prior molecular perturbations, thereby defining the
AOPs [9]. In contrast, described coordination and opportunity of mechanistic anchoring is lost in algal
cell culturing using constant light regimes [11], due to consistent occurrences of nuclear division and
sporulation over the entire experimental time-frame.
In mammalian cell models, synchronisation is routinely applied to enable detailed investigations
into specific phases of the cell cycle [50]. In microalgae such as C. reinhardtii, synchronisation of cell
cycle was applied to study various biological processes [51–55], however its explicit importance for
toxicological investigations remains undervalued [12,13]. Our experiments comparing the metabolite
phenotypes from C. reinhardtii grown under the two culturing regimens emphasised substantial and
significant changes in the molecular composition in the synchronised C. reinhardtii cultures through
time. Cells are tightly aligned in their progress through the entire cell cycle up to nuclear and cellular
division [56] and characteristically evolving metabolic and transcriptomic patterns have previously
been linked to this progression in C. reinhardtii [51,57]. In both pro- and eukaryotic cells, evidence is
mounting that metabolic activity is not merely affected by position in the cell cycle, but a major driver
of it [58,59]. Accordingly, distinct changes of metabolic patterns along the cell cycle were discernable
in the scope of metabolomics analysis of synchronised cell populations. However, a complete lack of
such an effect was apparent in cultures grown in constant light as prescribed by regulatory guidelines.
Under non-nutrient-limited exponential growth conditions, non-synchronised cultures grown in
constant light will comprise algal cells from every possible stage of the cell cycle, irrespective of
experimental time-point. Although individual cells still progress through cell cycle, extracted samples
for molecular studies comprise cross-sections over the whole complement of cell cycle-dependent
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biological functions, as evidenced by the high similarity of metabolic profiles between successive
time-points over the experimental time-frame.
Metabolic phenotypes from samples of synchronised algae cultures taken at specific time-points
during the exposure period were representative of narrow windows of biological functions anchored
to cell cycle. The equivalent is true for perturbations of cellular functions (mKEs), which can be
precisely measured over respective time-course analyses. Light:dark cycle-induced algal cell cycle
synchronisation should thus be able improve omics-driven time-course analysis of mKEs by avoiding
phase-shifts of molecular signals in the test system [60,61]. In non-synchronised cultures, discrete
sampling intervals cannot be precisely rooted to cell-cycle-dependent biological processes. Interpretation
of toxicological mechanisms remains limited to snapshots of overlaying molecular cross-sections of
algal populations, and molecular phenotypes are averaged over the heterogeneous cell population
within a sampling time-point. It is concluded that synchronised cell cultures in this context represent
an approach to study molecular biological processes and their perturbations with strongly reduced
variability, enabling increased analytical resolution of biological processes and their perturbances.
3.2. Design and Validation of an Alternative Volatile Testing System
Reducing the duration of a conventional algal test protocol would increase sample throughput and
thus facilitate applicability for high throughput omics technologies, e.g., for applications in read-across
and prioritisation. For the purpose of discovering mKEs, the commonly prescribed 72 h test duration
represents an arbitrarily-selected timeframe to capture low-concentration delayed-onset mechanisms
of toxicity. A warranted question in this context is why the standard test duration should not be
increased to even longer durations to optimise sensitivity of the system to lower concentration effects
(bioaccumulation or damage). Given the selection of inhibition of cellular division as the AO for
microalgal toxicity, it can be assumed that AO-inducing key events must occur and be measurable
within perturbations of preceding biological functions [62,63] and thus within previous cell cycle
stages. Justification of the test duration in microalgal exposure studies aiming to discover mKE and
infer chemical MoA, therefore, should not hinge upon absolute length, but on biological anchoring,
i.e., the minimal time required to link molecular stress responses to successive phenotypic effects.
The reduction of test duration encompassing a single generation of synchronised cells (Figure 1B) is
proposed in this context. It may be argued that an optimal sampling strategy would extend exposure
and sampling to the respective dark phase of the alternating light:dark cycle after sporulation, allowing
the effects of a chemical on dark cycle processes to be examined. The practical implementation of
such a protocol is not readily feasible, risking activation of biological functions in algae exposed even
to minimal light indicative of a commencing cell growth cycle [51,64]. Furthermore, algal biological
activity in complete darkness is indicated to be largely limited to mitochondrial energy metabolism,
which is maintained throughout the light phase [51,65–67]. Consequently, the proposed time-frame
from commencement of light phase to sporulation covers the single largest set of molecular and cellular
functions within a cell cycle that chemicals may perturb.
Algal toxicity testing of volatile chemicals has historically proven problematic when combined with
requirements for test miniaturisation and increased harvestable biomass, due to natural autotrophic
requirements. Conventional agitation- and aeration-based exposure vessel systems become highly
cumbersome to maintain with increasing experimental scale, and the stability of mid-concentration
exposures is difficult in open flask culturing. A variety of solutions has been proposed to address
the issue, including tailored complex flasks [68–70] and variants of bottle or tube testing [71–79].
The lower limit of C. reinhardtii biomass to achieve reproducible data in metabolomics and lipidomics
studies has been reported at ca. 2–2.5 × 106 cells per sample [80,81], and similar or higher for
transcriptomics [51,82–84] or proteomics [22,85]. This precludes the application of existing methods to
large-scale (multi-)omics studies due to low cell densities, problematic physical scalability, disturbance
of phase equilibria during repeat-sampling procedures, strong pH drift, or a combination thereof.
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Here we developed and validated a hybrid sacrificial capped-vial exposure system to address
existing shortcomings. The achieved biomass of >7.5 × 106 harvestable cells per test vial has
been substantially increased from comparable vial systems [75–77] and is sufficient to generate
biological material for the demands of multiple omics technologies in parallel. In the exposure system,
synchronous C. reinhardtii cultures performed well with mean growth rates at 1.14−d, well above
the validity requirements of 0.92−d [3]. Low pH drift of 0.25 over the test duration was achieved
(required <1.5; [3], precluding risk of changing bioavailability due to photosynthesis-driven pH
changes, an issue more likely observed in other volatile test systems [68,71,86].
Past studies to hypothesise on chemical MoA in algae were frequently limited in exploring the
temporal dynamics of toxicity. Many existing multi-omics studies attempting to deduce a MoA of
chemicals as a dynamic processes in C. reinhardtii have employed experimental designs with relatively
low numbers of sampling time-points [18,19,21–24,37,87]. Again, the required experimental designs
are not sufficiently supported by conventional microalgal toxicity test practices, and the scarcity of
existing publications with time-series analyses of algae is partly due to a relative lack of physical
scalability. The volatile testing system reported here represents a miniaturised and abbreviated variant
of the conventional algal growth inhibition test, reorienting its focus on molecular events predictive
of a measurable acute adverse outcome after a single clonal generation of C. reinhardtii. By utilising
small glass vials, parallelisability of test vessels and thus factorisation of experimental variables can
in principle be drastically increased in individual experiments. Capacity to test hundreds of vial
replicates in parallel, per individual toxicity test, has been achieved in multiple other studies in the
author’s laboratory (in prep.), enabling experimental designs to accommodate for high replication,
temporal resolution and multiple exposure concentrations.
To demonstrate the generation of reproducible results by the designed testing approach for soluble
and volatile toxicants, dose-response experiments of 3,5-DCP and chlorobenzene were performed to
compare generated data to existing knowledge. EC50 value for the reference substance 3,5-DCP was
estimated at 0.93 ±0.09 mg/L, well within the range of 0.5 to 6.1 mg/L (48 to 72 h-EC50) observed for
C. reinhardtii and other green algae [88]. The determined 24 h-EC50 of the highly volatile chemical
chlorobenzene for C. reinhardtii was estimated at 32.52 ±3.64 mg/L (data of three repeats), again within
range of published closed-test system data (P. subcapitata 48 h-EC50 = 14.4 mg/L [79]; Selenastrum
capricornutum 96 h-EC50 = 12.5 mg/L, [69]), and drastically reduced compared to results derived from
open-flask testing (S. capricornutum 96 h-EC50 = 224 mg/L [89]). When accounting for inter-species
variability in sensitivity and differences in test exposure durations and physical setups [69], the estimated
EC50 suggests adequate performance of the vial exposure system within expected ranges of variation.
Another requirement of the exposure system was to enable stable exposure concentrations of
volatile toxicants over the experimental timeframe. Measurements of chlorobenzene levels at the
start of the experiment were lower than nominal (14 mg/L nominal measured at 12.32 ± 0.31 mg/L;
24 mg/L nominal measured at 20.87 ± 1.78 mg/L), however the levels did not change significantly
over the 12 h 15 min incubation period. This indicates chemical loss during initial stock preparations,
however high stability of concentration levels over the incubation period. According to Henry’s law
constant, fraction of chlorobenzene in the gas phase is calculated as %CBg =Vg/(Vg + (VL·R·T/KH)) with
Vg = 10% vial gas phase, VL = 90% vial liquid phase, T = 298.15 K, R = 8.205 ± 10−5 m3·atm/(K·mol),
KH = 3.7 × 10−3 atm·m3/mol [90]. At equilibrium, only 1.65% of chlorobenzene theoretically partitions
into the gas phase. Similar calculation for the expected partitioning of 204 Volatile Organic
Compounds [91] suggests that 85% would partition less than 6% into the gas phase of the proposed
exposure system. Concluding, stable exposure over the time-course of the experiment was well
achievable using the designed capped-vial testing system, and minimal partitioning into the gas phase
occurs during the experimental timeframe. Anticipation of and correction for initial volatilisation loss
during stock preparation of highly volatile chemicals at inoculation is advised for further studies.
126
Metabolites 2019, 9, 94
3.3. Characterising Variability and Repeatability of Metabolomics Data
Robust and reproducible determination of biomarkers and toxicological key events predictive of
chemical insult from the algal metabolome is paramount for downstream utilisation of the generated
data to support environmental hazard assessments. To characterise the reproducibility of data gained
from our exposure approach, differences in the metabolite phenotypes between three repeated exposure
studies were compared. Ranges of recorded median RSD values (20.86% to 24.99%) lay within the
expected ranges for test organisms and cells, e.g., median RSD values have been reported for human
cell lines between 20–22% [38].
Small batch effects could be observed between the baseline metabolic phenotypes across the three
repeats of the exposure experiment when compared in PCA. A number of possible factors might have
contributed to these differences, including subtle changes in laboratory maintenance that unknowingly
affected the growth and biological activity of the sensitive algal cultures, as reported previously for
microalgal bioassays [92–95]. We demonstrated that normalisation of the observed differences in
algal stress response, by calculating log2 fold-change of the measured m/z feature intensities to their
batch-specific biological baseline (controls), proved to mitigate existing batch differences.
Despite these small batch effects in PCA, the algal metabolic stress response appeared to
be regulated by a consistent mechanism across studies, as indicated by PLS-DA on pooled data.
Additionally, we applied set enrichment analysis to metabolomics data, an approach originally
developed for analysing gene set enrichment [40] which lately has become increasingly applied in
metabolomics [96–99]. Set enrichment analysis was conducted to characterise the overall degree
of similarity of whole sets of metabolic markers associated with chlorobenzene exposure between
the repeat experiments. Metabolite sets containing the most important class markers within each
of the biological batches were found to be significantly and strongly enriched within the top ranks
of m/z features within the other batches, adding further support to our conclusion that a consistent
toxicological effect could be measured.
4. Materials and Methods
4.1. Algae Culturing
Axenic Chlamydomonas reinhardtii Dangeard (1888) CC-125 wild type mt+was purchased from
the Culture Collection of Algae and Protozoa (CCAP, Dunbeg, UK). The strain was maintained
heterotrophically on agar plates (1.5% w/v agar in tris-acetate-phosphate media) on laboratory shelves
at 23 ◦C until liquid inoculation. A modified growth medium (termed Chlamydomonas growth
medium; CGM) was developed here based on Sueoka’s high salt medium supplemented with Kropat’s
trace elements [100,101] with the following modifications. The final concentrations of the divalent
inorganic salts CaCl2*2H2O and MgSO4*7H2O were increased to 50 mg/L and 100 mg/L, and the
concentration of total phosphates was reduced by 92.5% to 54 mg/L KH2PO4 and 108 mg/L K2HPO4
to decrease both palmelloid formation and mass spectrometric ion suppression due to phosphate
accumulation in C. reinhardtii cells [102–104]. To increase inorganic carbon levels, the growth medium
was supplemented with 500 mg/L Na-HCO3. As C. reinhardtii growth is optimal between pH 5.5 to
9 [105,106], pH was adjusted to 6 to shift carbon equilibrium towards photosynthetically-available
carbonic acid species [107]. To retain buffer capacity for a photosynthesis-driven change in medium
pH, CGM was supplemented with 20 mM MOPS buffer, similar to Renberg et al. [102].
The growth medium was sterilised by 0.22 μm-filtration to avoid degradation of MOPS,
salt precipitation and shift of the carbon equilibrium caused by autoclaving [108]. For initial liquid
stock cultures, agar cultures were inoculated into 35 mL CGM within foam-bunged 250 mL wide-neck
glass flasks. Cultures were incubated in a Multitron Pro rotary shaking incubator (Infors HT,
Bottmingen-Basel, Switzerland) at 25 ◦C and 200 rpm orbital shaking. Lighting conditions were
either set as constant lighting (effecting non-synchronised cell cycles), or as a 12 h:12 h light:dark
cycle (inducing population-wide synchronization of cell cycle). Light colour temperature was 8500 K.
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Algae were adapted to this lighting and autotrophic growth conditions in liquid cultures for at least
120 h prior to experiments.
The first study compared the metabolic phenotypes and mitotic activity of cell cultures grown under
continuous lighting versus those grown under alternating 12 h:12 h light:dark cycles. Algae grown in
either condition were seeded in vials as described below. Samples were taken at 4 h 15 min (±15 min),
8 h 15 min (±15 min) and 12 h 15 min (±15 min) post-seeding. 5.25 × 106 (7 mL) were taken from
synchronised samples at every time-point, and sampling volume of the non-synchronised samples
were adjusted to match this cell number by prior electronic cell counting. The latter was performed
using CASY TT cell counting technology (Roche Innovatis AG, Basel, Switzerland) which operates via
electric pulse area analysis to count suspended particle. As described below, cells were harvested and
stored at −80 ◦C until combined metabolite extractions.
Over the course of this study, further samples were taken for flow cytometric measurements
of genomic material in cell particles at 4 h, 8 h, 12 h and 16 h post-seeding for non-synchronised
cultures, and 3 h, 6 h, 9 h, 11 h, 13 h, 14.5 h, 16 h, 18 h post-seeding for synchronised cultures.
1 × 106 cells were sampled (n = 3), centrifuged at 7000× g for 3 min (23 ◦C), pellets washed once
in 1 mL phosphate-buffered saline (PBS), and cells fixed in 70/30 ethanol/water (both HPLC-grade,
Fisher Scientific, Loughborough, UK) for 24 h at 4 ◦C. This last step served to permeabilise cells
for propidium iodide (PI) and to extract chlorophylls which might interfere with the PI emission
spectrum [109] The cells were washed again in 1 mL PBS and incubated in the dark for 30 min in
500 μL PBS containing 0.1 mg/mL RNAse-A (Qiagen, Hilden, Germany) and 0.01 mg/mL PI in water
(94%, Sigma-Aldrich, Gillingham, UK). For 1 × 104 particles per sample, PI fluorescence was measured
using a Becton Dickinson FACS-Calibur (488 nm excitation, bandpass filter 610/10), and analysed
using open-source Flowing v2.5.1 (flowingsoftware.btk.fi). Absence of chlorophyll interference was
confirmed with non-stained samples. Due to haploidity of C. reinhardtii vegetative cells, discrete peaks
in per-particle fluorescence intensity histograms from cells sampled at a given time were equated
either to the number of genome copies present within each cell particle (zoosporangia or zoospores)
post nuclear division. Fluorescence areas in between discrete peaks were assigned as cells currently
undergoing DNA replication and assigned as ‘S-phase’. Growth curves of both culture regimen were
determined using CASY cell-counting, at 2–4 h intervals for non-synchronised cultures and at higher
resolution (30 min intervals) at the light:dark transition for synchronised cultures.
For each sampling time-point, vials were of sacrificial nature to maintain carbon equilibrium.
Synchronised cell culturing was determined as preferable to non-synchronised cultures, as described
in results, and used in all further studies.
4.2. Chlorobenzene Exposures
To expose cells, quadruplicate independent culture batches of synchronised cultures were grown
in open flask culture, and at commencement of the light phase the cell cultures were concentrated
individually by centrifugal separation in 50 mL tubes at 1200× g for 3 min (Eppendorf 5920 r, Eppendorf,
Stevenage, UK). The supernatant was decanted, cells were diluted in toxicant-spiked CGM to yield a
final cell concentration of 7.5 × 105 cells/mL, and seeded in clear 10.5 mL glass vials with aluminium
cap inlay (N◦ T101/V4, Scientific Glass Laboratories, Stoke-On-Trent, UK) to establish 10% total gas
phase volume within each vial (Figure 9). Vials were capped and incubated for 24 h, rolling free on a
lined tray in the rotary incubator to maintain cell suspension. Preparation steps were restricted to a
maximum duration of 30 min within the onset of light phase. Culture cell density for inoculation was
scrupulously controlled and growth rates measured in technical duplicate using CASY cell counting.
A study conducting toxicity tests on synchronised cell cultures was performed using chlorobenzene
(CB; 99.9%, Sigma-Aldrich, Gillingham, UK) as a volatile substance and 3,5-dichlorophenol (3,5-DCP;
97%, Sigma-Aldrich, Gillingham, UK) as the reference substance. All tests were performed with
biological quadruplicates. C. reinhardtii was exposed to CB in three independent experiments at
individual concentration ranges: 0, 15, 24, 38, 60, 95 mg/L (repeat 1, for range-finding); 0, 3.5, 7, 10.5, 14,
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17.5, 21, 25, 37.5, 50 mg/L (repeat 2, adjusted range to encompass curve slope); 0, 1.5, 3, 6, 12, 18, 25, 36,
48 mg/L (repeat 3, for focus on environmentally-relevant lower end of dose-response curve). Cells were
exposed to 3,5-DCP at 0, 0.6, 1.2, 2.4, 4.8 and 9.6 mg/L. A 4-parameter log-logistic dose-response model
and effective concentration (EC) estimation was performed using [110] and drc package.
 
Figure 9. Individual steps for centrifugal concentration, cell density measurement, dilution, seeding of
C. reinhardtii cell cultures into T101/V4 vials, and incubation of vials on a lined tray. Biological replicates
in vials (n = 4 per experimental group) were generated from independent flask cultures.
A further exposure study was conducted to compare the metabolite phenotypes of synchronised
cell cultures in pure growth medium (control) versus cells exposed to 25 mg/L CB, repeated three
times, to characterise the metabolic variability and repeatability of data generated in the exposure
vial system. Ten biological replicates for each of the control and CB groups were seeded in capped
vials, incubated for 3 h, harvested as described below, and cell pellets stored at −80 ◦C until metabolite
extraction. This experiment was repeated three times in identical set-up with a duration of 5d between
experiments. Metabolite extraction was performed for all samples of the three repeats combined.
4.3. Sampling and Metabolite Extraction for DIMS Metabolomics
4.3.1. Sampling Procedure
Modifying the procedure by Lee and Fien [80], algae cell suspensions were quenched by
injection into an equivalent volume of −78 ◦C 70:30 methanol:water (HPLC-grade, Fisher Scientific,
Loughborough, UK) solution in 15 mL tubes over dry ice. Quenched cell suspensions were centrifuged
at 3800× g and −11 ◦C for 3 min, and the supernatant aspirated. The number of washes was first
optimised in a pilot study by comparing 10 samples from each of three groups: no wash, single wash
of cell pellet, or two washes. Each wash comprised of resuspension of the cell pellet in 10 mL of −20 ◦C
35% methanol:water, then repeating the centrifugation and supernatant aspiration (described above).
Between centrifugation and aspiration steps, samples were stored in a custom-manufactured mobile
freezer unit between −20 ◦C pre-cooled aluminum beads to minimise metabolic activity and avoid
freezing of suspension and thus risk of cell lysis at lower temperatures. After aspiration, pellets were
flash-frozen in liquid nitrogen, and all samples stored at −80 ◦C until metabolite extraction. A single
pellet wash was determined as optimal (see results in Supplementary Figure S1) and used for all
further experiments in this study.
4.3.2. Metabolite Extractions
Biphasic metabolite extractions were performed with a final solvent ratio of methanol:chloroform:water
(chloroform HPLC-grade, Fisher Scientific, Loughborough, UK) of 2:2:1.8 [111]. Cell pellets were thawed in
randomised subsets of 24 tubes on ice. Cell pellets were resuspended in 970μL ice-cold 70:30 methanol:water,
transferred into homogenisation tubes with 0.5 mm glass beads (VK05, Stretton Scientific, Stretton, UK)
on ice, and immediately homogenised at 6800 rpm for 2 × 15 sec bursts using a Precellys-24 tissue
homogeniser (Bertin Instruments). Samples were placed back on ice for 2 min, then the supernatant
(742 μL) was transferred to a 1.8 mL glass vial (aluminum-lined caps) containing 795 μL of ice-cold
1:2 water:chloroform, to yield the final solvent ratio of 2:2:1.8. Vials were vortexed for 30 sec and
centrifuged for 15 min at 2585× g at 4 ◦C to achieve phase separation. Half the polar phase was aliquoted
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to a 2 mL Eppendorf tube using a glass syringe for untargeted metabolomics of the polar metabolite
fraction (the other half retained for a second metabolomics assay, i.e., a different ion mode mass
spectrometry). Each aliquot was dried in a SPD11V SpeedVac sample concentrator (Thermo Scientific,
Rugby, UK) at room temperature. Extracts were stored at −80 ◦C until reconstitution in injection
solvent (below). The same procedure was performed to generate an extraction blank sample.
4.4. Direct Infusion Mass-Spectrometry (DIMS) Metabolomics
Sample preparation, direct infusion mass spectrometric analyses and data processing were
performed after the procedure of Southam et al. [39] To maximise the number of reproducibly
detected m/z features, the dilution of the reconstituted algal extracts was first optimised (see results in
Supplementary Table S1). A reconstitution volume of 50 μL injection solvent (80:20 methanol:water
containing 0.25% v/v formic acid (98%, VWR)) was found to result in the maximal number of unique m/z
features post-processing, therefore this option was used for preparation of all further samples. Ten μL
of each reconstituted sample was pooled into an intrastudy quality control (QC) sample. All samples
(biological, extraction blank, intrastudy QC) were analysed as technical quadruplicates (10 μL)
on an Orbitrap Elite mass spectrometer (Thermo Scientific) with direct infusion nanoelectrospray
ionisation (nESI) source (Triversa, Advion Bisociences, Ithaca, NY, USA) in positive ionisation
mode. Individual SIM-windows of samples were stitched into single mass spectra, ≥75% replicate
filtered, global peak aligned with a 3 ppm error tolerance, extraction blank filtered, QC-based
locally-estimated scatterplot smoothing (LOESS) signal corrected [112], and ≥80% QC sample-based
peak filtered. Features with ≥20% missing-values were filtered out, and probabilistic quotient
normalisation applied [113]. RSD values were calculated for each m/z feature, and features in QC
samples with RSD values >30% omitted from the data. Missing values imputation (k-NN) was
performed and the generalised log transformation applied for multivariate data analysis.
Statistical tests (t-test, Kruskal-Wallis test, ANOVA) were performed using R and the R-Stats
base package, PCA and PLS-DA conducted using MetaboAnalyst v4.0 [114]. Set enrichment analysis
conducted with a java-based tool [40]. The method calculates an enrichment score of a supplied set S
of variables against test data, to determine whether variables of S occur tendentially within the m/z
features that are high-ranking in importance for separation of phenotype in the test data. S commonly
comprises elements of a biological pathway (pathway enrichment analysis), however may contain
individually defined variables. Here, S comprised m/z features with high LFC of one biological batch,
which were checked for enrichment against LFC-ranked lists of m/z-values in the other biological
batches. Thus, it was determined whether those m/z-values that were responsible for LFC-driven
phenotype-separation in one biological batch were equally important in the other biological batches.
Strength of the enrichment was calculated using NES metric (normalised enrichment score), significance
determined by estimating false-discovery rate corrected p-values using 1000-fold permutation of the
m/z features. m/z features within S deemed most impactful towards a high enrichment metric NES are
referred to as the leading edge subset (LE, [40]).
4.5. Water Chemistry of Chlorobenzene
To measure concentrations of chlorobenzene in test medium over time, algae were incubated in
vials with medium containing 14 mg/L or 24 mg/L chlorobenzene (nominal) for 12 h 15 min. At 0 h
and 12 h 15 min, 100 μL (n = 4) was injected into 20 mL headspace vials with PTFE-lined septa
(Scientific Glass Laboratories, UK) containing 9.7 mL CGM and 100 μL 0.8 M H2SO4. Samples were
stored in the dark at 4 ◦C. One hundred μL of 10 mg/L d5-chlorobenzene (99 atom-%, Sigma-Aldrich) in
CGM was added immediately prior to analysis (final concentration 0.1 mg/L). Headspace GC-MS was
performed on an Agilent 5975B inert XL MSD using DB-624 column (30 m × 0.25 mm i.d. × 1.4 μm)
and Gerstel Autosampler MPS2. Analytes were identified using target m/z = 112 and qualifier m/z = 77
(chlorobenzene); target m/z = 117 and qualifier m/z = 82 (d5-chlorobenzene). Sample sequence was
randomised and quantification of chlorobenzene was performed relative to d5-chlorobenzene.
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5. Conclusions
Firstly, we designed an alternative closed-vial chemical exposure system that allows for sufficient
growth of C. reinhardtii (at high inoculation cell densities) for a metabolomics assay, while minimising
test duration and chemical volatilisation. The latter was proven by stable exposure concentrations
to chlorobenzene over the test duration. We also examined the repeatability of this C. reinhardtii
exposure system, identifying batch variation when applying unsupervised multivariate analyses to the
metabolomics data, yet reducing these unwanted effects by normalising each biological batch to its
respective control data. Furthermore, we used set enrichment analysis as well as supervised multivariate
analysis to demonstrate the consistency of the metabolic markers discovered in three repeat exposures
to chlorobenzene. Secondly, we have demonstrated that the application of an omics technology to
synchronised algal cell cultures grown in alternating light:dark cycles can detect characteristic metabolic
phenotypes that evolve through the cell-cycle. This should benefit the interpretability of molecular
data in terms of discovering early mKEs that are anchored to, and predictive of, the algal adverse
phenotype of reduced growth.
Supplementary Materials: The following are available online at http://www.mdpi.com/2218-1989/9/5/94/s1,
Figure S1: Metabolic fingerprints for pellet wash optimisation, Table S1: Unique m/z features in direct infusion
mass spectra in dilution study, Figure S2: Growth rates and pH drift over 24 h growth of synchronised C. reinhardtii
in CGM medium, Figure S3: Dose-response curve of 3,5-dichlorophenol, Figure S4: Relative standard deviation
of m/z features per group between three independent repeated exposure studies, Figure S5: PCA scores plots
(PC1 vs. PC3) visualising the similarities and differences between three independent repeated exposure studies.
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Abstract: Euglenids are a group of algae of great interest for biotechnology, with a large and complex
metabolic capability. To study the metabolic network, it is necessary to know where the component
enzymes are in the cell, but despite a long history of research into Euglena, the subcellular locations
of many major pathways are only poorly defined. Euglena is phylogenetically distant from other
commonly studied algae, they have secondary plastids bounded by three membranes, and they can
survive after destruction of their plastids. These unusual features make it difficult to assume that the
subcellular organization of the metabolic network will be equivalent to that of other photosynthetic
organisms. We analysed bioinformatic, biochemical, and proteomic information from a variety of
sources to assess the subcellular location of the enzymes of the central metabolic pathways, and
we use these assignments to propose a model of the metabolic network of Euglena. Other than
photosynthesis, all major pathways present in the chloroplast are also present elsewhere in the cell.
Our model demonstrates how Euglena can synthesise all the metabolites required for growth from
simple carbon inputs, and can survive in the absence of chloroplasts.
Keywords: Euglena; central metabolic pathway; subcellular location
1. Introduction
Euglenids, a group of unicellular flagellate algae, have long been studied for their biochemistry,
physiology, anatomy, and industrial potential, due to the remarkable metabolic plasticity that allows
them to grow in a wide range of conditions [1]. Euglena can harness energy heterotrophically,
mixotrophically, and photo-autotrophically, and its cultivation is relatively easy, fast, and well
established. Euglenids can be found in a broad range of ecological niches including fresh water,
brackish water, snow, high and low pH conditions, and both aerobic and anaerobic environments [2].
Euglena gracilis is the most studied species of Euglena and is regarded as a useful model organism for
studying cell biology and biochemistry. Euglenids were once considered one of the most ambiguous
groups in terms of evolution and metabolic operation, due to the combination of both “plant-” and
“animal-” like features [3]. They are now classified into the kingdom Excavata, superphylum Discoba,
subphylum Euglenozoa. Euglena is one of the very few plastid-containing organisms for which complete
loss of the chloroplast is not lethal. Even the human parasitic apicomplexans retain their plastids
for the synthesis of isoprenoids, fatty acids, and heme, while in non-photosynthetic, parasitic plants
plastids are necessary for aromatic amino acid biosynthesis and are involved in starch synthesis [4].
Whilst these plastid-localised pathways can be targeted to kill such organisms, Euglena can survive
complete loss of the plastid and the biochemical explanation for this remains to be established.
The genome of E. gracilis is estimated to be around 500 Mb in size, with large amounts of highly
repetitive sequences [5], which leads to difficulty in genome sequencing and analysis. The structural
complexity of the genome has arisen from a series of horizontal gene transfers and endosymbiosis
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events throughout its evolutionary history, causing difficulty in classifying euglenids using modern
molecular techniques [6]. A study of the distribution of the homologues of 2770 expressed sequence tags
(ESTs) from E. gracilis has shown that euglenids are closely related to the kinetoplastids [7]. Euglenids
first split from the ancestral Euglenozoa, a eukaryotic protozoa, around a billion years ago [8]. After
the endosymbiotic transfer of genes from a hypothesized, since-lost, red algal endosymbiont to the
nuclear genome [9], a eukaryotic green alga endosymbiont was incorporated [10], bringing many
genes involved in the function and maintenance of the chloroplast. The transcriptome of Euglena
suggests that many other genes were acquired from diverse distantly related species and the genetic
control mechanisms in Euglena involve genes which are as sophisticated as those in animal and plant
eukaryotes [11].
Euglena is considered to be a promising organism for industrial application due to its ability to
produce various nutrients and bioactive compounds, such as proteins, polyunsaturated fatty acids,
vitamin A, vitamin C, and β-1,3-glucan [12]. The application of Euglena in environmental engineering
has been studied for wastewater treatment systems, energy sources and bioindicators for environmental
pollutants. Euglena sp. isolated from sewage treatment plants had higher nutrient removal capability
and growth rate than other algae [13]. These results indicate that Euglena could be considered as a
viable source for biofuel production from wastewaters.
There is no doubt that E. gracilis is an interesting organism in terms of its evolution, metabolic
capacity, and application and has thus been the subject of intense study. Due to its extraordinary
metabolic capacity, investigating and understanding the Euglena metabolic network could help expand
the applications of this organism and shed light on several mysteries of evolution and secondary
endosymbiosis. Investigation of the metabolism of Euglena requires the definition of the metabolic
network, whether at genome scale for flux balance analysis, or at the level of core metabolism
for metabolic flux analysis. This would allow the metabolic phenotype of the organism to be
investigated in much the same way as in highly compartmented plant cells [14]. In organisms with
complex evolution like Euglena, even though the central metabolic pathways are conserved, the
characteristics and subcellular localisation of the enzymes involved in the pathway can differ. This is
particularly true for Euglena, where the secondary chloroplast has a relatively recent evolutionary origin
(~600 MYA [15]) and a unique third plastid membrane, giving rise to a novel subcellular compartment
in this intermembrane space.
Here, we provide an overview of the central metabolic pathways in Euglena gracilis, highlighting
unique features. We assess the reported subcellular location of enzyme activities and proteins in
Euglena and propose a model of the organisation of the central metabolic network.
2. Results
2.1. Pathway Localisation from Sequence Information
Even though Euglena has long been studied for its biotechnological potential, its genetic and
metabolic capacities are poorly established due to the size and complexity of its genome. In the absence
of an annotated genome sequence for any species of Euglena, transcriptome sequencing has been used
as the preliminary alternative to genome structure analysis, with the aim of providing data on gene
expression and regulation under different conditions [16,17].
2.1.1. Metabolic Pathways in Euglena
The earliest reported extensive transcriptomic analysis of E. gracilis studied cells grown in dark
and light conditions and illustrated the versatile metabolic capacity of Euglena [16]. All the core
pathways of carbohydrate metabolism and photosynthesis were identified, including glycolysis,
gluconeogenesis, the tricarboxylic acid cycle (TCA), the pentose phosphate pathway (PPP), and
the Calvin cycle. In addition, the pathways for production of other major classes of compounds
including carotenoids, thylakoid glycolipids, fatty acids, and isoprenoids were also identified in the
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transcriptome. Besides the evidence for lipid, amino acid, carbohydrate, and vitamin metabolism, the
transcriptome also revealed the capacity of E. gracilis to produce multifunctional polydomain proteins
that relate to those from both fungi and bacteria and may have been obtained by horizontal gene
transfer during its evolution [11]. Furthermore, the transcriptome showed the capacity for polyketide
and non-ribosomal peptide biosynthesis [18], along with capacities for using the pathways for vitamin
C, vitamin E, and glutathione metabolism to respond to stresses. A subsequent comparative study
of the transcriptome of E. gracilis under aerobic and anaerobic conditions investigated the regulatory
system of wax ester metabolism [17]. The metabolic network of Euglena mutabilis has been reconstructed
using assembled transcript sequences and topology gap filling [19]. The initial draft network was
incomplete with many missing reactions and could not simulate the heterotrophic growth of E. mutabilis
in the dark [19], despite the long documented capacity of this species to do so. In combination, these
studies demonstrate that the genomes of Euglena have features in common with genomes from both
phototrophic and heterotrophic organisms, and these features provide Euglena with the metabolic
capacity to adapt to a wide variety of conditions. These studies also demonstrate that transcript
abundance does not vary greatly under different growth conditions and does not correlate with protein
abundance. Thus, exploration of the metabolic capacity of Euglena using an exclusively transcriptomic
approach is unlikely to be sufficient to understand pathway control.
2.1.2. Metabolic Pathways in the Euglena Plastid
The chloroplast genome of E. gracilis has been sequenced [20] and is very similar to that of
higher plants in its gene content, although the structure and evolution is different [21]. As with other
organisms, the acquisition of the plastid came with many gene loses and gene transfers from the
endosymbiont to the host genome [22]. The expression level of plastid genes was found to respond
to environmental stimuli [23] and the rate of protein synthesis by the E. gracilis plastid in the dark is
extremely low compared to that in the light [5,24].
As in the primary plastids of other organisms, most of the Euglena secondary plastid proteome
is encoded in the nuclear genome. However, since the plastid of Euglena was acquired through
secondary endosymbiosis of a photosynthetic eukaryote, its chloroplasts are surrounded by three
membranes [25,26]. Thus, hundreds of plastidic proteins synthesized in the cytosol have to be
transported through either three or four membranes to reach their destination in the plastid stroma
or the thylakoid lumen [27] and we have no knowledge of the metabolic capabilities of the unique
intermembrane space, found in no other group of organisms.
2.1.3. Predicting the Subcellular Location of Euglena Proteins
Most of the previously published studies of the subcellular compartmentation of Euglena enzymes
have relied on subcellular fractionation of organelles and measurement of enzyme activity distributions.
Very few studies have exploited complementary molecular techniques to investigate localisation in
Euglena. In principle, eukaryotic protein subcellular location prediction tools could be useful. To test
this, the protein sequences of selected marker enzymes with defined compartmentation were analysed
using a subcellular location prediction work flow. These included proteins known to be located in the
chloroplast, mitochondria, cytosol, or directed through the secretory pathway. The predicted amino
acid sequences of these marker proteins were deduced from the E. gracilis transcriptome [16]. In total
28% of these sequences had spliced leader sequences, indicated in bold in Tables 1–3. Two programs
were used to predict the subcellular localisation of all the matching E. gracilis protein sequences, WoLF
PSORT [28], and TargetP 1.1 [29]. Due to the potential presence of plant and non-plant targeting
signals on Euglena proteins (arising from the complex evolutionary origin of Euglena genes), these
analyses were conducted using plant, animal, and fungal reference databases in WoLF PSORT and
both plant-based and nonplant-based prediction modes in TargetP 1.1. Moreover, since transport of
proteins into Euglena chloroplasts requires transit via the secretory pathway [27,30,31], any sequence
that was predicted to contain a secretion signal based on the plant-based algorithm in TargetP 1.1 was
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subjected to extended analysis in which the signal sequence was removed and the prediction process
repeated to establish the ultimate predicted location of the mature protein.
Mitochondrial Targeting
The mitochondrial marker enzymes are all well-established biochemical markers and are only
detected in mitochondrial fractions in Euglena, with the exception of isocitrate dehydrogenase which is
also detected in the cytosol. At least one isoform of each of these enzymes is predicted to be targeted
to mitochondria using TargetP and WoLF PSORT in all modes (see Table 1). However, using the
plant-based algorithm in WoLF PSORT there was more support for some of these enzymes being in
the chloroplast. One isoform of succinic semialdehyde dehydrogenase, containing a spliced leader
sequence, appears to have no targeting signal and so would be predicted to be in the cytosol. One
isoform of isocitrate dehydrogenase has no predicted targeting, in line with biochemical evidence for
some cytosolic activity of this enzyme.
Proteins without Targeting Signals
Cytosolic marker proteins were selected that are routinely used as marker enzymes in subcellular
fractionation studies. Overall, these had less confident predictions and some weak predictions for
mitochondrial targeting (Table 2). The exception is thiosulfate sulfurtransferases, for which three
isoforms had plastid targeting sequences in WoLF PSORT using the plant mode. Two of these had
strong secretion signal predictions in both animal and fungi modes and in TargetP, whilst another
isoform has a strong secretion signal prediction in these WoLF PSORT modes. This may indicate that
some of these isoforms are targeted to the chloroplast via the endoplasmic reticulum (see below).
Targeting for Secretion
Proteins known to be in the Golgi, and which thus utilise the secretory pathway, were used as
benchmarks to test the reliability of secretion signal prediction for Euglena proteins (Table 2). They were
predominantly identified as being targeted for secretion by TargetP with a high level of confidence,
especially using the nonplant algorithm, although mitochondrial targeting was predicted in some
instances. WoLF PSORT predicted that these proteins were targeted to the plasma membrane, as they
are integral membrane proteins. Some were predicted to also contain secretory signals with high
confidence, but not all. One of the mannosyltransferases was predicted to target to the chloroplast
using WoLF PSORT in plant mode.
Chloroplast Targeting
A selection of biochemical marker enzymes and components of the photosynthetic apparatus was
used to test the ability of these programs to predict targeting to the plastids. TargetP predicted most of
these proteins to be either mitochondrial or secreted (Table 3). The only exceptions were for one of the
isoforms of fructose-bisphosphate aldolase, and one ribulose-bisphosphate carboxylase/oxygenase
(small subunit) that were predicted to be targeted to the chloroplast after removal of the secretory
signal peptide. WoLF PSORT on the other hand correctly predicted many soluble enzymes to be
targeted to the chloroplast but predicted many of the integral membrane proteins, such as photosystem
components, as being targeted to the plasma membrane.
The limitations of the chloroplast targeting prediction of TargetP have been reported before [29].
The predictive power of TargetP 1.1 is based on the presence of N-terminal presequences, including
chloroplast transit peptide (cTP), mitochondrial targeting peptide (mTP), or secretory pathway signal
peptide (SP) [29]. However, the structure of cTP is not well characterized, especially in Euglena, and
the prediction performance of chloroplast targeted proteins was reported to be less accurate than
that for mitochondria, with occasional poor discrimination between mTP and cTP [32]. This lack of
discrimination is partly due to some proteins using the same targeting sequence for both chloroplasts
and mitochondria [29]. Thus, using TargetP and WoLF PSORT to predict the location of proteins in
Euglena might not cover all the possible protein transport systems.
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Apart from the evident limitations of these algorithms as protein localisation prediction tools in
Euglena, protein targeting into chloroplasts of Euglena is likely to be inherently complex. In contrast
to plants, the chloroplast of Euglena evolved from the secondary endosymbiosis, which led to the
chloroplast being surrounded by three membranes [25,26,33]. A recent study of the E. gracilis chloroplast
proteome identified three classes of chloroplast pre-protein based on targeted signal analysis. Class I
and II proteins possess a bipartite topogenic signal (BTS), with Class I proteins composed of a signal
peptide (SP) followed by a stop-transfer signal (STS) and a transit peptide (TP), whilst Class II proteins
contain only an SP and TP [31,34]. The third class of chloroplast proteins was referred to as unclassified,
with no signal sequence detected in the proteins. The transport mechanism used to import proteins
from this unclassified category into the plastid remains unknown [30]. The transport of Euglena
Class I and II pre-proteins into the chloroplast involves the first step of co-translational transport into
the endoplasmic reticulum (ER) lumen where the cleavage of the signal peptide occurs (Figure 1).
The pre-proteins are subsequently transported to the chloroplasts from the Golgi body via vesicles,
which then fuse with the outermost plastid membrane. However, the transport across the inner two
membranes of the three-membrane-bound plastids in euglenophytes remains unclear [27,30,34]. The
TOC/TIC-like pathway was believed to be involved in the inner membranes transport of the Euglena
plastid due to the presence of plant-like targeting signal (TP) in the preproteins [35]. However, none of
the TOC subunits have been detected in the transcriptome of E. gracilis, whereas homologues of several
TIC subunits were identified [5]. A recent analysis of the structure of TP sequences in E. gracilis has
suggested that it is possible for the TP to be recognised by the symbiont-derived ERAD-like machinery
(SELMA) transport system, as is the case for diatoms [30,36].
 
Figure 1. Protein transport into the secondary chloroplast of Euglena. Nuclear encoded chloroplast
pre-proteins (blue strip) are synthesised into the lumen of the endoplasmic reticulum (ER) where the
signal peptide (SP) is cleaved. Pre-proteins with transit peptides (TP) are subsequently transferred to
the outermost chloroplast membrane through the Golgi body via vesicles. GOSR and RAB5 GTPase are
proposed to mediate the fusion of the vesicle to the outermost membrane. After transport of proteins
into the stroma, where the TP is removed, the mature protein can enter the thylakoid lumen via SEC,
TAT, or Alb3/SRP pathway. This scheme only considers proteins possessing Class I and II targeting
signals, as the transport of those with unclassified signals is not known [34].
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It can be concluded that WoLF PSORT and TargetP have limitations with predicting cTPs and
do not specifically include protein targeting to the secondary plastid. Predicting chloroplast protein
targeting in Euglena is likely to require more specific databases or algorithms, since the evolution of the
Euglena chloroplast is different from that of plants. In contrast, the prediction of mitochondria targeting
with high reliability scores, when there is a high degree of agreement amongst the algorithms, can
be informative. However, due to the false predictions of chloroplast proteins to other locations, the
prediction results cannot be fully relied upon and need to be carefully evaluated in conjunction with
evidence from enzymatic and biochemical analyses.
2.2. Pathway Localisation from Biochemical/Proteomic Information
2.2.1. Central Metabolic Pathways of Euglena
The central metabolic pathways are essential to all organisms, providing the precursors for other
peripheral pathways, especially metabolites with carbon backbones that are derived from carbohydrate
metabolism. In addition, under non-photosynthetic conditions, these pathways have a major role
in producing the energy and reducing power for the cell. Pathways of carbohydrate metabolism
generally consist of glycolysis (Embden–Meyerhof–Parnas pathway), gluconeogenesis, the PPP, the
Entner-Doudoroff (ED) pathway, and the TCA cycle. Notably, there is no evidence for the ED pathway
in Euglena. Results for subcellular location predictions are available in Supplementary Table S1.
Glycolysis and Gluconeogenesis
The intracellular distribution of the glycolytic enzymes in Euglena has been studied using
fractionation in aqueous and non-aqueous media. This approach showed that most of the glycolytic
enzymes are in the cytosol and that several of them are present in both the chloroplast and the
cytosol [37,38]. By using sucrose density gradient centrifugation, it was found that phosphofructokinase,
pyruvate kinase, triosephosphate isomerase, and aldolase were present in the plastid fraction [39].
In addition, a recent proteomic study reported that several enzymes involved in glycolysis and
gluconeogenesis were present in Euglena chloroplasts [30].
Hexose-Phosphorylating Enzymes. The activity of hexokinase (EC 2.7.1.1) was three times higher
in E. gracilis grown on glucose than that on ethanol and acetate [40]. The activity of this enzyme in
glucose media was also four times higher in heterotrophic cells than that in autotrophic cells [41].
E. gracilis was found to have glucokinase (EC 2.7.1.2) and fructokinase (EC 2.7.1.4) in different locations
in both autotrophic and heterotrophic conditions. At 105,000 g separation, the glucokinase was present
in the cell pellet while the fructokinase activity was only found in the supernatant [2,42]. Glucokinase
is therefore concluded to be in organelles, whilst fructokinase is in the cytosol.
Phosphoglucoisomerase (EC 5.3.1.9). The activity of this enzyme was detected in E. longa [2,43],
although, the subcellular location has not been reported. Strong targeting signals were not detected in
the protein sequences.
6-Phosphofructokinase (ATP-PFK, EC 2.7.1.11) and Diphosphate–Fructose-6-Phosphate
1-Phosphotransferase (PPi-PFK, EC 2.7.1.90). In E. gracilis, ATP-PFK was reported to be located
in both chloroplasts and the cytosol [39], while PPi-PFK was reported exclusively in the cytosol. During
cell growth, the activity of PPi-PFK was 10–30 times higher than the activity of ATP-PFK [44]. No
strong targeting signals were detected in these protein sequences.
Fructose Bisphosphate Aldolase (EC 4.1.2.13). There are two classes of aldolase found in Euglena:
Class I is located in the chloroplast and proplastid, and Class II is located in the cytosol [45]. Class I
enzyme peptides were detected in the chloroplast proteome [30] and the Class II cytosolic enzyme was
shown to be more active when the E. gracilis culture was grown in the dark and is presumed to play the
main role in heterotrophic glycolysis and gluconeogenesis [46]. One isoform has no strong targeting
signal, whilst two have plastid targeting and one has a strong mitochondrial targeting sequence.
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Glyceraldehyde 3-phosphate Dehydrogenase (G3P) Dehydrogenase (EC 1.2.1.12). E. gracilis
contains both NAD-linked and NADP-linked G3P dehydrogenase, which are found in different
subcellular locations [45,47]. The NAD-linked enzyme showed higher activity in heterotrophic
conditions and was located in the cytosol. On the other hand, the NADP-linked enzyme was shown to
be located in chloroplasts and had higher activity in autotrophic cells [48]. Only the NADP-linked
enzyme was detected in the proteome of E. gracilis chloroplasts [30].
Triosephosphate Isomerase (EC 5.3.1.1). As with fructose bisphosphate aldolase, two types of the
isomerase were identified in E. gracilis using enzymatic activity profiling [47]. Type A triosephosphate
isomerase was reported to function in the chloroplasts and proplastids of E. gracilis, while type B
enzymes were located in the cytosol [49]. Sequences matching triosephosphate isomerase could also
be detected in the E. gracilis chloroplast proteome [30].
Phosphoglycerate Kinase (EC 2.7.2.3)/Phosphoglycerate Mutase (EC 5.4.2.11). The activity of
phosphoglycerate kinase was reported in isolated E. gracilis chloroplasts [50] and the enzyme was
detected in the E. gracilis chloroplast proteome [30], although the presence in other subcellular locations
has not been investigated. No specific studies of the activity of phosphoglycerate mutase have been
reported in Euglena. However, the enzyme was recently reported to be present in the E. gracilis
chloroplast proteome [30]. WoLF PSORT identifies a strong chloroplast targeting sequence on one
isoform, with the other three isoforms is predicted to remain in the cytosol.
Enolase (EC 4.2.1.11). The activity of enolase was previously detected in E. gracilis but the
subcellular location was not described [38,51]. N-terminal targeting peptide analysis of cDNA clones of
E. gracilis suggested that enolase could be present in both the cytosol and the chloroplast [52]. However,
as shown in Section 2.1.3, it is difficult to predict protein targeting into the chloroplasts of Euglena and,
furthermore, enolase was not found in the chloroplast proteome of E. gracilis [30].
Pyruvate Kinase (EC 2.7.1.40). The activity of pyruvate kinase in E. gracilis was shown to be highly
active in cultures grown on glucose [53]. This enzyme was reported to be located in both proplastids
and the cytosol of E. gracilis, however, the activity of this enzyme was not detected in the mature
chloroplast [39]. WoLF PSORT predicts plastid targeting sequence in two isoforms with very low
confidence, whilst one of these has mitochondrial targeting with slightly more confidence, highlighting
the challenging nature of predicting subcellular locations.
Fructose-1,6-Bisphosphatase (EC 3.1.3.11). Fructose-1,6-bisphosphatase is involved in gluconeogenesis
and has been reported from Euglena [39,44]. The cytosolic fructose-1,6-bisphosphatase in E. gracilis
was detected and characterized [54]. Recently, the enzyme was reported in the E. gracilis chloroplast
proteome [30], where it is presumably involved in the Calvin cycle. One isoform is predicted not to
contain a targeting signal, but the other four are predicted to be variously targeted to the chloroplast,
for secretion, or to the plasma membrane, possibly indicating that they all pass through the secretory
system to the chloroplast.
Pentose Phosphate Pathway
Oxidative Phase. In contrast to higher plants and green algae, all the enzymes of the oxidative
arm of the pentose phosphate pathway in E. gracilis were reported to be present in the cytosol, but
not the chloroplast. Using non-aqueous fractionation, it was found that two dehydrogenases of
the oxidative pentose phosphate pathway were absent from the E. gracilis plastid [37]. In separate
studies, the activity of 6-phosphogluconate dehydrogenase (EC 1.1.1.44) was confirmed to be in the
cytosol [38], and glucose-6-phosphate dehydrogenase (EC 1.1.1.49) was reported to be located in
the cytosol [2,38,55–57] and has been used as a cytosolic marker enzyme [58]. Although a single
glucose-6-phosphate dehydrogenase was detected in the chloroplast proteome, this fraction was
reported to be moderately contaminated with protein from other organelles [30] and thus, subcellular
location of the enzyme will need further investigation to confirm its location. This enzyme is specific
for NADP in Euglena and induced by glucose, with low activity detected under heterotrophic growth
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in the absence of glucose [53]. There has been no specific study of Euglena 6-phosphogluconolactonase
(EC 3.1.1.31).
Non-Oxidative Phase. All the enzymes involved in the non-oxidative section of the pentose
phosphate pathway have been detected in Euglena and most of the enzymes were reported to localize to
the chloroplast [2,30]. The activity of ribose 5-phosphate isomerase (EC 5.3.1.6) was reported in isolated
E. gracilis chloroplasts [59]. The subcellular location of pentose-5-phosphate-3-epimerase (EC 5.1.3.1)
has not been reported, although the activity of this enzyme was detected in heterotrophic, autotrophic,
and mixotrophic growth conditions, along with the activity of transketolase (EC 2.2.1.1) [60] and
transaldolase (EC 2.2.1.2) [47]. Non-aqueous separation techniques showed the presence of transaldolase
in Euglena chloroplasts and proplastids [39].
Notably, there are two isoforms of each enzyme of the non-oxidative PPP in the E. gracilis
transcriptome, except transketolase which has three. For three of these enzymes, only one isoform
was identified in the chloroplast proteome [30], whereas neither isozyme of transaldolase could be
detected. This suggests that the other isoforms are present in another location within the cell and the
lack of any detectable targeting signal indicates this is likely to be the cytosol. However, extensive
study of this pathway has not been reported and further investigation would be needed to confirm the
operation of the pathway in the cytosol.
Anaplerotic Pathway: Dicarboxylic Acid Bypass
Malate dehydrogenase (NADP-specific oxaloacetate-decarboxylating, EC 1.1.1.40) in Euglena
is located in the cytosol but not in mitochondria, and is specific for NADP and l-malate [2].
The NAD-specific malate dehydrogenase (decarboxylating, EC 1.1.1.39) can only be detected in
E. gracilis cultured with d-malate [61]. Recently, a proteomic study detected malate dehydrogenase
(NADP-specific) in E. gracilis chloroplasts [30]. The activity of this enzyme varied widely with light
and carbon sources, and has 55 times greater activity in heterotrophic cells than in autotrophic cells.
This result suggests a physiological role in Euglena for these enzymes in providing NADPH for cytosolic
fatty-acid synthesis in the dark [62,63].
Phosphoenolpyruvate carboxylase (PEP carboxylase, EC 4.1.1.31) was shown to have multiple
isozymes which were active in different light conditions. It has been reported that PEP carboxylase
functions for CO2 fixation in E. gracilis grown in the dark and under CO2 limited conditions [64,65].
The activity of phosphoenolpyruvate carboxykinase (PEP carboxykinase, EC 4.1.1.32) in E. gracilis is
specific for GTP rather than ATP [66]. PEP carboxylase and PEP carboxykinase are discrete, separate
enzymes in E. gracilis [67]. PEP carboxykinase was reported to be located exclusively in the cytosol
and the enzyme could not be detected in cells grown under autotrophic conditions [68]. One isoform
is predicted to be localised in the chloroplast by WoLF PSORT with a high degree of confidence, but
the locations of the other two isoforms are not predicted confidently. In addition, the activity of PEP
carboxykinase was detected in E. gracilis cultured with acetate or ethanol, but not with glucose [62].
Pyruvate carboxylase (EC 6.4.1.1) was also reported to be located in the cytosol [69]. The activity of this
enzyme was found in cells grown under heterotrophic culture fed with glucose, but not with acetate or
in autotrophic cells [2].
TCA Cycle
The reactions of the TCA cycle occur in the mitochondria of Euglena in common with all other
eukaryotic organisms [2]. Most of the enzymes involved in the TCA cycle are predicted to target to the
mitochondria with high reliability (Table S2), in line with previous studies on the localisation of the
TCA cycle.
Pyruvate Dehydrogenase (NAD complex 1.2.4.1, NADP+ EC 1.2.1.51). In E. gracilis the conventional
NAD+ pyruvate dehydrogenase complex only contributes around 1% of the activity and instead an
NADP+-dependent pyruvate dehydrogenase is used to produce the majority of the acetyl-CoA from
pyruvate [70]. This latter enzyme has been detected in the mitochondrial fractions of E. gracilis [71–73]
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and all three component polypeptides are predicted to be targeted to the mitochondria. The activity of
the NAD complex has not been localised.
Citrate Synthase (EC 4.1.3.7). Citrate synthase activity was detected in both particulate and soluble
fractions from bleached E. gracilis [38], indicating that the enzyme is located in cytosol and other cell
compartments. Testing the activity of this enzyme from different organelle suspensions showed the
presence of this enzyme in both mitochondria and microbodies (glyoxysome-like particles) [74,75].
Only one of the four isoforms is predicted to be targeted to mitochondria.
Aconitase (EC 4.2.1.3). The activity of aconitase was detected in E. gracilis [76,77]. However, the
subcellular location of this enzyme has apparently never been investigated and only one of the two
isoforms is predicted to be targeted to mitochondria.
Isocitrate Dehydrogenase (NAD-specific EC 1.1.1.41, NADP-specific EC 1.1.1.42). NAD- and
NADP-specific isozymes of isocitrate dehydrogenase have been characterised from Euglena. The activity
of NAD-specific isocitrate dehydrogenase was detected in mitochondria and cytosol of E. longa [38,43].
The NAD-specific isozyme was detected solely in the mitochondria of the streptomycin-bleached
E. gracilis [75,78,79]. The NADP-specific isozyme was reported in both mitochondria and the cytosol,
with the activity of the mitochondrial enzyme being about 25% of that in the cytosol [75,79].
2-Oxoglutarate Decarboxylase (EC 4.1.1.71). E. gracilis contains a 2-oxoglutarate decarboxylase
that is dependent on thiamine pyrophosphate, in contrast to the more common CoA-dependent
2-oxoglutarate dehydrogenase complex, which was not detected [80]. The thiamine pyrophosphate
dependent activity which coverts 2-oxoglutarate to succinic semialdehyde is located solely in
mitochondria [81].
Succinic Semialdehyde Dehydrogenase (EC 1.2.1.16). NAD- and NADP-specific succinate
semialdehyde dehydrogenase were detected in E. gracilis and reported to be in the mitochondria [73,82].
Three isoforms are predicted to be located in the mitochondria, whilst the remaining isoform is not
predicted to have a targeting sequence.
Succinate Dehydrogenase (EC 1.3.5.1). As with other eukaryotes, the succinate dehydrogenase
in E. gracilis is tightly bound to the inner membrane of mitochondria and has been used as a marker
enzyme for mitochondria in Euglena [83]. [58,74,75,78]. It is predicted to be associated with the plasma
membrane by WoLF PSORT, in line with the integral membrane nature of the protein.
Fumarase (EC 4.2.1.2). Using cell fractionation and enzyme activity assays, fumarase is routinely
detected solely in E. gracilis mitochondria [39,74,75,78] and is commonly used as a soluble mitochondrial
marker enzyme [83].
Malate Dehydrogenase (EC 1.1.1.37). In E. gracilis, malate dehydrogenase is found in both
mitochondria and the cytosol. The cytosolic enzyme had three times higher activity in heterotrophically
grown cells than in photoautotrophic cells, whereas the activity of the mitochondrial isoform was
largely uninfluenced by variation in growth conditions [62]. E. gracilis contains two forms of malate
dehydrogenase, NAD-linked and NADP-linked isozymes. Unlike in higher plants, where the
NADP-linked malate dehydrogenase is present exclusively in chloroplasts, in E. gracilis the majority
(81–91%) of both NAD-linked and NADP-linked activity were located in the cytosol with a smaller
proportion (13–16%) found in mitochondria. The activity of the NAD-linked isozyme was reported to
be about three times higher than that of the NADP-dependent isozyme [84,85].
Glyoxylate Cycle
The glyoxylate cycle is a modified form of the TCA cycle that is found in plants, bacteria, protists
and fungi. The cycle has an important role in provision of precursors for gluconeogenesis and
allows the cell to use other respiratory substrates when sugars are not available [86]. The subcellular
location of the glyoxylate cycle in Euglena under different conditions is poorly defined, with studies
suggesting that the cycle operates in either mitochondria or discrete microbodies (glyoxysome-like
particles). Notably, the presence of microbodies in E. gracilis was reported to vary under different
conditions [87]. Following cell fractionation on sucrose density gradients, the activities of isocitrate
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lyase (EC 4.1.3.1) and malate synthase (EC 2.3.3.9), enzymes unique to the glyoxylate cycle, were
found in the microbody fraction of E. gracilis grown on acetate [75,78]. In contrast, using similar cell
fractionation techniques and immunocytochemical analysis, both isocitrate lyase and malate synthase
were localised to mitochondria in E. gracilis grown on ethanol in which microbodies could not be
detected [88].
C2 Metabolism
Ethanol, which can readily diffuse into the cell, is first oxidized to acetaldehyde by alcohol
dehydrogenase (EC 1.1.1.1), and the product is then oxidised by acetaldehyde dehydrogenase
(EC 1.2.1.10) to produce acetate. Both enzymes are found in E. gracilis mitochondria [89–91]. Acetate
is taken up either by simple diffusion or active transport through monocarboxylate transporters
and is then converted to acetyl-CoA by acetyl-CoA synthetase (EC 6.2.1.1), also located in E. gracilis
mitochondria [92], and then metabolized through the TCA cycle or channelled into the glyoxylate cycle.
2.2.2. Subcellular Locations of Biomass Production
The composition of Euglena biomass is similar to that of many organisms, with storage
carbohydrates, proteins and lipids predominating. The amounts of the different components varies
substantially depending on the growth conditions, from almost 10% dry weight wax esters [93] under
anaerobic growth to over 80% paramylon under aerobic conditions [94].
Carbohydrate Biosynthesis
Unlike most other photosynthetic organisms, such as plants and green algae, Euglena stores
carbohydrate in the form of a crystalline β-1,3-glucan, called paramylon, instead of starch, and the
soluble disaccharide trehalose, instead of sucrose. Euglena has a wide range of enzymes involved in
carbohydrate metabolism but it is difficult to predict their substrates and products from sequence
alone [95].
Paramylon. Paramylon is synthesized from UDP-glucose [96] using the membrane bound
paramylon synthetase (beta-1,3-glucan beta-glucosyltransferase, EC 2.4.1.34) that was identified in the
E. gracilis mitochondrial fraction by measuring activity following differential centrifugation [97] and
the genes identified in the transcriptome [98]. Based on transmission electron microscopy, paramylon
was synthesised in vesiculated mitochondrial related membrane complexes (chondriomes). The matrix
of these vesicles was dense with paramylon granules and extended into the cytosol. The vesicles
developed, resulting in the membrane-bound paramylon grains found in the cytosol [41,99,100]. The
endo-1,3-β-glucanases (EC 3.2.1.6 and EC 3.2.1.39), exo-1,3-β-glucanases (EC 3.2.1.58), and 1,3-β-glucan
phosphorylases (EC 2.4.1.97) involved in glucan metabolism have been characterized [101–103], though
the subcellular locations of these enzymes have not been defined. Some of these are predicted to be
membrane associated or chloroplast localised.
Trehalose. In Euglena gracilis, trehalose synthesis was reported to have a role in the acclimation to
osmotic stress [104,105]. Trehalose biosynthesis involves a two-step process through the sequential
action of trehalose-phosphate synthase (TPS, EC 2.4.1.15) and trehalose-phosphate phosphatase (TPP,
EC 3.1.3.12). It was found that the activities of TPS and TPP could not be separated and so a
TPS/TPP enzyme complex of about 250 kDa was suggested to be responsible for trehalose synthesis in
E. gracilis [106]. In Arabidopsis, the bulk of the TPP was reported to be cytosolic [107,108]. However, the
subcellular localisation of the TPS/TPP complex in Euglena has not been investigated. Analysis of the
chloroplast proteome of E. gracilis [30] shows no evidence of the TPS and TPP suggesting it is more
likely that the TPS/TPP complex is located in the cytosol (or conceivably mitochondria) rather than in
chloroplasts. There is no strong targeting signal predicted for this enzyme, supporting the putative
cytosolic location.
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Amino Acid Biosynthesis
The pathways of amino acid biosynthesis in Euglena have been poorly investigated, especially
with regard to their subcellular localisation. The recent evidence from the proteomic analysis of Euglena
chloroplasts suggested that their capacity for synthesis of amino acids is extremely limited, in contrast
to plant and algal chloroplasts, which are the major subcellular sites for synthesis of various amino
acids [30]. Here we present a summary of the likely subcellular localisation of amino acid biosynthesis
in Euglena.
Glycine and Serine (Glycolate Pathway Associated). Glycine and serine are synthesised from
glyoxylate, an intermediate of photorespiration and gluconeogenesis. Glycolate dehydrogenase
(EC 1.1.99.14), the starting enzyme of the glycolate pathway, was reported to be located in
both mitochondria and microbodies in E. gracilis [78]. Glutamate:glyoxylate aminotransferase
(EC 2.6.1.4), which adds the amino group to form glycine [109], is found in mitochondria, the
cytosol and microbodies [78,110]. A small proportion of the glyoxylate is converted to glycine
by glutamate:glyxoylate aminotransferase in mitochondria, and the majority is split into CO2 and
formate. As in higher plants, the formate is then used to produce serine through condensation with
glycine [111,112]. Folate coenzymes, which are involved in this C1 transfer, were reported to be located
largely in the cytosol [79]. Glycine can also be produced through the cleavage of threonine by threonine
aldolase (EC 4.1.2.5/48) [113], though the subcellular location of this activity has not been reported.
The enzymes involved in serine biosynthesis from 3-phosphoglycerate have not been studied in detail
in Euglena. However, recently, phosphoserine phosphatase was identified in the E. gracilis chloroplast
proteome, indicating the possibility of a plastidic serine biosynthesis pathway [30].
Methionine, Cysteine, and Threonine. The activity of cobalamin-dependent methionine synthase
(EC 2.1.1.13), producing methionine from N5-methyltetrahydrofolate and homocysteine, was reported to
be distributed between the cytosol (68.9%), chloroplast (18.4%) and mitochondria (9.5%) of phototrophic
cells. The more stable, Mg-dependent, variant was reported to be found only in the cytosol [114].
Cysteine synthesis in Euglena has not been investigated in detail and the subcellular localisations of
the enzymes associated with this pathway have not been elucidated. Two enzymes involved in the
synthesis of cysteine (serine O-acetyltransferase and cysteine synthase) were reported in the E. gracilis
transcriptome [113] and isoform A of cysteine synthase was detected in the E. gracilis chloroplast
proteome [30]. Threonine is synthesized from aspartate via homoserine. Five enzymes involved in
threonine biosynthesis in E. gracilis were reported to be expressed in different growth conditions [113].
However, the localisations of the enzymes involved in the synthesis pathway have not been elucidated.
Aromatic Amino Acids (Phenylalanine, Tyrosine, and Tryptophan). Chorismate, the precursor to
aromatic amino acids, is synthesised from d-erythrose 4-phosphate and phosphoenolpyruvate by the
shikimate pathway in seven steps. Five reactions can be catalysed either by separate enzymes, as in
plants [115], or by a pentafunctional enzyme, as in fungi [116]. There is evidence for both of these in
the E. gracilis transcriptome [27].
In green algal and plant cells, the aromatic amino acids are produced exclusively in the plastid
but the protein analysis of isolated organelles of E. gracilis suggests that the shikimate pathway occurs
in both the chloroplast and cytosol [117]. The preferred pathway depends on the growth conditions,
with the cytosolic pathway used in the dark and the plastidic pathway in the light [117,118].
Chorismate is then converted into tyrosine and phenylalanine, via prephenate by dehydration,
dehydrogenation, and transamination. The enzymes catalysing these reactions are present in E. gracilis
as unusual domain fusions, also found in thermophilic bacteria [16]. Tryptophan is synthesised from
chorismate by a series of reactions via anthranilate. In E. gracilis all four of these reactions are carried
out by a unique fusion protein rather than a series of separate enzymes, as in other organisms [11,113].
Together the data suggest that aromatic amino acid biosynthesis in Euglena is carried out by a
combination of plant-, bacterial-, and fungal-like enzymes, as well as unique proteins. The evidence
suggests that these pathways are not exclusively located in the plastid, unlike in plants, supporting the
dispensability of the plastid for their biosynthesis.
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Branched-Chain Amino Acids (Valine, Isoleucine, and Leucine). Pyruvate and α-ketobutyrate are
the precursors for valine, leucine and isoleucine biosynthesis in Euglena, as in other organisms [119].
In E. gracilis, α-ketobutyrate is synthesized by the action of two threonine dehydratases (EC 4.3.1.19
and EC 4.3.1.17) that are located in the cytosol [120]. The subsequent steps are catalysed by acetolactate
synthase, dihydroxy-acid reductoisomerase, and branched-amino-acid aminotransferase, all of which
are located in the mitochondria [119], suggesting the biosynthesis of branched-chain amino acids is
located in mitochondria.
Arginine and Proline. Arginine is synthesised by the sequential transfer of nitrogen onto glutamate
semialdehyde. Arginine biosynthesis is likely to occur mostly in the cytosol in Euglena, as the majority
of ornithine carbomyltransferase is located in the cytosol and smaller portion in mitochondria [2].
Arginine metabolism follows the arginine dihydrolase pathway in which arginine is converted into
citrulline and then ornithine, which occurs in the mitochondria [121]. Proline synthesis in Euglena has
not been investigated. However, proline metabolism is tightly associated with arginine metabolism as
ornithine is the precursor for proline synthesis [122], suggesting that synthesis is likely to be located in
the cytosol or mitochondria.
Lysine. Bacteria, plants and algae synthesize lysine via the diaminopimelate (DAP) pathway,
using aspartate and pyruvate as the precursors. On the other hand, fungi synthesize lysine through the
α-aminoadipate (AAA) pathway, which uses 2-oxoglutarate and acetyl-CoA [123,124]. Several enzymes
involved in AAA pathway were detected in Euglena, including homocitrate synthase (EC 2.3.3.14),
homoaconitate hydratase (EC 4.2.1.36) and homoisocitrate dehydrogenase (EC 1.1.1.87) [113]. However,
the subcellular location of the AAA pathway has not been reported.
Histidine. Histidinol dehydrogenase, the enzyme catalysing the final step of histidine biosynthesis,
has been detected in E. gracilis [113,125]. No other enzyme involved in this process was detected and the
subcellular localisation of the enzymes involved in histidine biosynthesis have not been investigated.
Glutamate, Glutamine, Alanine, Aspartate, and Asparagine. Aminotransferases and dehydrogenases
play the main role in the synthesis of glutamate, alanine, and aspartate from organic acids. For
glutamate, the aspartate aminotransferase (glutamate: oxaloacetate aminotransferase) is present in
mitochondria, chloroplasts, microbodies, and cytosol, and was shown to be more active in dark growth
conditions [74,78]. NADP-specific glutamate dehydrogenase was reported to be located solely in the
cytosol of E. gracilis, instead of the mitochondria as in other organisms [126]. Similarly, glutamate
synthase was reported to be localised to the cytosol in both wild-type and streptomycin-bleached
E. gracilis strains [127]. Glutamine is synthesized from glutamate using glutamine synthetase, but the
properties of this enzyme have not been studied in Euglena [128]. Asparagine synthetase, the enzyme
that converts aspartate to asparagine, has not been reported from Euglena. The activities of alanine
aminotransferase and alanine dehydrogenase were detected in E. gracilis, but the localisation of these
enzymes has not been described [2,115,116].
Tetrapyrrole Biosynthesis. Tetrapyrrole, the core of heme and chlorophyll, is synthesised from
δ-aminolevulinic acid (ALA). Heterotrophs tend to synthesize ALA from glycine and succinyl-CoA via
the Shemin pathway in the mitochondia [129], whilst photoautotrophs make ALA from glutamate in
the C5 pathway, located in the chloroplast [130]. E. gracilis is known to utilise both routes [131], and
the transcriptome shows a bacterial-derived Shemin pathway and a green algae-related C5 pathway,
presumably obtained with the chloroplast [16]. These have been identified in the mitochondria and
chloroplasts of E. gracilis respectively [132]. This again supports the multiple locations of core metabolic
pathways that are plastid localised in other photosynthetic organisms.
Lipid Biosynthesis
The subcellular locations of the enzymes involved in lipid metabolism in Euglena are poorly
investigated. As in other organisms Euglena produces the lipid building block malonyl-CoA from
CO2 and acetyl-CoA using acetyl-CoA carboxylase, which forms a multienzyme complex with
phosphoenolpyruvate carboxylase and malate dehydrogenase in the cytosol [133]. Malonyl-CoA is
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then used to synthesise fatty acid using fatty acid synthases (FAS), of which three types have been
reported in E. gracilis. FAS I and FAS III were reported to function in heterotrophic growth conditions.
The properties of FAS III has not been investigated in detail. The structure of FAS I is similar to yeast
and mammalian enzymes, and was located in cytosol [2]. On the other hand, FAS II resembles the
plant and bacterial enzymes, and is located in the chloroplasts of E. gracilis [134]. In addition to these
three types of FAS, a fatty acid biosynthesis system was found in the mitochondria of Euglena and is
involved in wax-ester synthesis [134].
3. Discussion
By combining multiple strands of evidence, including biochemical, proteomic, and bioinformatic
data, we propose a model for the subcellular localisation of the reactions of the network of central
carbon metabolism in E. gracilis (Figure 2). Many of these pathways are found in similar subcellular
locations to those in other, well-characterised organisms. Glycolysis, which catalyses the initial
breakdown of sugars produced by photosynthesis or absorbed from the medium, is present in the
cytosol and plastids, as commonly found in green plants. The products of this pathway feed into the
TCA cycle, which is mitochondrial, as in other eukaryotes. The enzymes commonly associated with
microbodies in higher plants are additionally present in the mitochondria, and it is often difficult to
separate these two groups of organelles in Euglena. The site of synthesis of many amino acids is unclear,
though several appear to be synthesised in the mitochondria from TCA cycle intermediates. Lipids can
be made in several cellular compartments, though for different purposes, such as the mitochondrial
lipids which are directed towards wax ester biosynthesis and plastid lipids that are used to make
photosynthetic glycolipids.
 
Figure 2. Proposed distribution of central metabolic pathways in Euglena. Abbreviations: oxPPP—
oxidative pentose phosphate pathway; Non-oxPPP—non-oxidative pentose phosphate pathway.
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However, the locations of many metabolic processes in Euglena differ substantially from those
found in other photosynthetic organisms. For instance, in Euglena the complete PPP is present in
the cytosol, with a duplicated non-oxidative phase present in the plastid. A plant-like pathway for
aromatic amino acid biosynthesis is present in the plastids [117]. However, unlike plants, in Euglena an
additional pathway, similar to that found in fungi, is located in the cytosol. Tetrapyrroles, essential
prosthetic groups of both the respiratory and photosynthetic electron transport chain proteins, are
synthesised in both the chloroplast and mitochondria in Euglena.
Overall, these results indicate that, aside from the reactions of photosynthesis, all the metabolic
pathways found in the Euglena plastid are also found elsewhere in the cell. This includes the
biosynthesis of isoprenoids, for which two pathways are found in other plastid-containing organisms,
the methylerythritol phosphate pathway found in the plastids and the mevalonate pathway in the
cytosol. Although we have not found evidence for the location of these pathways in Euglena, the
methylerythritol phosphate pathway only contributes to carotenoid biosynthesis in E. gracilis, and
phytol is instead made by the mevalonate pathway [135], unlike in other studied organisms. The
unusual and well-established ability of E. gracilis to survive on a simple carbon source when their
chloroplasts have been destroyed can be rationalised from the subcellular localisation and duplication
of these various critical pathways.
The complicated evolutionary history of Euglena means it is not trivial to predict the likely
subcellular locations of the various metabolic pathways, or to decide whether the pathways will be
similar to those in free-living heterotrophs, or plants, or be entirely different. Precise information is
missing for some biosynthetic pathways and the lack of understanding of Euglena chloroplast protein
targeting restricts the prediction of the subcellular location of some Euglena proteins. Despite these
limitations, overall, the model is similar to plants and green algae, but has some important differences.
The development of this model will lead to the ability to predict the metabolic phenotypes of Euglena
under various growth conditions.
4. Conclusions
The subcellular compartmentation of metabolism has been intensively studied in yeast and
in plants. For many, more distantly related organisms, most information is typically inferred by
extrapolation from these thoroughly examined species. Drawing on a range of Euglena biochemical
and proteomic data, we propose a model for the organisation of central metabolism in E. gracilis. These
analyses reveal unique features of this alga that diverge significantly from expectations derived from
well-studied organisms. The most striking difference in Euglena is the presence of extra activities of
the enzymes of various biosynthetic pathways solely present in the plastids of plants, contributing to
the ability of Euglena to lose its plastid entirely and survive on simple carbon sources. We propose
that this is due to the requirement of the heterotrophic ancestor to synthesise all necessary cellular
components before the acquisition of the secondary plastid. In this context, it seems likely that the
plastid pathways are replicating pathways that were originally present in the euglenid progenitor.
5. Materials and Methods
5.1. Identification of Euglena Enzymes
The transcriptome of E. gracilis was searched for the target proteins using BLASTP with templates
that were selected from the corresponding enzymes from other organisms represented in the NCBI
databases. Identified E. gracilis transcripts were then used as templates to interrogate the NCBI databases,
to confirm the correct identification of the proteins. The presence of a spliced leader was confirmed
in 39% of all of these sequences, in the range previously reported in Euglena transcriptomes [16,17],
by searching for a 10 bp sequence (TTTTTTTTCG or ATTTTTTTTC) at the 5′ end of the transcript.
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5.2. ProteinTargeting Prediction for Euglena
A selection of proteins known to be localized to the chloroplast, mitochondria, Golgi or
cytosol [2,136,137] were used to validate the use of WoLF PSORT [28] and TargetP 1.1 [29] (Tables 1–3).
For proteins predicted to be secreted by TargetP using the plant search parameters, the signal sequence
was removed, using the algorithms predicted cleavage site (Figure 3). The remaining sequence was
then reanalysed to identify any alterations in targeting and potentially unveil a chloroplast targeting
sequence. WoLF PSORT did not predict any secreted proteins using the plant search parameter. Results
for metabolic pathway components are available in Supplementary Table S1.
 
Figure 3. Subcellular location prediction workflow for Euglena proteins. Abbreviations:
Mt—mitochondria; Chl—chloroplast; others—cytosol; S—secretory pathway.
Supplementary Materials: The following are available online at http://www.mdpi.com/2218-1989/9/6/115/s1,
Table S1: Subcellular location prediction of E. gracilis metabolic pathway components using WoLF PSORT and
TargetP1.1.
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Abstract: Improving mass cultivation of cyanobacteria is a goal for industrial biotechnology. In this
study, the mass cultivation of the thermophilic cyanobacterium Chlorogloeopsis fritschii was assessed
for biomass production under light-emitting diode white light (LEDWL), far-red light (FRL), and
combined white light and far-red light (WLFRL) adaptation. The induction of chl f was confirmed at
24 h after the transfer of culture from LEDWL to FRL. Using combined light (WLFRL), chl f, a, and d,
maintained the same level of concentration in comparison to FRL conditions. However, phycocyanin
and xanthophylls (echinone, caloxanthin, myxoxanthin, nostoxanthin) concentration increased 2.7–4.7
times compared to LEDWL conditions. The productivity of culture was double under WLFRL
compared with LEDWL conditions. No significant changes in lipid, protein, and carbohydrate
concentrations were found in the two different light conditions. The results are important for
informing on optimum biomass cultivation of this species for biomass production and bioactive
product development.
Keywords: cyanobacteria; chromatic adaptation; LED; far-red light; growth; photosynthesis;
mass cultivation; pigments; Chlorogloeopsis
1. Introduction
Cyanobacteria are photosynthetic prokaryotes that are increasingly explored for use in industrial
biotechnology. They are extremely diverse and genetically tractable, making them attractive as cell
factories, and can adapt to a wide range of extreme habitats, often with the production of unique
metabolites [1]. These adaptations can be exploited in industry to increase productivity and for the
production of useful compounds such as pigments, mycosporine-like amino acids (MAAs), and fatty
acids [2,3].
Having a long evolutionary history, cyanobacteria have evolved with the ability to cope with
varying light intensities and wavelengths. They are able to modify their chlorophylls (chls) and
carotenoids, as well as rearrange photosystem I (PSI), PSII, and phycobilisomes (PBS) during excess
or limited light conditions [4,5]. These rearrangements allow absorption of light to maximise
photosynthetic efficiencies. These light-dependent acclimation processes include; complementary
chromatic acclimation (CCA), far-red light photoacclimation (FaRLiP), and low light photoacclimation
(LoLiP) [6].
Chlorophyll (chl) a is the major photosynthetic photo-pigment within almost all organisms that
utilise oxygenic photosynthesis [7]. Some cyanobacteria have photoadaptive strategies for absorbing
longer wavelengths in the far-red light region (700–750 nm) by the production of chl d and f [8].
Inducible production of these chls has been seen in a variety of species, such as Chlorogloeopsis fritschii,
PCC 6912 [9], Synechococcus sp. PCC 7335 [10], Chroococcidiopsis thermalis PCC 7203, Leptolyngbya sp.
JSC-1, and Calothrix sp. PCC 7507 [4]. This phenomena, FaRLiP, achieves remodeling of PSI and PSII as
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well as the PBS [11], with production of chl d, f, and far-red light (FRL) absorbing phycobiliproteins to
maximise photosynthesis, productivity, and survival [7,12].
Chlorogloeopsis fritschii (C. fritschii) is a subsection V cyanobacterium, first isolated from soils of
paddy fields [13]. It has a variety of morphologies and is tolerant to a variety of growth conditions,
which are good attributes for an industrial species [14,15]. Previous research on C. fritschii has shown
the production of chl d and f under near infrared radiation [9].
Algal biotechnology is a developing area with continued advancements in technologies for
cultivation and downstream processing. The main commercial applications of algal biomass are
aquaculture feeding, bioremediation, and high value products [16]. The mass production of microalgae
species, including cyanobacteria, is investigated around the world. This is because they are rich sources
of bio-products such as polysaccharides, lipids, proteins, pigments, and bioactive compounds which
can be utilised as feed and food and for pharmaceuticals, cosmetics, and health supplements [17].
The species-specific production of useful metabolites from the algal biomass, including cyanobacteria,
has been widely reviewed for industrial biotechnological applications [3,16–18].
Additional research is required to understand the regulation of photosynthesis, photoprotection,
and photomorphogenesis in cyanobacteria and the implication of the use of FRL in increasing
productivity and/or pigment accumulation as a robust platform in industrial biotechnology [19]. In this
study, we characterise the changes in productivity, pigment, and biochemical composition of C. fritschii
during exposure to light-emitting diode white light (LEDWL) and FRL, followed by a comparison of
white light with combined white light and FRL (WLFRL) results. We finish with a discussion on the
application within industry.
2. Results
2.1. Growth and Productivity of C. fritschii Under LED White Light and Far Red Light
The two growth conditions (LEDWL and FRL) showed similar growth patterns over the 9 days.
Cultures grew in lag phase for the first 4 days in both conditions, followed by an exponential growth
phase for 5 consecutive days (Figure 1).
 
Figure 1. Growth curve, measured using optical density at 750 nm (OD750 nm) of Chlorogloeopsis fritschii
(C. fritschii) under either light-emitting diode white light (LEDWL) or far-red light (FRL) only for
10 days. The dotted line represents the transfer of LEDWL cultures into FRL for a further 10 days.
An overall average growth rate (8 days, 0 to 8) for LEDWL was 0.32 (STDEV = 0.01), in comparison
with FRL conditions, which provided an average growth rate of 0.26 (STDEV = 0.02), showing a low
light adaptation of C. fritschii cultures. No significant difference was found for the accumulation of
biomass during the first 8 days under the two light conditions (p > 0.05). From day 4, both cultures
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reached an exponential growth rate. After 10 days of growth under LEDWL, the cultures were
transferred from LEDWL to FRL conditions, these cultures were then exposed to FRL for a further
10 days. The average growth rate of this period was 0.27. The growth of C. fritschii continued in the
exponential phase, with a reduced rate compared to LEDWL.
The final biomass productivity of the culture under LEDWL was 0.014 g L−1d−1 (STDEV = 0.001)
and 0.03 g L−1d−1 (STDEV = 0.001) for WLFRL conditions.
The pigment profile for LEDWL showed the presence of the following pigments:
Myxol-quinovoside (myxo), nostoxanthin (nosto), caloxanthin (calo), zeaxanthin (zeax) and echinenone
(echin), chl a, and β-carotene (Figure 2A). The FRL culture had a similar pigment profile with the
exception of the absence of nosto. This could be due to the concentration of this pigment below
detection level of the HPLC system. A general trend of accumulation was observed for myxo, nosto,
calo, and zeax under LEDWL conditions. Under FRL, the biggest changes were observed for myxo,
echin, and β-carotene (Figure 2B).
 
Figure 2. Pigment composition of C. fritschii under (A) LED white light (LEDWL) and (B) far red
light (FRL).
Maximum concentration of chl a was measured for both light conditions and the cultures
grown under LEDWL had double the chl a concentration compared to the cultures exposed to FRL.
After transferring the cultures from LEDWL to FRL conditions on day 10, the cultures showed a slight
decrease in chl a concentration. The carotenoids maintained a consistent concentration after the transfer
(day 10, Figure 2A).
The final concentration of pigments on day 9 (Table 1) showed a general trend of higher
concentration (μg g−1 of dry weight) under LEDWL compared to FRL conditions, except for myxo during
FRL conditions, which showed a 1.2 times higher concentration compared to LEDWL. Other pigments,
such as calo, zeax, and β-carotene, were 1.3–1.6 times higher in LEDWL cultures with chl a and echin
concentration was over two-fold higher in LEDWL than FRL cultures (Table 1).
−Chl d (detected at 706 nm) was present under both LEDWL and when transferred to FRL
conditions (Figure 3) and increased gradually over time. For chl f, under FRL there was a ~10-fold
increase at day 9 compared to day 2. After transfer of LEDWL exposed cultures to FRL, chl f was
induced and there was a slight reduction in chl a and chl d (Figure 3).
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Table 1. Concentration (μg g−1 of dry weight) of main pigments present at day 9 within C. fritschii
biomass during LEDWL and FRL conditions, including fold change comparing LEDWL and FRL.
Pigments LEDWL FRL Fold Change
Myxo 3.9 ±.0.3 4.9 ± 0.8 * 1.3
Nosto 5.6 ±0.5 N/A N/A
Calo 8.3 ± 0.8 6.1±0.8 ** 0.7
Zeax 4.8 ± 0.6 2.9±0.6 ** 0.6
Chl a 124.7 ± 5.4 47.6±1.6 *** 0.4
Echin 6.1 ± 0.8 3.5±0.6 ** 0.6
β-carotene 18.35 ± 1.4 17.2±1.8 * 0.9
Statistical significance was measured using a two-sample t-Test with equal variance, * = 0.05 ≤ p > 0.01,
** = 0.01 ≤ p > 0.001, *** = p ≤ 0.001.
 
Figure 3. Chlorophyll content (chl a, chl d, and chl f, detected at 706 nm) of C. fritschii exposed to FRL at
day 2, 5, and 9 and LEDWL (day 9) and 24 h after transfer into FRL (day 10).
2.2. Enhancement of Growth by Combining Two Light Sources (White LED Supplemented with Far Red-Light)
Next, the combination of LEDWL supplemented with FRL compared to LEDWL was investigated.
During the first 6 days, the growth under the two light conditions (Figure 4, LEDWL and WLFRL)
showed no significant difference (p > 0.05). After day 8, the cultures showed a difference in growth
performance, with improved results for LEDWL supplemented with FRL (WLFRL). This result was
shown in the average growth rate (μ) of 0.39 d−1 (STDEV= 0.02) for WLFRL and 0.32 d−1 (STDEV = 0.01)
for LEDWL growth conditions (STDEV= 0.01). The exponential growth phase for WLFRL was observed
over 8 days (day 8 to day 16, μ = 0.42, STDEV = 0.02), whereas the LEDWL condition had a 5 day
exponential growth phase (μ = 0.33). The WLFRL light combination resulted in improved growth.
The algal pigments, such as xanthophylls, carotenes, and chlorophylls were detected in both
culture conditions (Figure 5). The WLFRL resulted in improved pigment accumulation (Figure 5B)
with all pigments considerably increased in their quantity up to the last day of cultivation (day 19).
During the exponential growth phase (WLFRL, day 8 to 16), the highest concentration for most of
the analysed pigments was observed. The pigments under LEDWL conditions (Figure 5A) showed
saturation at day 15, with a slight reduction in concentration by the final day of cultivation (day 19).
Final pigment concentrations at day 19 (Table 2) showed an increase in levels under WLFRL conditions
compared to LEDWL, with the exception of β-carotene, which showed increased levels in cultures
exposed to LEDWL only.
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Figure 4. Growth curve of C. fritschii under LED white light (LEDWL) and supplemented LED white
light with far-red light (WLFRL).
 
Figure 5. Pigment composition of C. fritschii exposed to (A) LEDWL only and (B) LEDWL supplemented
with FRL (WLFRL).
Table 2. Final pigment concentration (μg g−1 of dry weight) of main pigments present in C. fritschii
biomass at day 19 of experiment trial for LEDWL and WLFRL conditions, including fold change
comparing LEDWL and WLFRL.
Pigments LEDWL WLFRL Fold Change
Myxo 13.4 ± 1.9 63.6 ± 6.23 *** 4.7
Nosto 12.5 ± 1.1 52.2 ± 4.9 *** 4.2
Calo 15.1 ± 1.9 41.7 ± 2.9 *** 2.8
Zeax 14.8 ± 1.2 15.5 ± 1.2 1.0
Chl a 275.4 ± 12.5 288.5 ± 25.8 * 1.0
Echin 15.7 ± 1.2 41.7 ± 1.6 ** 2.7
β-Carotene 56.2 ± 2.7 41.1 ± 1.6 * 0.7
Statistical significance was measured using a two-sample t-Test with equal variance, * = 0.05 ≤ p > 0.01,
** = 0.01 ≤ p > 0.001, *** = p ≤ 0.001.
The detection of chl f, chl d, and chl a at 706 nm (Figure 6) was investigated under LEDWL
supplemented with FRL. An increase in chl a, chl d, and chl f was observed for the cultures grown
under supplemented far-red light (WLFRL). Chlorophyll f reached its maximum concentration on day
13, after which it gradually reduced to its lowest content at day 19. The same result was observed for
chl d, with accumulation at day 13; however, the concentration was 5 times less than chl f. Chlorophyll a
consistently increased during the cultivation period and by day 19 reached its maximum concentration
(Figure 6).
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Figure 6. Chlorophyll content (chl d, chl f, and chl a, detected at 706 nm) of C. fritschii exposed to LED
white light supplemented with far-red light conditions (WLFRL) at day 1, 6, 13, 15, and 19.
2.3. Phycocyanin Concentration During LEDWL and WLFRL Conditions
Cultures grown under LEDWL had high initial concentrations of phycocyanin followed by a
reduction of the concentration until day 15. After this, a slight increase in the concentration was
observed up to the final day of cultivation (day 20, Figure 7).
 
Figure 7. Phycocyanin concentration (μg mL−1) of C. fritschii under LEDWL and WLFRL conditions.
The growth conditions under WLFRL had a positive influence on the accumulation of phycocyanin.
The concentration increased two-fold in two weeks of cultivation. Maximum concentrations were
observed at day 15 and a slight decrease followed until day 20. The maximum concentration observed
under the LEDWL and WLFRL was similar at ~9.7–9.7 μg mL−1. At day 13, both cultures, grown on two
light conditions (LEDWL and WLFRL), revealed similar concentrations of phycocyanin, thus showing
13 days as an optimum time for the adaptation under both light regimes (Figure 7).
2.4. Biochemical Composition during LEDWL and WLFRL Conditions
Finally, the protein, carbohydrate, and lipid composition of cultures grown under two light
conditions (LEDWL and WLFRL) were evaluated (Figure 8). The biomass grown under both light
conditions contained 21–25% carbohydrates, 15–22% proteins, and 2–4% lipids. Statistical results
(supplementary materials Table S1) showed that the light, time, and combination of both variables
(light and time) did not show any significant differences.
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Figure 8. Biochemistry composition (%) of C. fritschii grown under LEDWL and WLFRL conditions.
3. Discussion
The discovery of chl d and chl f in terrestrial cyanobacteria demonstrated that the wavelength
range of cyanobacterial photosynthesis could be extend into the far-red region (λ= 700 to ~800nm) [7,12].
This specific adaptation helps cyanobacteria utilise FRL for growth and photosynthesis [20,21]. It is clear
that under FRL, cyanobacteria tend to change their metabolism and perform effective growth and active
photosynthesis via metabolomics changes with the development of chl f and d as accessory pigments
in antennae systems. These pigments absorb energy and transfer it to the photosynthetic reactor
center (RC). Usually these pigments are not involved in the photosynthetic electron transport chain.
Additionally, chl d as well as chl a can function in the photosynthetic RC [22]. Such a transformation in
cyanobacterial metabolism increases the possibilities for absorbing light in longer shifted wavelengths,
which is important in cyanobacterial survival. There are many studies on these unique chls, however
their full function and role in cyanobacterial metabolism is still not clear, specifically how the growth
and productivity will be affected for the mass cultivation of this species for biotechnological purposes.
In our research study, we can confirm that the changes in C. fritschii pigment composition
(xanthophylls, chlorophylls, and phycocyanin) under FRL combined with LEDWL improved growth
and twice increased the biomass productivity in comparison of LEDWL. This FaRLiP process triggered
antennal transfer of energy to the photosynthetic RC, confirmed by an increase in chl f and d
concentrations [4,22]. The combination of lights (WLFRL) changed the carotenoids’ profile. Under
WLFRL, we observed an increased concentration of myxo, nosto, calo, and echin (Table 2). In comparison
with mono light adaptation (LEDWL only compared to FRL only), this effect was not seen. An extensive
study of carotenoid changes in cyanobacteria by Zakar et al., 2016 [23], confirmed that these pigments
are responsible for the light harvesting and photoprotective capacities, showing their essential roles in
photosynthetic metabolism [24,25]. The photoprotective mechanism can also occur by cyanobacterial
carotenoid-proteins. One of these protein complexes is the orange carotenoid protein (OCP), discovered
by David Krogmann [23,26]. The carotenoid composition of OCP is presented by 60% echin, 30%
keto-carotenoid 3′hydroechninone, and 10% zeax [27]. The increase in echin and zeax under LEDWL
and FRL in our study confirmed the activation of this protein and prevented cellular damage from
excessive light. This effect has additionally been confirmed by non-photochemical quenching of the
carotenoid-binding protein [28].
The combination of both lights activated different acclimation mechanisms and effective light
assimilation for productive photosynthetic efficiency. Two main processes are involved in light
adaptation, these are light energy harvest and light energy transfer [6]. In our case, by using both
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lights, it increased the effectiveness of both light adaptive mechanisms. The light energy harvest was
demonstrated by appearance of chl f, chl d, an increased concentration of carotenoids, and phycocyanin.
The light energy transfer was proved by an increased concentration of carotenoids of OCP under WLFRL
in comparison with LEDWL conditions. Furthermore, the chl d was involved in both processes [29].
This dual mechanism of chl d functioning was confirmed by a recent study of transcriptional profiling of
C. fritschii in FRL for chl d synthesis regulation [22]. In summary, we supposed that LEDWL maintained
stable growth and that FRL activated the synthesis of chl d and chl f and restructured the functioning
of PSI and PSII [11]. The combination of both lights increased growth, productivity, and oxygenic
metabolism within C. fritschii.
Mass cultivation of C. fritschii is very relevant for applications in biotechnology [30]. The biology
of this species has great potential for scale-up and mass cultivation in different latitudes around the
world. This thermophilic cyanobacterium has several advantages in terms of large-scale growth.
It requires high temperatures, which gives real advantages over other species for mass cultivation.
In our study we grew this species under 25 ◦C, however successful growth in mass scale was shown in
Balasundaram et al., 2012, and it can grow at up to 50 ◦C [31]. The mass cultivation set-up (PBR and
raceways) could be placed in desert conditions. It has been confirmed that this species could grow on
elevated CO2 concentrations up to 5% of CO2 [31,32]. It can therefore be co-located with industries
emitting flue gas, e.g., power plant stations [31]. Additionally, this species could be cultivated in
African and South East Asian weather conditions, as the biomass contains many valuable compounds
for food, feed additivities, and as a whole food and can be used to combat malnutrition [33,34].
The application of this species as a feed for tilapia has been studied, showing that this species has
potential in aquaculture [35].
Several advantages of the mass cultivation of this species are related to the aspect of easy
downstream processing. This species is auto flocculating and does not require expensive equipment of
membrane filtration and/or centrifugation to obtain the algal biomass paste for future processing and
preservation [15,16]. This is another aspect of the development of successful mass cultivation of this
species in different locations around the world, making this species a model for worldwide application.
The use of mass cultivation of C. fritschii in bioeconomy is an important target of algal biotechnology.
The understanding of their cell physiology and specific light adaptation will help to improve
the biomass and specific compounds production. The main bioactive compounds of C. fritschii
are presented in Table S2. The principle groups are mycosporine-like amino-acids (MAAs) and
pigments. Chlorogloeopsis produces chlorophylls, carotenoids, and phycobiliproteins, which contain
different colours and can be used as biodegradable dyes [15,36]. Furthermore, bioproducts such as
biodegradables and biocompatible plastic could be produced by Chlorogloeopsis. Nowadays, these are
very important biomolecules, with the potential to be used as a substitute for single use plastic. The
reason for this is that petrochemical and non-biodegradable contamination presents a major problem
worldwide [37].
Many other applications of Chlorogloeopsis and cyanobacteria could be developed. This algal group
can produce antimicrobial, antiviral, anticancer, and antiprotozoal compounds for pharmaceutical
applications and can be used as a food, feed, and in other value-added products [38]. Further research
and product development activities need to be established. In our research, we confirmed that the
production of the main group of pigments (chlorophylls, carotenes, xanthophylls, and phycocyanin)
could be of potential commercial interest.
4. Conclusions
A combination of LEDWL and FRL showed higher productivity of C. fritschii, with an increased
concentration of myxo, nosto, calo, and echin. These combined light conditions triggered light
harvesting and light energy transfer together with the induction of chls d and f, giving increased
growth, photosynthetic effectiveness, and double the productivity of C. fritschii cultures. However,
the overall protein, lipid, and carbohydrate composition did not significantly change under WLFRL.
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Our results suggested that the overall production of this biotechnologically promising species can be
increased by cultivation using additional far-red light.
5. Materials and Methods
5.1. Experimental Design
For the first experiment, three flasks with a total volume of 800 mL each were placed under FRL
and LEDWL conditions. The initial cell concentration was 0.5 × 106 cell mL−1 (or 750 nm measurements
~0.05).
On day 9, at an OD750 of 0.3–0.4, the flasks under FRL were harvested. The cultures grown under
LEDWL conditions were sampled in triplicate for growth and pigment analysis and then transferred to
FRL (far red light) conditions for a further 6 days. After 24 h of exposure to FRL, the cultures were
sampled again in triplicate for pigments and growth analysis.
For the second experiment, three flasks with a total volume of 800 mL of C. fritschii culture were
placed under LEDWL and FRL combined with LEDWL. The initial cell concentration was 2 × 106 cell
mL−1 (or 750 nm measurements ~0.2). The duration of the experiment was 20 days.
Every 24 h, the growth parameters, such as cell concentration, biovolume, and OD (optical density)
was measured and a collection of the algal biomass (harvested from 15 mL of culture) was made for
pigment analysis by HPLC, spectrophotometer, and for biochemical analysis by FTIR.
5.2. Source Organism and Cultivation Conditions
Chlorogloeopsis fritschii was purchased from Pastor Culture Collection (PCC 6912; Paris, France).
The master axenic culture was maintained in a temperature and white fluorescent light-controlled
room (T = 28 ◦C) with 16:8 h light: dark cycle.
5.3. Growth Estimation
Every 24 h cell concentration and biovolume by Coulter counter (Multisizer 4, Beckman, USA)
measurement was performed to quantify culture growth. Further details are described in Reference [39].
The OD (750 nm) measurements were analysed by UNICAM UV 300 spectrophotometer.
During sampling days, a minimum of 50 mL of culture was taken from each tube and centrifuged
(Beckman Coulter Centrifuge, Avanti J-20XP) for 20 min at 8000 rpm. The biomass was washed twice
with deionized (DI) water, centrifuged for 20 min at 8000 rpm, then collected and freeze dried (ScanVac
Cool Safe, LaboGene, Lynge, Denmark) for 24 h prior to further analysis.
The specific growth rate (μ) was determined for all LED light treatments using Equation (1),
where N0 and N1 are the cell concentrations (cells mL−1) at times t0 and t1, as follows:
μ = lnN1 − lnN0/t1 − t0. (1)
5.4. Dry Weight and Biomass Productivity
Dry weight was measured according to Reference [39]. A known volume of algae was pelleted
and washed with deionized (DI) water (three times using 25 mL of DI water each time) prior to being
filtered onto pre-weighed and dried filters (Whatman GF/F 47 mm Ø). The filters with algal biomass
were then dried and re-weighed until constant weight was reached. Dry weight (g L−1) was then
calculated by subtraction of the final filter weight and the pre-filtered weight.
Biomass productivity was calculated as the difference in terms of DW between the sample day
and the previous day. The results are expressed in g L−1 d−1.
5.5. Pigments Extraction and Measurements
A known mass of frozen cell paste was transferred to an extraction tube containing 1 mL
HPLC grade acetone and 0.2 mg zirconium (0.1 mm diameter) beads. The sample was then lysed
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in Precellys®24, a high-throughput tissue homogenizer, at 6500 rpm 2 × 30 s with a pause of 5 s.
The sample was centrifuged (5 min at 20,000× g, Microcentrifuge) and the removed supernatant was
used for pigment analysis on HPLC (Agilent HP 1200).
5.6. HPLC
The pigment extract was analysed using a high performance liquid chromatography (HPLC)
method described previously (Method C in Airs et al., 2001 [40]). Pigment extracts were injected
(100 μL) onto the HPLC column (2 Waters Spherisorb ODS2 cartridges coupled, each 150 × 4.6 mm,
particle size 3 μm, protected with a precolumn containing the same phase). Elution was carried out
using a mobile phase comprising methanol, acetonitrile, ammonium acetate (0.01 M), and ethyl acetate
(Method C in Airs et al. 2001) at a flow rate of 0.7 mL min−1. The photodiode array PDA detector was
set to monitor wavelengths at 406, 440, 660, 696, and 706 nm. Carotenoids and chl-a were quantified
against standards (Sigma) and, for chls d and f, peak areas were used [7,9].
5.7. Phycocyanin Extraction and Determination
Phycocyanin (PC) was extracted using a modified version [41] of the method developed by
Reference [42]. The freeze-dried biomass of each sample was weighed to a known weight on a
semi-micro and analytical balance (MSE 124S-100-DU, Sartorius balance, Germany). The sample
weight was noted to the nearest 0.1 mg and all PC extractions were conducted in triplicate. The samples
were transferred into 15 mL falcon tubes and subjected to a minimum of five freeze-thaw cycles;
the samples were immersed in 5 mL of 0.1 mol L−1 phosphate buffer (pH = 6) and stored at −20 ◦C
until frozen (∼2 h), they were then thawed and subjected to 10 min sonication on ice [43]. The samples
were then vortexed for 5 min and then placed back into −20 ◦C, and the process repeated. After the
final freeze-thaw cycle, the cell debris was removed via centrifugation at 8000 rpm for 5 min. The
supernatant was recovered and used for PC measurements. Absorbance of the extracts was measured
at 592, 618, and 645 nm using a UNICAM UV 300 spectrophotometer. The concentration of the PC was
determined using the equations in Reference [44], where OD is the optical density of the pigment at
the particular wavelength.
PC (mg mL−1) = [(OD618 nm − OD645 nm) − (OD592 nm − OD645 nm) × 0.15] × 0.15 (2)
5.8. Proteins, Lipids, and Carbohydrate Analysis Using Fourier Transformed Infra-Red (FTIR)
FTIR attenuated total reflectance (ATR) spectra were collected using a PerkinElmer Model
Spectrum Two instrument equipped with a diamond crystal ATR reflectance cell with a DTGS detector
scanning over the wavenumber range of 4000–450 cm−1 at a resolution of 4 cm−1 as described by
References [45,46]. Briefly, ethanol (70%) was used to clean the diamond ATR before the first use and
between samples. Approximately 3–5 mg of finely powdered freeze-dried C. fritschii biomass was
applied to the surface of the crystal and then pressed onto the crystal head. A duplicate (each consisting
of an average of 12 scans) of each bioreactor sample was conducted for each light type; therefore, results
of 6 ATR spectra were gained and the results were averaged. Background correction scans of ambient
air were made prior to each sample scan. Scans were recorded using the spectroscopic software
Spectrum (version 10., PerkinElmer, Germany). The contents of lipids, proteins, and carbohydrates in
the biomass samples were determined using FTIR, which had previously been calibrated using mix
of monosugars (rhamnose, xylose, glucuronic acid, and glucose) for carbohydrates, palmitic acid for
lipids, and BSA for proteins at different concentrations. The carrier powder for the FTIR calibration
was potassium bromide (KBr) [41].
5.9. Statistical Analysis
Statistical analyses were carried out using the R project software on the OD, pigments concentration,
lipids, carbohydrates, and protein content data. Data normality was tested using a Shapiro test.
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Non-normal data significance was assessed using GLMs (generalised linear models) furthered by
an analysis of variance (ANOVA) on a data set not following a normal distribution. Crossed factor
ANOVAS were carried out on normally distributed data. Both statistical methods tested the impact
of experimental duration, pigments and intracellular lipids, carbohydrates, and protein content.
When statistical significance was found, post hoc Tukey tests were implemented.
All the experiments were performed in triplicate. The standard deviation and means were
analysed for significance using the biostatistics software Excel through one-way ANOVA. The Duncan
multiple range test was used to compare the significance of difference among tested algae at p values
of < 0.05. Results are reported as ± SD or error bars.
Supplementary Materials: The following are available online at http://www.mdpi.com/2218-1989/9/8/170/s1,
Table S1: Statistical analysis of composition of C. fritschii culture, Table S2: Bioactive compounds produced by
Chlorogloeopsis sp.
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